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Abstract 
A study of selected xylanolytic and chitinolytic enzymes from Rasamsonia 
emersonii, and their potential application in the valorisation of mushroom-
production waste streams. 
Author: Kelly Dwyer 
The Irish mushroom production industry continues to grow rapidly. The two main 
waste streams from this are spent mushroom substrate (SMS) and mushroom stalks. 
This study focuses on identifying and recombinantly-producing novel thermostable 
glycosyl hydrolase enzymes with potential application in the valorisation of these 
waste streams. Two GH10 xylanases and three GH18 chitinases were expressed in P. 
pastoris. One xylanase (Xyn1) comprises of only a GH10 catalytic domain, the other 
(Xyn12) contains a GH10 catalytic domain and a CBM1 domain at the C’ terminus. 
The chitinases comprise of a GH18 catalytic domain only (Chit1), a GH18 catalytic 
domain and a ChitBM domain (Chit 2), and a GH18 catalytic domain and a substrate 
insertion domain (Chit3). The enzymes originate from the genome of the 
thermophilic filamentous fungus R. emersonii, which is known to produce 
thermostable commercially interesting enzymes.  
The xylanases display low pH (4-4.5) and high temperature (70-80°C) optima. They 
are thermostable, with over 50% relative activity remaining after 48h incubation at 
65°C. To further understand the role of the CBM1, both enzymes underwent protein 
engineering whereby the CBM1 and linker region were removed from Xyn12, and 
added to the C’terminus of Xyn1. This affected the stability of the enzymes; the 
removal saw a drop in relative activity from 84% to 46% and the addition increased 
the thermostability from 65% to over 90% after 48h incubation at 65°C.  
All chitinases displayed endo-chitinase and chitobiase activity. Chit3 also displayed 
some N-acetyl-glucosamidase activity, likely due to the substrate insertion domain 
causing catalytic-cleft deepening. The chitinases displayed temperature optima of 50 
– 55 °C, and low pH optima (pH 4.5 or lower). In particular, Chit3 indicated a pH 
optimum of pH 2.8. As far as we are aware, this is the lowest pH optima of a fungal 
chitinase to date. Chit2 displayed the highest chitin-degrading ability at 3456 
µmol/mg/mL on 4-NP -triacetylchitotriose, with Chit1 displaying 403 µmol/mg/mL, 
and Chit3 displaying 268 µmol/mg/mL (on 4-NP-chitobioside). The chitinases 
displayed thermostability; Chit1 was markedly thermostable with over 70% relative 
activity remaining after 48h incubation at 50 °C. Chit2 displayed the lowest 
thermostability with 14 % remaining after 48h incubation at 50 °C. 
During preliminary industrial testing, Xyn1 yielded a notable reduction in viscosity 
of WE-SAX of 79.3% in 15 mins in comparison to controls. Xyn1 produced short-
chain xylooligosaccharides from the same substrate. Chit1 and Chit3 displayed 
efficacy in hydrolysing shrimp and fungal chitin. These features, coupled with the 
thermostability of the enzymes, indicate suitability of Xyn1 for application in wheat-
starch processing and animal feed, and suitability of the chitinases in valorisation of 
waste streams of industrial shrimp and mushroom production, and in the healthcare 
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Chapter 1: Introduction 
1.1. Monaghan Mushrooms and MBio 
Monaghan Mushrooms and MBio collectively are the industrial employment 
partners and co-sponsors of this study.  
Monaghan Mushrooms is a vertically integrated agribusiness, meaning that the 
company is involved in all aspects of the mushroom-growing process. Monaghan 
Mushrooms produces its own compost, grows, harvests, packs and delivers its 
mushrooms directly to its customers. The company was founded in the early 1980’s 
by Ronnie Wilson, who was a school teacher at the time. Over the last thirty years, 
the company has grown to become one of the largest mushroom producers in the 
world, supplying five out of the world's top 10 grocery retailers. The company 
employs over 3500 staff in Ireland, the UK, Europe and Canada, with over 41 
nationalities represented and over 35 languages spoken. It has 29 sites worldwide, 
and sells 1800 tonnes of mushrooms every week. Monaghan Mushrooms also owns 
composting sites across Europe, Ireland, the UK and Canada. As well as making 
substrate their own farms, Monaghan Mushrooms also make substrate for other 
mushroom growers. 
MBio, formerly Monaghan Biosciences, is a daughter company of Monaghan 
Mushroom. Launched in 2012, MBio now has a team of 60 including 16 personnel 
with PhDs who carry out the research and development for Monaghan Mushrooms 
and other clients.  Originally, Monaghan Biosciences focused on the development of 
new enzymes sourced from thermophilic fungi for industrial application. In 2018, 
Monaghan Biosciences absorbed the R&D department of Monaghan Mushrooms and 
re-branded to MBio. MBio’s areas of research focus include compost treatment prior 
to mushroom-growth in order to improve mushroom yields, development of new 
innovative mushroom products such as the recently-launched vitamin D and vitamin 
B enhanced mushrooms, as well as the development of new enzymes. One of the 
main focuses of the enzyme team is the development of enzymes with application in 
creating value-added products from the waste streams of the mushroom growing 
process. The waste streams are further discussed later. 
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1.2. Mushroom Growing Process 
Agaricus bisporus, often called the common button mushroom, is a basidiomycete 
native to the grass-lands of Europe and North America. Wild strains of A. bisporus 
produce light brown fruiting bodies, although currently commercial cultivation uses 
inoculums derived from a white strain that was isolated from a farm facility in 1926 
(Genders, 1982). Commercial cultivation using pure inoculums of A. bisporus 
mycelia was first established by the Pasteur Institute in 1894 and was used for 
inoculation of partially fermented horse manure–based substrates. Globally, A. 
bisporus has now become one of the most widely cultivated mushroom species 
(McGee et al., 2017). The global mushroom market was valued at $39 billion in 
2015; and at a CAGR of 7% from 2015. It is projected to reach $58 billion by 2020 
(Global Trends & Forecast, 2019). The Irish mushroom industry is worth about €120 
million a year and equates to 7 % of the total EU mushroom harvest (Murtagh, P. 
2019). 
 
Figure 1.1 Agaricus bisporus, i.e. the white mushroom, produced in Monaghan Mushrooms. 
These come in a variety of sizes from small button to large flat mushrooms. These are 
creamy white in colour with a mild, earthy flavour. Source: Monaghan Mushrooms 2019. 
There are many processes involved before mushrooms arrive on supermarket 
shelves. The first involves creating the compost, i.e. mushroom substrate. Mushroom 
compost undergoes three distinct phases during its production and preparation prior 
to being used for harvesting of the mushroom crop. Mushroom substrate will vary 
according to the environment it is produced in (“Monaghan Mushrooms,” 2019b).  
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Phase 1 consists of a short composting process, which mineralizes organic matter 
producing a stable substrate (Straatsma et al., 1994). In Monaghan Mushrooms, the 
raw materials for compost are sourced locally. Bales of straw are mixed with poultry 
manure, horse manure, water and gypsum. When mixed, the material is filled into 
large aerated concrete vessels, called bunkers. During this phase the substrate 
reaches temperatures of 80 °C. After 11 – 13 days the material is removed from the 
bunkers and filled into closed tunnels for phase 2, where it under goes a series of 
monitored temperature changes- the most important of which is pasteurisation.  
 
Figure 1.2 A bale of straw ready to be mixed with poultry manure, horse manure, water and 
gypsum, to eventually form the mushroom compost. Source: Monaghan Mushrooms 2019. 
The pasteurization stage temporarily suppresses the active microbial community in 
the compost, thus giving the A. bisporus spawn (applied in phase 3) a competitive 
advantage in colonizing the compost. Pasteurisation and conditioning of the substrate 
takes approximately 6 days. The climate-controlled tunnel heats the substrate to 58 
°C for pasteurisation and then conditions it at 48 °C. Once this process is complete, 
the substrate is cooled and removed from the tunnels. In phase 3, mushroom spawn 
is added, and the substrate is then re-filled into new tunnels. Spawn is usually made 
with rye or millet grain that has been sterilized and inoculated with mushroom tissue 
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(mycelium). This process takes 15-17 days, and during this time mycelium grows 
throughout the substrate. After the 15-17 day incubation period, the substrate is 
loaded into specially-designed lorries for transport to the growing houses.  
As the mushroom substrate is filled into the growing rooms a layer of peat is applied 
to the surface of the material. The layer is called the casing layer and is essential for 
the formation of the mushrooms. Over a 3-4 day period, the mushroom tissue grows 
throughout the substrate and up through the casing layer. The climate within the 
growing rooms is controlled as such so that it promotes the formation of mushrooms. 
As a result, mushroom heads (pins) begin to appear. During the next two weeks the 
levels of moisture, temperature, humidity, carbon dioxide and air movement are 
carefully monitored. The pins eventually grow into mushrooms. The mushrooms are 
then ready for harvest (Monaghan Mushrooms, 2019a). 
 
Figure 1.3 Agaricus bisporus mushrooms ready to be picked at first flush. Source: 
Monaghan Mushrooms 2019. 
Within Monaghan Mushrooms, all mushrooms are handpicked using a unique one-
touch picking technique to prevent mushroom bruising. Pickers use their weaker 
hand to pick the mushroom at the base of the stalk, the mushroom is overturned in 
the picker’s hand, and the part of the stalk which was pinched in order to pick is cut 
off and sent to waste. Mushrooms are placed directly into punnets and quickly 
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cooled to maintain freshness. Mushrooms are picked to a certain specification (i.e. 
baby mushroom, close-cup mushroom, open-cup mushroom) and then graded to 
meet the standards of customers. The mushrooms are then transported in refrigerated 
trucks to packing facilities. Mushrooms from a single bed of compost are harvested 
in 3 rounds termed “flushes”. Once the final flush is complete, the house is steamed 
at 60 °C for 6 hours which kills known pathogens. After which time, the grow house 
is emptied and cleaned via power-hosing. 
1.3. Aim of study: enzymes with application in the 
valorisation of the waste stream of industrial mushroom 
growing, as well as other commercial applications 
This study focuses on identifying and characterizing novel enzymes of interest to the 
Monaghan company group, either for application within the company’s own 
bioprocessing activities such as valorisation of the waste streams of mushroom-
production, and/or for application in wider bioprocessing industry activities such as 
baking, brewing or distilling. The enzymes are sourced through different methods 
but typically they originate from the genomes of the MBioBank; a unique culture 
collection of bacteria and fungi isolated from the compost from the mushroom farm. 
The first waste stream of importance within this study is the spent mushroom 
substrate (SMS). Currently this waste is “re-used” as a soil conditioner, essentially 
spreading these onto fields as a fertiliser. Spent mushroom substrate is the soil-like 
material and mushroom mycelium remaining after the third flush of mushroom-
harvest. In 2016, 2017 and 2018 Monaghan Mushrooms generated 136, 135, and 131 
thousand tonnes of SMS, respectively, across the UK and Irish sites. The cost of 
disposal of the SMS is approximately €300,000 per year (€302,266 in 2018). It is 
unclear exactly how much SMS waste is produced by the Irish mushroom industry, 
but it is enough to support the growth of over 80,000 tonnes of mushrooms per year. 
Though Monaghan Mushrooms has been able to reduce its SMS production through 
increasing yields of mushroom per square meter of compost, the mushroom industry 
is steadily growing thus the volume of SMS generated annually will eventually 
increase. In recent years, the mushroom industry has faced challenges in storing and 
disposing the SMS.  
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SMS is mainly comprised of lignocellulose. This study focuses on the hemicellulose 
fraction of lignocellulose, which represent about 20–35% of lignocellulosic biomass, 
and in particular; xylans which represent the single most abundant hemicellulose 
(Limayem and Ricke, 2012). Hence, two xylanases were chosen as a focus of this 
study. Xylanases also have commercial application in food for human consumption, 
namely the wheat starch processing, brewing, distilling and baking, animal nutrition 
and biobleaching of pulp in the paper industry (Walsh, 2002; Winger et al., 2014). 
The lignocellulosic structure, xylanase enzymes and xylanase application are further 
described in chapter 2.  
The second waste stream is the mushroom stalks and ill shaped mushrooms which 
fall short of the market quality standard. Currently, rejected stalks and mushrooms 
are stored in large containers, until spread on land. 
 
Figure 1.4 The current (2019) management practices for the production of cut mushrooms 
whereby the mushroom is packaged and distributed to the fresh retail market and the stalks 
are stored in large containers, until spread on land. Source: Warby, J. 2019. 
In recent years the mushroom industry has seen increased growth driven by trends in 
consumer awareness of health and wellness. The European mushroom market was 
valued at $29.5 billion in 2013; and at a compound annual growth rate of 9.5% from 
2014, it is projected to reach $50 billion by 2019 (Global Trends & Forecast, 2019). 
In Monaghan Mushrooms, the 1800 tonnes of mushrooms (primarily A. bisporus) 
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sold each week currently translates to some 25.9 tonnes of non-utilized mushroom 
waste produced annually in the form of stalks and ill-shaped mushrooms. 
Mushrooms are primarily made up of water with approximately 92% of their weight 
accounting for this. The major constituents of the solid fraction are chitin, glucans, 
and glycoproteins (Cherno et al., 2013). The 29.5 thousand tonnes of solid 
mushroom waste generated by Monaghan Mushrooms in 2018, ultimately translates 
to approximately 300 tonnes of chitin from mushroom waste generated each year. 
Thus, the dietary fibre in mushroom waste is a potential source of lucrative structures 
of chitin and chitosan, particularly because fungal chitin is in-line with rising 
customer trends in veganism and halal-suitable products. This study focuses on three 
chitinases and their potential application in valorising the waste mushroom stalk 
stream from mushroom production. Chitinases also have commercial application in 
biomedical and pharmaceutical applications, antimicrobials, water and wastewater 
treatment, textiles, food and beverage, edible food packaging films, cosmetics and 
agrochemicals. The chitin structure, fungal cell wall structure, chitinase enzymes and 
chitinase application are further described in chapter 3. 
1.4. Enzymes in Biotechnology 
“Any technological application that uses biological systems, living organisms or 
derivatives thereof, to make or modify products or processes for specific use’ is the 
official definition of biotechnology (SCBD, 2019). Hybridoma technology and 
genetic engineering were developed in the mid1970. The integration of these with 
traditional industrial microbiology i.e. production of fermented materials and 
purification of native products and intermediated metabolites, caused the industrial 
biotechnology sector to gain significant interest (Demain, 2000, Witt, M.K, 2014). 
The development of recombinant DNA technology greatly impacted on the enzyme 
and agricultural industry as well as medicine with the production of products in the 
fields of detergents, healthcare, leather, diagnostics, textiles, food, nutrition, paper, 
pulp, polymer and plastics (Demain and Vaishnav, 2009). These products mainly 
consist of primary metabolites from microbes for example amino acids and proteins, 
nucleic acids, vitamins, organic acids, alcohols and polysaccharides as well as 
secondary metabolites, such as  enzyme inhibitors, immunosuppressants, anticancer 
agents, bioherbicides and bioinsecticides (Demain, 2000). The largest sector within 
biotechnology is the recombinant production of proteins for commercial application. 
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These can be organised into three categories: bulk industrial proteins (mainly 
enzymes), proteins for therapeutic purposes and analytical/diagnostic proteins 
(Walsh, G. 2002).  
The Global Enzymes Market was valued at $7,082 million in 2017, and is projected 
to reach $10,519 million in 2024 at a CAGR of 5.7% from 2018 to 2024 (Allied 
Market Research, 2019). These enzymes have applications in detergents, pulp and 
paper, textiles, leather, agriculture and feeds, chemicals and food industries (Soetaert 
and Vandamme, 2017). Proteases account for most of the enzymes used 
commercially occupying approximately 57% of market shares. Other commercial 
enzymes include cellulase, amylase, glucoamylase, xylose isomerise, lactase, lipase, 
pullunase and xylanase. Industrial enzymes are produced in large quantities in the 
magnitude of several thousand tons annually (Demain and Vaishnav, 2009). A small 
number of enzymes are produced in either animal or plant-based production systems. 
The majority of enzymes, though, are produced by microorganisms, as genetic 
engineering allows for large quantities of these proteins to be produced via methods 
which are generally simpler and more-economically favourable. Therefore, most of 
the enzymes are produced by GRAS (generally regarded as safe)-status 
microorganisms through submerged or solid-state fermentation. Industrial enzymes 
are only partially purified at best and sold as concentrated liquids or granulated dry 
products (Witt, M.K., 2014).  
Enzymes are catalysts that accelerate the rate of chemical reactions without 
permanent alteration to themselves. Most enzymes are proteins or conjugated 
proteins, although some catalytically active RNAs have been identified. These 
enzymes are essential to the information and energy-management requirements of a 
cell. In terms biotechnology, enzymes are often preferred in comparison with 
classical catalysts of chemical reactions. This is because they are capable of yielding 
the same or higher reaction rates under milder reaction conditions, such as 
temperature, pressure, and pH (Gurung et al., 2013). Additionally, they display 
greater reaction specificity in terms of reactants and products, they typically do not 
catalyse unwanted side reactions, and they are easily regulated either by reaction rate 
control, by catalyst concentration, or by specific small molecules (DeLuca and York, 
L, 2001).  
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The mechanism of action of enzymes depends on the ability of enzymes to accelerate 
the reaction rate by decreasing the activation energy. During the course of the 
reaction, the enzyme (E) binds to the substrate/s (S) and forms a transient enzyme–
substrate complex (ES). At the end of the reaction, the product/s are formed, the 
enzyme remains unchanged. It can bind another substrate and can be reused many 
times. Active site or catalytic site is the specific place in the enzyme where the 
substrate binds. The structural complementarity between E and S allows an exact 
reciprocal fit. The enzyme adapts to the substrate via a conformational change 
known as induced fit. The presence in the active site of amino acids that bind 
functional groups in the substrate ensures adequate location of the substrate and 
formation of the transition intermediary, which will be subjected to catalysis (Blanco 
and Blanco, 2017). 
Enzymes are commonly named for the substrate or chemical group on which they 
act, and the name takes the suffix “-ase.” Thus, the enzyme that hydrolyses xylan is 
named xylanase, chitin; chitinase, and so on. Exceptions to this terminology are also 
common, e.g., trypsin, pepsin, and papain, which are trivial names. The Enzyme 
Commission of the International Union of Biochemistry (IUB) has developed 
nomenclature for enzymes. Enzymes are classified into six categories according to 
the type of reaction catalysed: Oxidoreductases, transferases, hydrolases, lyases, 
ligases, and isomerases. This study focuses on hydrolyses, specifically glycoside 
hydrolases (Blanco and Blanco, 2017).  
1.5. Carbohydrate Active Enzymes 
The Carbohydrate-Active Enzymes database (CAZy) provides a continuously 
updated list of the glycoside hydrolase families. Glycoside hydrolases are a 
widespread group of enzymes which are active against carbohydrates.  The glycoside 
hydrolase families are given numbers and the current numbers range from GH1 – 
GH165 (though some are deleted families). Arguably the most beneficial attribute of 
the CAZy classification system is that, due to the fact that enzymes grouped in the 
same family share structural and mechanistic similarities, it would allow for 
generalizations to be inferred on uncharacterized members. More particularly, CAZy 
family membership allows predicting the stereochemistry of the bond that the 
enzyme catalyses the hydrolytic cleavage of and the stereochemistry of the product 
Page 10 
(before mutarotation occurs). With practically no exception, the mechanism used 
(i.e. retaining or inverting the anomeric carbon configuration) is conserved within a 
GH family (GH families discussed ) (Cantarel et al., 2009; Lombard et al., 2014; van 
Wyk et al., 2017).  
Cellulose deconstruction can be achieved by three distinct enzymatic paradigms: free 
enzymes, multifunctional enzymes, and self-assembled, multienzyme complexes 
(cellulosomes, a multi-enzyme complex comprising a scaffoldin subunit that 
integrates dockerin containing enzymes into the complex) (Kahn et al., 2019)  
Each enzyme contains at least one catalytic module, which catalyses the actual 
hydrolysis of the glycosidic bond and provides the basis for classification of the 
simple enzymes. Other accessory or "helper" domains assist or modify the primary 
hydrolytic action of the enzyme, thus modulating the overall properties of the 
enzyme (Bayer et al., 2013). Some of the different themes illustrating the modular 
compositions of the cellulases and related enzymes include: 
 The most common types of “free” (non-cellulosomal) cellulases consist of a 
catalytic module which can be flanked by a carbohydrate binding module 
(CBM) at its N- or C-terminal. A CBM is a non-catalytic domain which plays 
a role in locating the substrate and bringing it into proximately of the 
catalytic domain (Walker et al., 2015) (further described in section 2.1.4).  
 Cellulosomal enzymes are characterized by a dockerin module attached to the 
catalytic domain. A dockerin module binds to the scaffoldin to assist 
formation of the cellulosome complex (Peer et al., 2009).  
 Many cellulases contain "X modules", i.e., modules whose function is 
currently unknown or undefined. 
 Some enzymes have more than one CBM. Often, the role of one CBM is to 
target the catalytic domain to the surface of the insoluble substrate, and the 
role of the other CBM is to act simultaneously with the catalytic module by 
transiently binding to a single cellulose or hemicellulose chain. 
 Some cellulosomal cellulases contain both a CBM and a dockerin in the same 
polypeptide chain. 
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 Some cellulases have more than one type of catalytic module in the same 
polypeptide chain; these can also contain one or more CBMs and/or a 
dockerin. 
The biggest difference between free enzymes and cellulosomal enzymes is that the 
free enzymes usually contain a CBM for guiding the catalytic domain to the 
substrate, whereas the cellulosomal enzymes carry a dockerin domain that 
incorporates the enzyme into the cellulosome complex. Otherwise, both the free and 
cellulosomal enzymes contain very similar types of catalytic domains (Bayer, E. 
2016; Moraïs et al., 2016).  
1.6. Glycoside Hydrolases 
The term glycoside hydrolases refers to a collection of enzymes that can hydrolyse 
the glycosidic bond between two or more carbohydrates or between a carbohydrate 
and a non-carbohydrate moiety (“CAZy - GH.org,” 2019). Glycoside hydrolases are 
assigned the Enzyme Commission number of EC 3.2.1.- to describe their activity. 
The last digit varies depending on the structure of the substrate and product (NC-
IUBMB, 2019). All glycosyltransferases (GT) and GH enzymes are categorized by 
the CAZy (Carbohydrate Active enZyme) database (CAZyDB) (Cantarel et al., 
2009), which provides a general classification scheme for all carbohydrate active 
enzymes (CAZymes) and is widely accepted by the carbohydrate research 
community. 
Carbohydrate structures display wide variation stereochemically. So much so, that 
there can be over 10
12
 possible isomers for how a reducing hexasaccharide may be 
assembled (Davies and Henrissat, 1995). The variation in carbohydrate structure 
allows for different polysaccharide and oligosaccharides to be used by organism for 
a plethora of biological functions, from structural and storage to highly specific 
signalling roles, and so on (Prestegard et al., 2015). Therefore, it is important for 
living organisms to be capable of hydrolysing specific glycosylic bonds. Thus, 
glycoside hydrolases display huge variation in activity, specific activity and activity 
patterns, allowing for carbohydrate usage in various roles in living organisms i.e. 
energy uptake, growth, cell wall expansion and degradation, creation and turnover of 
signalling molecules (Le Gall et al., 2015). 
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As mentioned, the glycoside hydrolase families are given numbers and the current 
numbers range from GH1 – GH165 (“CAZy - GH.org,” 2019). Many GHs are still 
uncharacterized and considered as “conserved hypothetical” proteins; the grouping 
of them into respective families provides a strong prediction on their putative 
biological functions (van Wyk et al., 2017). The classification of glycoside 
hydrolases in families is based on amino acid sequence similarities. There is a direct 
relationship between sequence and folding similarities thus an enzyme’s assigned 
GH number reflects the structural features of these enzymes better than their sole 
substrate specificity (Cantarel et al., 2009). This facilitates understanding of the 
structure function of new enzymes assigned to these families, as the underlying idea 
for these classifications is that enzymes within the same family would fold 
sufficiently similarly to allow homology modelling among its members. Because the 
basis for family classification is based on amino acid similarity, enzymes with 
difference substrate specificities and patterns are occasionally classed into the same 
family. This indicates evolutionary divergence which acquired new specific 
activities, for example as seen in families 1, 13 and 16 (Beattie et al., 2015). 
Additionally, enzymes that show specific activity against the same substrate can be 
found in more than one family, for example enzymes with xylan-hydrolysis activity 
can be found in family 10 or family 11, among others (Saka and Bae, 2016). 
Therefore, the classification of glycoside hydrolase enzymes differs from the IUB, 
which bases its nomenclature on the substrate specificity displayed by an enzyme. 
Even though the IUB-MB classification system is still being used, it does not reflect 
the structural and mechanistic features of GHs (van Wyk et al., 2017). 
The 3D structures of enzymes/proteins are shown to be more highly conversed than 
their amino acid sequence, thus there are many sequence-based families that have 
related folds (Marks et al., 2011). For example, similarity in the structure of family 
12 cellulases and family 11 xylanases can be observed, however family 7 cellulases 
have been seen to fold similarly to that of the arrangement of the catalytic residues 
seen in β-1, 3-glucanases and β-1, 3- β-1, 4- glucanases of family 16. It was 
proposed that the enzymes from families 1, 2, 5, 10, 17, 30, 35, 39 and 42 likely 
originate from the same ancestor as these enzyme families substantiate the strict 
conservation of the catalytic machinery and mechanism during evolution (Davies 
and Henrissat, 1995). Similarly, a common evolutionary ancestor has been proposed 
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for family 19 plant chitinases and lysozymes of families 22, 23 and 24 due to their 
structural similarity. Indeed, a novel GH23 chitinase was described recently (Arimori 
et al., 2013). 
In most cases, the hydrolysis of the glycosidic bond by a glycoside hydrolase is 
catalysed by two amino acid residues of the enzyme; a general acid (proton donor) 
and a nucleophile/base. The two major mechanisms of glycoside hydrolases were 
first proposed by Koshland (Koshland, 1953). The first is a retaining mechanism. In 
this mechanism the acid catalyst (AH) protonates the glycosidic oxygen and the base 
(B-) gives nucleophilic assistance to allow aglycon departure. The resulting glycosyl 
enzyme is hydrolysed by a water molecule and this second nucleophilic substitution 
at the anomeric carbon generates a product with the same stereochemistry as the 
substrate. The second is the inverting mechanism. In this mechanism, protonation of 
the glycosidic oxygen and aglycon departure occurs with a simultaneous attack of a 
water molecule that is activated by the base residue (B-). This occurs as a single 
nucleophilic substitution reaction, and yields a product with opposite 
stereochemistry to the substrate. Whether a glycoside hydrolase will display an 
inverting or a retaining mechanism depends on the spatial position of the catalytic 
residues (“CAZy - GH.org,” 2019). 
The first glycoside hydrolase to have its 3D structure solved was a lysozyme (Blake 
et al., 1965). The catalytic amino acids were determined as aspartate and glutamate 
residues. To date, studies have shown only the aspartate and glutamate residues 
preform the glycoside cleavage reaction in majority of cases. Occasionally, other 
amino acids may be involved, for example a tyrosine residue has been seen to play a 
stabilising role during the transition state of the glycoside cleavage reaction in 
bacterial sialidase and viral neuraminidase (Cremona et al., 1995).  
Although there are 165 GH families described to date, there are only three main 
types of activities site. The first is the “pocket” or “crater” active site. This active site 
is ideal for non-reducing extremity recognition in saccharides. This type of active 
site can be found in β-glucosidases, β-galactosidases, neuraminidases, sialidases, 
glucoamylases and β-amylases. Exopolysaccharides such as glucoamylases and 
amylases are active on substrates with large number of available chain ends, for 
example starch which has non-reducing chain exposed at the surface of the substrate. 
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However, these enzymes display poor activity on fibrous substrates with no free 
chain ends, such as native cellulose. The second is the “cleft” or “groove” active site. 
This type of active site has an “open” structure which allows for the binding of 
several random sugar units in polymeric substrates. This type of active site is 
regularly found in enzymes with endo-acting activity such as lysozymes, amylases, 
β-1, 3-glucanaces, β-1, 3-, β-1, 4-glucanases, chitinases and xylanases. The third is 
the “tunnel” active site. This type of active site is similar to the cleft active site but 
also contains long loops that cover part of the cleft. This type of active site is 
common in cellobiohydrolases and the tunnel-shaped active site allows the 
polysaccharide chain to thread through the catalytic domain in a “processive” 
manner. This allows the enzymes to hydrolyse the glycosylic bond and release the 
product while remaining tightly bound to the polysaccharide chain (Davies and 
Henrissat, 1995).  
The mode of action of glycoside hydrolases cannot be distinguished by amino acid 
sequence alone; however the type of active site fold can provide some insight. A 
pocket active site is often seen for exo-acting enzymes, a substrate-binding deep cleft 
or tunnel is often related to an exo- and/or a processive mode of action, whereas non-
processive endo-enzymes tend to have shallow substrate-binding clefts (Davies and 
Henrissat, 1995; Hoell et al., 2010). 
1.7. Classification of xylan-degrading Glycoside Hydrolases 
enzymes. 
Enzymes are classified into GH families based on their structure homology and 
hydrophobic clusters. Currently, xylan degrading enzymes belong to GH families 5, 
7, 8, 9, 10, 11, 12, 16, 26, 30, 43, 44, 51 and 62. These include endo-1,4-β-xylanase 
(EC 3.2.1.8), endo-1,3-β-xylanase (EC 3.2.1.32), β-xylosidase (EC 3.2.1.37), 
reducing end β-xylosidase (EC 3.2.1.-), β-1,3-xylosidase (EC 3.2.1.-), reducing-end-
xylose releasing exo-oligoxylanase (EC 3.2.1.156), arabinoxylan-specific endo-β-
1,4-xylanase (EC 3.2.1.-), xyloglucan-specific endo-β-1,4-glucanase/endo-
xyloglucanase (EC 3.2.1.151), xylan endotransglycosylase (EC 2.4.2.-), xyloglucan 
hydrolase (EC 3.2.1.151), β-1,3-1,4-glucanase (EC 3.2.1.73), xyloglucan 
endotransglycosylase (EC 2.4.1.207), glucuronoarabinoxylan endo-β-1,4-xylanase 
(EC 3.2.1.136), reducing end β-xylosidase (EC 3.2.1.-),  β-1,3-xylosidase (EC 3.2.1.-
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) and arabinofuranosidase (EC 3.2.1.55). Enzymes belonging to these families are 
capable of hydrolysing the glycosidic link between xylosides yielding a sugar 
hemiacetal and non-sugar alycone (Walia et al., 2017). There are three bases for 
xylanase classification, these are: 
 Molecular weight and pI  
 Crystal structure and kinetic properties  
 Substrate specificity and product profile 
The enzymes from families 16, 51 and 62 which display xylan degrading ability are 
bifunctional enzymes, generally containing two catalytic domains. Xylanases 
belonging to families 5, 7, 8 10, 11 and 43 have specifically different catalytic 
domains with xylanases activity. GH5 is the largest GH family, with only 7 residues 
strictly conserved among its members. GH8 contains cold-adapted xylanases, and 
also contains enzymes displays other activities such as cellulases, chitosanases and 
lichenases (Collins et al., 2005). 
The two most prominent xylanase families are GH10, which contain endo-1,4-β-
xylanase (EC 3.2.1.8), endo-1,3-β-xylanase (EC 3.2.1.32) and xylan 
endotransglycosylase (EC 2.4.2.-), and GH11 which contain endo-β-1,4-xylanase 
(EC 3.2.1.8) and endo-β-1,3-xylanase (EC 3.2.1.32). Xylanases from these families 
are categorised by hydrophobic cluster analysis of the catalytic domain and amino 
acid similarity. GH11 Xylanases typically have low molecular weight and basic pI 
values. They display high substrate specificity on the unsubstituted regions of the 
arabinoxylan backbone. They’re structure consists of two large β-pleated sheets and 
a single α-helix, described as resembling a partially-closed right hand. GH10 
xylanases are defined as having higher molecular weight and acidic pI values. Their 
structure consists of an α/β barrel fold, giving them a small substrate binding site. 
Unlike GH11 xylanases, they are not hindered by the substituted regions of the 
arabinoxylan backbone and can act on it without the presence of other xylanolytic 
enzymes. GH10 xylanases are also active on short xylooligosaccharides and aryl β-
glycosides of xylobiose and xylotriose. Thus GH10 xylanases were considered to be 
the most industrially promising xylanases enzymes for this study (Collins et al., 
2005; Paës et al., 2012; Walia et al., 2017). 
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1.8. Classification of Chitin-degrading enzymes 
There are two main pathways by which chitin can be degraded. The chitinolytic 
pathway occurs when the chitin backbone is initially hydrolysed at the 1, 4-β-
glycosidic bonds. This reaction is carried out by chitinases found in the glycoside 
hydrolase family 18, which include chitinase (EC 3.2.1.14), endo-β-N-
acetylglucosaminidase (EC 3.2.1.96) (and some peptidoglycan hydrolase with endo-
β-N-acetylglucosaminidase specificity (EC 3.2.1.-)), and glycoside hydrolase family 
19 which include chitinase (EC 3.2.1.14). The GH18 and GH19 chitinases  (EC 
3.2.1.14) hydrolyse chitin into chitooligosaccharides of varied length but mainly into 
dimeric chitooligosaccharides (“CAZy - GH.org,” 2019; Oyeleye and Normi, 2018). 
The N-acetyl-glucosaminidases (EC 3.2.1.96), display exo- degrading activity; 
releasing monomeric N-acetyl-glucosamine from the chitin structure. Subsequently 
chitobiases, also called β-N-acetyl-hexosaminidases, further degrade the 
chitooligosaccaride dimers to monomeric N-acetyl-glucosamine (Fu et al., 2014; 
Katta et al., 2013). β-N-acetyl-hexosaminidases are typically found in glycoside 
hydrolase family 20 but according to the CAZy website, are also found in families 3, 
5, 18, 84 and 116. In nature, chitobiases catalyse the final step of hydrolysing chitin 
to monosaccharides. In an industrial setting, chitobiase activity may be needed to 
alleviate chitinase inhibition by chitobiose (“CAZy - GH.org,” 2019; Hoell et al., 
2010). 
GH18 Chitinases and GH20 N-acetylglucosaminidases employ a special variant of 
the retaining double displacement mechanism, often called the substrate-assisted 
double displacement mechanism (Tews et al., 1997; Mark et al., 2001; Van Aalten et 
al., 2001; Vocadlo and Withers, 2005). In these enzymes the N-acetyl group of the 
sugar bound in the -1 subsite acts as nucleophile, leading to the formation of an 
oxazolinium ion intermediate. This N-acetyl group is activated by specific 
interactions with conserved enzyme residues. Family 19 enzymes employ the 
inverting direct displacement mechanism. True chitinases (EC 3.2.1.14) occur in 
glycoside hydrolase families GH18 and GH19 which almost exclusively consist of 
chitinases. Family GH19 contains only chitinases, whereas family GH18, though this 
family is primarily made up of chitinases, it also contains some endo-β-N-
acetylglucosaminidases (EC 3.2.1.96), a xylanase inhibitor (Juge et al., 2004) and a 
few lectins (Hennig et al., 1992, 1995, (Hoell et al., 2010).  
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Other families containing chitinases (EC 3.2.1.14) include GH16, GH23 and GH48. 
One GH16 protein, originating from A. fumigatus, among the 213 characterised 
enzymes from GH family 16 has been described on the CAZY database as 
displaying chitinase activity, however the details of this enzyme are yet to be 
published (Bartual, S. G. et al., n.d.). One GH23 chitinase structurally similar to 
lysozyme has been described. The enzyme displayed activity against chitinous 
substrates but no activity against the cell wall of Micrococcus lysodeikticus, thereby 
confirming it as a chitinase. The enzyme produced α-anomer by hydrolysing β-1,4-
glycosidic linkage of the substrate, indicating that the enzyme catalyses the 
hydrolysis through an inverting mechanism (Ueda et al., 2009). This chitinase is 
among 31 characterised GH23 enzymes with lysozyme type G (EC 3.2.1.17), 
peptidoglycan lyase (EC 4.2.2.n1) or bifunctional lysozyme type G/peptidoglycan 
lyase activity. It is the only GH23 chitinase to date. A chitinase (EC 3.2.1.14) 
structurally related to GH family 48 has been described in literature which was 
isolated from active adults of the leaf beetle Gastrophysa atrocyanea (Fujita et al., 
2006). This is the only chitinase among the 20 members characterised from 
glycoside hydrolases in family 48, which also contains reducing end-acting 
cellobiohydrolases (EC 3.2.1.176), and endo-β-1,4-glucanases (EC 3.2.1.4). 
The second pathway for chitin degradation occurs via de-acetylation of the chitin 
back bone, yielding chitosan. This is carried out by chitin deacetylases, which are 
found in carbohydrate family 4. Then the hydrolysis of the 1,4-β-glycosidic bonds is 
carried out by chitosanases. Chitosanases belong to families 3, 5, 7, 8, 46, 75 and 80 
(“CAZy - GH.org,” 2019; Oyeleye and Normi, 2018).  
Chitosanases in GH family 3 display anti-fungal chitosanase activity (Gupta et al., 
2010), but are rare among the other members of the GH3 family which also includes 
β-glucosidases (EC 3.2.1.-), 1,4-β-xylosidase (EC 3.2.1.37); β-glucosylceramidase 
(EC 3.2.1.45); β-N-acetylhexosaminidase (EC 3.2.1.52); α-L-arabinofuranosidase 
(EC 3.2.1.55); isoprimeverose-producing oligoxyloglucan hydrolase (EC 3.2.1.120); 
exo-1,3-1,4-glucanase (EC 3.2.1.-); β-N-acetylglucosaminide phosphorylases (EC 
2.4.1.-). Chitosanase activity observed in GH family 5 has been described as a “side 
activity” for only a small number of enzymes which are primarily cellulase enzymes 
(Aam et al., 2010). GH7 contains retaining cellulases, including the well-known 
cellobiohydrolase I (Divne et al., 1994). Similarly to the chitosanase activity detected 
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in GH family 5, chitosanase activity detected from GH 8 enzymes appears to be a 
side activity of cellobiohydrolase I (Ike et al., 2007). As well as cellulase and 
chitosanases, GH5 and GH8 contain other enzymatic activities a variety of 
enzymatic activities, including mannanase and xylanase activity. In GH family 8, 
chitosanases occur more commonly. The chitosanases in this family appear to be true 
inverting chitosanases (Adachi et al., 2004). Families GH46, GH75 and GH80 
exclusively contain chitosanases and all enzymes are thought to act by an inverting 
mechanism (“CAZy - GH.org,” 2019; Fukamizo et al., 1995; Saito et al., 2009). 
Chitinases and chitosanases differ in terms of their preferences for 
acetylated/deacetylated residues near the scissile bond. They show overlapping 
substrate specificities, and chitinases as well as chitosanases can hydrolyse chitosans 
with moderate degrees of acetylation (Hoell et al., 2010). 
Carbohydrate esterases (deacetylases) de-O or de-N-acylation of substituted 
carbohydrates and are classed into 16 different families. Carbohydrate esterases 
classification is more difficult than that of glycoside hydrolases because 
carbohydrate esterases display broad substrate specificities and structural similarities 
(Davies et al., 2005). Chitin deacetylases (EC 3.5.1.41) belong to the largest 
carbohydrate esterase family CE4, and remove the N-acetyl groups from the chitin 
backbone. Most carbohydrate esterase structures show a β/α/β-serine protease fold 
(Vincent et al., 2003), but CE4 enzymes show a NodB homology domain and 
comprise a 8 β/α TIM barrel fold (Blair et al., 2006; Blair and van Aalten, 2004). 
Some CE4 enzymes are metal ion-dependent (typically Zn2+ or Co2+) and all 
contain a conserved region called the NodB homology domain (Correia, 2010; Hoell 
et al., 2010; Nakamura et al., 2017; Sista Kameshwar and Qin, 2018). Other 
activities in the CE4 family includes acetyl xylan esterase (EC 3.1.1.72), 
chitooligosaccaride deacetylase (EC 3.5.1.-), peptidoglycan GlcNAc deacetylase (EC 
3.5.1.-), and peptidoglycan N-acetylmuramic acid deacetylase (EC 3.5.1.-) (“CAZy - 
CE,” 2019). 
1.9. Filamentous fungi and thermostable enzymes 
Unlike unicellular fungi such as yeasts, filamentous fungi are multicellular 
organisms. Commonly called moulds, filamentous fungi form tubular branching 
structures known as hyphae. Hyphae can be septate i.e. form septa between their 
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cells as in Aspergillus species, thus their hyphae are divided into several cells along 
the hyphae thread, or aseptate hyphae such as Rhizopus whereby the hyphae lack 
septa and therefore tend to be elongated cells without any divisions. Filamentous 
fungi are both excellent sources of native enzymes for application in biotechnology 
and excellent host organisms for the production of recombinant enzymes for 
application in biotechnology owing to their ability to effectively secrete large 
amounts of proteins and metabolites to extracellular culture media. In terms of 
industrial enzyme production, current industrial production is reported to be 100 g/L 
homologous protein in the cultivation medium from some fungi (Kour et al., 2019; 
Siddiqui, 2016). Aspergillus is responsible for the production of more than 60% of 
the total industrial enzymes obtained from filamentous fungi (Siddiqui, 2016). Of all 
the commercially utilized enzymes, approximately half are of fungal origin. The 
single most significant industrial application of enzymes is the inclusion of proteases 
and amylases in detergent preparations (McKelvey and Murphy, 2017, Walsh, G., 
2002). These main enzymes as well as other important industrial enzymes such as 
cellulases, xylanases, lipases, phytases, and so on are produced by many different 
genera of microorganism including fungal strains of Aspergillus, Rhizopus, and 
Penicilium.  
Using second generation biofuels as a case study, current commercial enzymes 
cocktails employed in the saccharification of lignocellulosic material contain 
enzymes mostly form the mesophilic fungus Trichoderma reesi (Winger et al., 
2014). While these cocktails are able to degrade cellulosic biomass, their efficiency 
is less than optimal for large-scale commercial production. Increasing industrial 
enzymatic hydrolysis reactions to above 50 °C is important in terms of feasibility of 
the overall process.   
 
Many industrial processes require enzymes which are operationally stable at high 
temperature, thus thermostable enzymes were selected for the scope of this study to 
suit customers current processes.  Industrial processing in wheat-starch processing, 
brewing, distilling, baking etc., typically occur at temperatures of 65 °C an upward 
as this allows easy mixing, better substrate solubility, high mass transfer rate, and 
lowered risk of contamination. In terms of biofuels, thermoactive and stable enzymes 
offer several advantages in the hydrolysis of lignocellulose, over current 
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commercially available enzymes. One such advantage is their ability to operate at 
higher, industrially-relevant temperatures over prolonged periods. The higher 
temperatures will allow a reduction in enzyme dosage due to higher specific 
activities at high temperatures as well as a lowering of media viscosity, enabling use 
of higher substrate loads, consequently resulting in increased product yields. Using 
animal feed as an example application, intrinsically thermostable xylanases are 
advantageous. Animal feedstock production processes include heat treatments that 
inactivate potential viral and microbial contaminants, as well as the pelleting process 
whereby the mixture is quickly heated to temperatures of approximately 80 °C. 
Often, if a xylanase is not intrinsically thermostable it must be coated prior to the 
pelleting process or otherwise applied as a liquid onto animal feed after the pelleting 
process. Coating can reduce the enzyme’s accessibility to substrate resulting in a 
decrease of the enzymes performance. Applying the enzyme as a liquid reintroduces 
water to the dried feed and increases the opportunity for microbial contamination. A 
thermostable enzyme that can be added to the feed prior to the pelleting process and 
retain activity after heating, is therefore desirable as it enhances digestibility and 
nutrition of the feed while allowing the combination of heat treatment and feed 
transformation in a single step. Further to this, in industry, thermostable enzymes are 
often developed in favour of enzymes with mesophilic temperature optima, even for 
applications at ambient temperatures. This is because mesophilic enzymes will 
quickly become inactivated at temperatures above their displayed temperature 
optima due to the irreversible effects of heat denaturation. However, thermostable 
enzymes remain active at lower temperatures, despite displaying lower activity units. 
Thus, thermoactive enzymes can be easily treated to give comparable activity units 
at lower temperatures to those enzymes displaying mesophilic optima, e.g. through 
concentration. It is therefore generally less costly to develop one thermostable 
enzyme, which can be treated to give the desired activity units across a range of 
temperature optima, than it is to develop  a number of enzymes displaying different 
temperature optima. 
 
Owing to their enzyme secretomes, thermophilic filamentous fungi have a powerful 
ability to degrade polysaccharide constituents of biomass. Thus, they have gained 
attention in industry and in academic literature as sources of industrially-important 
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Table 1. 1 Commercially available enzymes originally sourced from thermophilic fungi. Source: 
Torre and Kadowaki, 2010. 
enzymes with high temperature optima and elongated thermostability. Some 
commercially available enzymes originally sourced from thermophilic fungi are 
described in Table 1. 1  (Torre and Kadowaki, 2017). 
 
The first of the known thermophilic filamentous fungi, Mucor pusillus, was isolated 
from bread and described over a century ago by Lindt, 1886, since, they have 
typically been isolated from high-temperature environments such as self-heating 
haystacks since. In fact it was shown that thermophilic fungi were ultimately 
responsible for the phenomena of self-heating and spontaneous combustion of damp 
haystacks, as proven by Hugo  Miehe, 1907, who isolated four thermophilic fungi 
from this source; Mucor pusillus, Thermomyces lanuginosus, Thermoidium 
sulfureum, and Thermoascus aurantiacus (Hugo Miehe, 1907). Since then, 
filamentous fungal species have been isolated and studied due to their high growth 
temperatures and as sources of industrially interesting proteins. Thermophilic fungi 
have a growth temperature minimum at or above 20°C and a growth temperature 
maximum at or above 50°C, though some species have the ability to grow at ambient 
temperatures if cultures are initiated with germinated spores or mycelial inoculum or 
if a nutritionally rich medium is used. As the only representatives of eukaryotic 
organisms that can grow at temperatures above 45 °C, the thermophilic fungi are 
valuable experimental systems for investigations of mechanisms that allow growth at 
moderately high temperature yet limit their growth beyond 65 °C. Although 
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widespread in terrestrial habitats, they have remained underexplored compared to 
thermophilic species of bacteria (Maheshwari et al., 2000).  
Thermophilic fungi are excellent sources of industrially-important enzymes owing to 
their exhibited temperature optima from 65 °C to 85 °C and to be stable at extended 
incubations at these temperature(s) (Vieille and Zeikus, 2001; Ward and Moo-
Young, 1988). The thermoactivity and thermostable activity of these enzymes is 
thought to be partly due to the ability of thermophilic fungi to carry out stabilising 
PTMs such as glycosylation. Enzymes of thermophilic fungi have been studied 
primarily to explore their suitability in bioprocesses and, to a lesser extent, to probe 
similarities and differences in physicochemical properties between enzymes from 
mesophilic and thermophilic fungi. Since culture filtrates can be obtained in 
substantial quantities, the enzymes that are secreted in the growth media have been 
studied more frequently than cell-associated enzymes. Though, such investigations 
have focused mainly on the identification of suitable thermophilic fungal sources for 
desired enzymes, the development of protocols for the purification of these enzymes, 
and the study of their general properties. Thermoactive and stable enzymes offer 
several advantages in many industrial applications. One such advantage is their 
higher temperature-optima generally allows a reduction in enzyme dosage due to 
higher specific activities at high temperatures as well as a lowering of media 
viscosity, enabling use of higher substrate loads, consequently resulting in increased 
product yields (Maheshwari et al., 2000). Further-to-this, thermophilic fungi can be 
grown in minimal media with metabolic rates and growth yields comparable to those 
of mesophilic fungi and so enzymes from these sources are cost-effective, as well as 
non-toxic and sustainable in terms of environmental factors. 
1.10. Rasamsonia emersonii 
The thermophilic filamentous fungal source of the enzyme included within the scope 
of this study is Talaromyces emersonii, now known as Rasamsonia emersonii. R. 
emersonii is an aerobic non-pathogenic, thermophilic ascomycete with a history of 
use in commercial food enzyme production.  
In 2012 Talaromyces emersonii was re-classified into the new Rasamsonia a genius, 
along with other Geosmithia species, other Talaromyces species and other members 
of the Trichocomaceae. Currently, this genus consists of seven species: R. 
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argillacea, R. brevistipitata, R. byssochlamydoides, R. composticola, R. 
cylindrospora, R. eburnea, and R. emersonii. Rasamsonia phenotypically resembles 
Paecilomyces, and both genera contain thermotolerant species, produce olive brown 
conidia, and form ascomata with no or scarce ascomatal covering (see Figure 1.5), 
but Rasamsonia differs from Paecilomyces in having more regularly branched 
conidiophores with distinct rough-walled structures. Rasamsonia emersonii and R. 
byssochlamydoides are thermophilic and have an optimum growth temperature 
around 45°C. The other Rasamsonia species are thermotolerant and have optimal 
growth around 33°C (R. brevistipitata) or 36°C (R. argillacea, R. eburnea and R. 
cylindrospora) (Houbraken et al., 2012). 
Though there are some Rasamsonia species which are considered to be pathogenic, 
for example R. argillacea is increasingly being reported as a causal agent of invasive 
mycosis in literature (Houbraken et al., 2013), the U.S. National Institutes of Health 
has classified Rasamsonia emersonii as a Risk Group 1 microorganism i.e., not 
associated with disease in healthy adult humans. Further-to-this, tests demonstrate 
that Rasamsonia emersonii does not produce toxins or antibiotics under conditions 
used for enzyme production. 
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Figure 1.5 Rasamsonia sp. cultures grown on various media (CYA, YES, DG18, and CREA); 
second row, Rasamsonia sp. (B to F) Conidiophores. (G) Conidia. Scale bars are 10 µm. 
Source: Houbraken et al. 2012  
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Rasamsonia emersonii is known for producing industrially important enzymes such 
as cellulases, hemicellulases, pectinases and chitinases with high temperature optima 
(R., 2017; Rasmussen et al., 2006; Tuohy et al., 2012; Waters et al., 2011).  R. 
emersonii produces a complete xylan-degrading enzyme system when grown on 
appropriate substrates. The components of which were studied in the early 1990s 
(Hendy et al., 1990). The individual components of the xylanolytic enzyme system 
were found to be markedly thermostable glyco-proteins with half-lives in excess of 8 
days at 50 °C, pH 4-5 (Tuohy et al., 1994). Unlike some thermophilic fungi capable 
of degrading cellulose rapidly but showing low levels of cellulase activity in the 
secretome, T. emersonii can degrade cellulose rapidly and produce cellulase activity 
nearly comparable to that of the Trichoderma reesei, and so is regarded as the one of 
the best producers of fungal cellulases with temperature optima at 80 °C 
(Maheshwari et al., 2000). R. emersonii was also seen to produce chitin degrading 
enzymes at high temperature optima in the early 1990s, however no single chitinase 
enzyme originating from the fungus has been described to date (Hendy et al., 1990; 
McCormack et al., 1991). 
Genome sequencing, which commenced prior to the start date of this study, of the in-
house strain R. emersonii IMI116815 revealed the presence of 511 Carbohydrate 
Active enZymes (CAZy), of which 228 belong to the Glycoside Hydrolase (GH) 
family of enzymes in R. emersonii IMI116815 i.e. the strain the strain included in 
this study. Historically this organism has been used extensively in MBio in 
fermentation (for β-glucan degradation in mushroom powder) and also as source 
organism for heterologous expression in Pichia pastoris (expression of cellulases, 
xylanases, chitinases, LPMOs) and Aspergillus spp. Enzymes from Rasamsonia 
emersonii are all very active at high temperatures.  
1.11. This study 
Two GH10 xylanases and three GH18 chitinases were included in the scope of this 
study. The structure, function and justification for selecting each enzyme sequence is 
discussed in chapter 2 and chapter 3 for the xylanases and chitinases, respectively. 
With the view of generating large amounts of easily-purified protein, it was decided 
that the enzymes would be recombinantly expressed in a suitable expression system, 
as opposed to expressed natively by the R. emersonii fungus. 
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1.11.1. E. coli 
E.coli is the most frequently used expression system in laboratorial studies, owing to 
its easy-to-and-quickly-to manipulate and well characterised genome, its ability to 
produce high yields of recombinant protein, its ability to grow to high cell densities 
rapidly on inexpensive media, be induced by inexpensive media and the abundance 
of commercially available strains and vectors. However, it has been found that the 
expression of (hemi)cellulases in E. coli has been troublesome. For example, 
problems have been found owing to decreased specific activity of the 
(hemi)cellulases, inclusion body formation, degradation of linker sequences in multi-
domain (hemi)cellulases, incorrect transportation across the outer membrane and 
further to that point; the inability to carry out necessary post translational 
modifications (PTMs). Other limitations of E.coli as an expression system include 
presence of toxic cell wall pyrogens (Lambertz et al., 2014; Rosano and Ceccarelli, 
2014). 
Attempts to express (hemi)cellulases in E.coli were carried out prior to the 
commence date of this study in MBio (the employment partner), and though the 
proteins expressed were active, they were found to be unstable at the temperature 
range(s) required for industrial processes. This was mainly due the inability of E. 
coli to carry out necessary PTMs, specifically glycosylation (attachment of sugar 
residues to the protein backbone) required for correct protein folding, flexibility of 
the protein, protease resistance and  the protein’s stability (Lambertz et al., 2014; Li 
et al., 2019). 
1.11.2. Yeasts 
The majority of biomass-degrading enzymes are expressed via secretory pathways in 
their native organisms. Previous secretomes studies have shown this to be true for 
the (hemi)cellulases expressed by Rasamsonia (Waters et al., 2011). Furthermore, 
prior to the commence date of this study, it was determined by MBio through MS 
analysis, that the xylanases and chitinases included within the scope of this thesis 
were found to be present in the secretome of the native organism.  
Yeast expression systems have been seen to yield high levels of recombinant 
proteins in the range of g/L, and biomass-degrading enzymes are likely to be 
expressed in soluble and active forms. Typically, owing to their eukaryotic nature, 
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their secretory pathway enables the formation of favoured di-sulphide bonds as well 
as glycosylation and other PTMs enhancing the stability and potentially the 
functionality of the enzymes over E.coli-produced enzymes (Lambertz et al., 2014; 
Mattanovich et al., 2012; Vieira Gomes et al., 2018) 
Yeast hosts have demonstrated their capability of expressing various free biomass-
degrading enzymes within single celled systems in strains such as Kluyveromyces 
marxianus, Saccharomyces pastorianus, Saccharomyces cerevisiae and Pichia 
pastoris. It is thought by Lambertz et al that the protein secretion systems of yeasts 
work notably successfully with (hemi)cellulose proteins. The α-factor, a signal 
sequence used for secretion of the recombinant protein through the host cell 
membranes, for example in S. cerevisiae and P. pastoris is a good example of the 
suitability of yeast systems as recombinant expression host for enzymes which are 
natively secreted. Furthermore, the established tools for genome manipulation and 
easy cultivation conditions are important aspects for choosing yeasts as expression 
systems hosts (Lambertz et al., 2014; Mellitzer et al., 2012). 
1.11.3. Pichia pastoris 
Pichia pastoris was chosen as the expression host to produce the enzymes for this 
study as it has been seen previously that high yields of recombinant (hemi)cellulases 
with activity comparable to enzymes expressed natively has been produced in P. 
pastoris. In fact, P. pastoris has become one of the most frequently used expression 
host; over 700 proteins have been recombinantly produced by this yeast. For 
extracellular recombinant proteins, levels of 14.8g/L have been observed (Lambertz 
et al. 2014). P. pastoris has been seen to have some advantages over S. cerevisiae 
and other yeast expression systems which include an efficient and tightly-regulated 
alcohol oxidase promoter, the ability to carry out many necessary PTMs as 
recombinant proteins produced can undergo protein folding, proteolytic processing, 
disulphide bond formation and glycosylation, (Weidner et al. 2010) furthermore the 
glycosylation observed in P. pastoris is less extensive to those in S. cerevisiae due to 
the shorter lengths of the N-linked high mannose oligosaccharide chains (usually up 
to 20 residues lacking the terminal α-1,3-mannose linkages), easy integration of 
multicopies of recombinant DNA into chromosomal DNA yielding stable 
transformants, the secretion of high yields of recombinant proteins, and high-density 
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growth and straight forward scale-up (Lambertz et al., 2014; Mellitzer et al., 2012; 
Weidner et al., 2010). 
As a methylotrophic yeast P. pastoris metabolises methanol as a sole carbon source. 
The promoter, an alcohol oxidase, is tightly regulated and induced by methanol and 
so expression can be induced with the addition of methanol to the culture’s media. 
As discussed, P. pastoris contains the α-factor, which is a signal sequence which 
targets the recombinant protein to the secretory pathway of P. pastoris. Another 
advantage is that P. pastoris secretes low levels of endogenous proteins into the 
media expression media. With no added proteins in the media, the recombinant 
protein makes up the majority of the total proteins in the expression media after the 
expression experiment, which then facilitates subsequent purification steps (Weidner 
et al. 2010). The PICZα vector, the vector used in this project, contains the AOX1 
promoter for tightly regulated, methanol-induced expression of the gene of interest; 
the α-factor secretion signal for secretion of the recombinant protein, a Zeocin 
resistance gene for selection in both E. coli and Pichia and a C-terminal peptide 
containing the c-myc epitope and a polyhistidine (6xHis) tag for detection and 
purification of a recombinant protein (Invitrogen). 
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Chapter 2: Recombinant production and protein engineering 
of two GH10 Xylanases from Rasamsonia emersonii and their 
potential industrial applications. 
2.1. Introduction 
2.1.1. Xylanolytic enzymes 
Xylan is a complex and non-uniform polymer. It consists of repeating xylopyranosyl 
groups which are substituted at various positions with sugars and/or acidic 
compounds. Thus, an array of xylan-degrading enzymes is required to fully degrade 
the polymer into monomeric sugars. Xylanases catalyse the hydrolytic cleavage of 
the xylan backbone yielding xylooligosaccharides. Xylosidases release monomeric 
sugars from the xylooligosaccharides. Side-chain splitting enzymes such as 
glucuronidases, arabinofuranosidases, ferulic acid esterase; and p-coumaric acid 
esterases etc. remove the acetyl and phenolic side chains from the xylan backbone 
(Bajpai, 2014; Motta et al., 2013; Walia et al., 2017). All of these enzymes work 
synergistically to fully hydrolyse the xylan polymer. Microorganisms which produce 
xylanolytic cocktails capable of fully hydrolysing xylan are commonly found in 
nature. 
2.1.2. Sources of Xylanases  
Xylanases are widespread in nature. They are produced by both prokaryotes and 
eukaryotes. Xylanases have been found in terrestrial bacteria, rumen bacteria, 
protozoa, marine algae, fungi, snails, crustaceans, and insects. Xylanases have also 
been found in plants, for example xylanases from germinating barley, immature 
cucumber seeds and pear plants in Japan. Higher animals such as mollusc have been 
shown to produce xylanases too (Selvarajan and Veena, 2017).  
Xylan is a large molecular weight structure and therefore cannot enter the cell. It 
must be hydrolysed into shorter xylooligosaccharides to allow cell-uptake. Thus 
many microbial xylanolytic enzymes are natively secreted, which allows hydrolysis 
of the xylan to occur outside of the cell (Dodd and Cann, 2009).  Fungi and bacteria 
capable of producing a full xylan degrading cocktail are common in nature. Most 
bacterial xylanases have been shown to display activity across the pH values 5-9 and 
across the temperatures of 35 °C – 60 °C. Filamentous fungal xylanases have 
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received more attention as they are better suited to industrial processes owing to their 
higher yields, their ability to secrete enzymes into the process media, as well as their 
(thermos)stability and higher activity in comparison with xylanolytic enzyme from 
bacteria and yeast. Most fungal xylanases are active across the more acidic pH range 
of pH 4 – 6, and can display optimum activity above 60 °C depending on the fungal 
species (i.e. thermophilic fungi) (Maheshwari et al., 2000; Walia et al., 2017).  Some 
species of bacteria and fungi which have been studied for xylanase-degrading 
activities are included in the table below. The main sources of xylanolytic enzymes 
in industry are Aspergillus sp., Tricoderma sp. Thermomyces sp., Rasamsonia sp., 
Bacillus sp., and Basidiomycetes sp. 
Table 2. 1 Some species of bacteria and fungi which have been studied for xylanase-
degrading activities, adapted from Beg et al., 2001; Juturu and Wu, 2012; Walia et al., 
2017; Winger et al., 2014. 
Bacteria Fungi 
Bacillus pumilus A. niger 
Bacillus subtilis A. foetidus 
Bacillus amyloliquefaciens A. brasiliensis 
Bacillus cereus A. flavus 
Bacillus circulans A. nidulans 
Bacillus megatorium A. terreus 
Bacillus licheniforms Penicilium sp. 
Bacillus stearothermophilus T. reesei 
Streptomyces sp. T. longibrachiatum 
Streptomyces roseiscleroticus T. harzianum 
Streptomyces cuspidosporus T. viride 
Streptomyces actuosus T. atroviride 
Pseudonomas sp. Fusarium oxysporum 
Clostridium absonum Thermomyces lanuginosus 
Thermoactinomyces thalophilus Alternaria sp. 
 Rasamsonia (Talaromyces) emersonii 
 Schizophyllum commune 
 Piromyces sp. 
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2.1.3. R. emersonii Xylanases 
Enzyme candidates from the two dominant xylanase families were considered; GH10 
and GH11. Both enzyme classes will target the macro structure of hemicellulose and 
break the bonds along the backbone chain, the mechanism is discussed in, section 
1.7, but GH10 xylanases display broader substrate specificity and are therefore 
important in terms of commercial flexibility. GH11s typically have a lower catalytic 
universalism than GH10 xylanases. Substituents of β-1,3 linkages i.e. sidechains, 
represent an obstacle to the activity of GH11s, as they become sterically hindered 
due to their larger molecular weight, this results in larger oligosaccharide products. 
GH11 display higher activity on the xylan backbone once the sidechains are 
removed, whereas GH10 xylanases will degrade the arabinoxylan backbone without 
accessory enzymes. In terms of industrial applicability GH11s are more likely to 
initially solubilise arabinoxylans, which can increase the viscosity of the overall 
reaction prior to reducing viscosity, whereas GH10 xylanases will degrade 
arabinoxylans, reducing viscosity immediately (Linares-Pastén et al., 2018). 
Analysis of the sequenced R. emersonii genome was carried out by a commercial 
third party on behalf of MBio, prior to the commence date of this study. The analysis 
revealed that the strain encodes at least 5 endo-β-1, 4-xylanases, 3 β-xylosidases 2 α-
xylosidases. Notably, there were other sequences classed as “unknowns” which 
could potentially display xylanases activity i.e. that show some sequence homology 
to GH39 and GH43 family enzymes. Two GH10 xylanases were considered to be the 
most industrially promising enzymes, based on predicted GH family, and likely pH 
and temperature optima. Of the xylanases chosen one contained a carbohydrate 




Figure 2 1 Visual representation of the mode of action of Endo-β-1-4-xylanases on the xylan 
backbone. An image of xylan in lignocellulose can be seen in section 2.1.6.2. 
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2.1.4. Carbohydrate Binding Modules 
Carbohydrate-binding modules (CBMs) are commonly found in carbohydrate active 
enzymes. Typically they occur at either the N’ or the C’ terminus of the enzyme, and 
are connected to the catalytic domain via a linker region rich in proline and/or 
hydroxy-amino acids (Armenta et al., 2017; “CAZy - CBM,” 2019; Crouch et al., 
2016). CBMs play a role in locating the enzyme’s substrate and bringing the 
catalytic region of the enzyme into the proximity of the substrate, thus facilitating the 
hydrolysis of the substrate. The microbial degradation of cellulose and xylans 
requires several types of enzymes such as endoglucanases (EC 3.2.1.4), 
cellobiohydrolases (EC 3.2.1.91) (exo glucanases), or xylanases (EC 3.2.1.8).  
CBMs can be classified into three different types: Type A, which recognize the 
surfaces of well-ordered and crystalline polysaccharides; Type B, that bind internally 
on glycan chains (endo-type); and Type C, that bind the termini of glycans (exo-
type) (as classified in Boraston, Bolam, Gilbert, & Davies, 2004 and refined in 
Gilbert, Knox, & Boraston, 2013) and are currently further subdivided into 85 
different CBM families in the CAZY database (http://www.cazy.org/). 
Different families of CBMs have been commonly reported in GH10 xylanases. Some 
of these include CBM6_36 for XynG1-1 (Liu et al., 2015), CBM13 for XynAS27 (Li 
et al., 2009), and dual CBM9-CBM22 for XynSL3 (Wang et al., 2017). Other CBMs 
associated with GH10 xylanases include CBM families 1, 2, 3, 10, 15, 35, and 37 
(“CAZy - CBM,” 2019; Teo et al., 2019). A table detailing these can be seen in xxx 
below.  
The CBM family contained on the C’ terminus of Xyn12 is CBM family 1. This type 
of CBM is typically found in fungal enzymes, and like many CBM families, they 
generally consist of 36 amino acids. This type of CBM has four conserved cysteines, 
all involved in disulphide bonds  (“CAZy - CBM,” 2019; Kraulis et al., 1989).  
Family 1 CBM is found almost exclusively in fungal and oomycete enzymes, though 
there has been an occurrence of a CBM1 in an algal non-hydrolytic polysaccharide-
binding protein which was composed of four repeated CBM1 modules. Family 1 
CBMs fall into CBM type A, thus they are small domains (32 to 36 aa long). Studies 
on the CBM1 from cellobiohydrolase I from Trichoderma reesei demonstrated that 
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these binding domains display a wedge-shaped structure characterized by a flat 
hydrophobic surface composed of three aromatic residues (Y5, Y31 and Y32) 
separated by about 10.4 angstrom, that, along with polar residues (Q7 and N29), 
form the polysaccharide binding interface. This type of CBM also contains four 
conserved cysteines which form the two disulphide bridges required for the correct 
3D of this binding domain. Overall, it is thought that these two structural features are 
common to all fungal CBM1s. CBM1s are usually found in cellulose degrading 
enzymes were they are thought to efficiently direct cellulose binding to crystalline 
cellulose structure, but they’ve also been commonly found in GH10 or GH11 fungal 
xylanases. Interestingly, the presence of CBM1s in fungal xylanases does not always 
appear to be beneficial for the degradation of soluble and insoluble xylans (van Gool 
et al., 2012). However, the exact role of this module in the hydrolysis of 
lignocellulosic substrates is still poorly understood and requires further investigation. 
As both of these xylanase sequences originated from the same fungus, it was 
interesting that a fungus would produce two similar GH10 xylanases, one with and 
one without a CBM. Thus, the role of the CBM was considered interesting, and a 
protein engineering project designed to omit the CBM from Xyn12 (yielding 
Xyn12ncbm), and include the CBM on the C’terminus of Xyn1 (yielding Xyn1cbm) 
was employed. The protein engineering was achieved through multiple rounds of 
PCR, the details of which can be seen in 2.4.1.1.  Note that, though CBMs in nature 
can be found at either the N’ or the C’ terminus. The CBM of Xyn12 was natively 
found at the C’terminus of the enzyme. Thus, the investigation into the role of the 
CBM was confined to that one terminus. 
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GH10 associated CBMs Residues Structure Origin Binding










CBM3 Approx. 150  β-sandwich Bacterial
• Cellulose
• Chitin















CBM9 Approx. 170 β-sandwich Bacterial • Crystalline cellulose
CBM10 Approx. 50 OB-fold Bacterial • Cellulose









CBM15 Approx. 151 β-sandwich Bacterial
• Xylan
• Xylooligosaccharides
CBM22 Approx. 180 β-sandwich Bacterial
• Mixed β-1,3/β-1,4-glucans
• Xylan





CBM36 Approx. 120-130 β-sandwich Bacterial
• Xylans
• Xylooligosaccharides






2.1.5. Carbohydrate Binding Domain Engineering 
The addition or removal of a CBM from an enzyme’s terminus has previously been 
seen to drastically affect the activity of some carbohydrate-active enzymes. The 
removal of the CBM domain off the C’ terminus of a GH131 enzyme from 
Podospora anserina rendered the enzyme inactive (Lafond et al., 2012), however, 
the addition of a CBM to two GH5 and GH9 cellulases recorded an activity increase 
on lignocellulosic substrates up to three-fold the native activity recorded (Reyes-
Ortiz et al., 2013). Though, CBMs are generally thought to enhance activity of 
carbohydrate active enzyme by locating the enzyme’s substrate and bringing the 
catalytic region of the enzyme into the proximity of the substrate. Previous studies 
Table 2. 2. Details of CBMs associated with GH10 enzymes. 
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have shown that CBM removal can either increase or decrease the specific activity 
and kinetics of different xylanases. In the cases where the specific activity is 
decreased, it is thought that the CBM causes the enzyme to remain bound for some 
time after the cleavage of the glycosidic bond has occurred, thereby, slowing down 
the overall rate of reaction. Thus, the removal of binding domains can allow the 
xylanase to unbind from the substrate post-cleavage earlier than its CBM-containing 
counterpart, making it available to carrying out the next cleavage elsewhere on the 
xylan backbone, ultimately increasing the rate of reaction. However, conversely, 
xylanases without CBMs could be slower acting as they may have difficulty in 
locating the substrate. Thus, the effect of the CBM engineering on the xylanases’ 
kinetics and specific activity was considered a point of interest. 
It is not truly understood what properties affect the thermostability of enzymes. For 
the most part, the differences appear to be small stabilizing interactions, and tend to 
be on a case by case basis. For example, a endo-1,4-β-galactanase natively produced 
from Talaromyces stipitatus grown on sugar beet pectin. The thermostability testing 
for this enzyme yielded half-lives of 13 and 2 min at 55 and 60 °C. In silico analysis 
identified nine signal amino acids for site-directed mutagenesis with the aim of 
enhancing the enzymes’ displayed half-life mutants. Of the nine mutants, one mutant 
(G305A) displayed enhanced half-lives of 114 min at 55 °C and 15 min at 60 °C, 
respectively (Larsen et al., 2015). 
Carbohydrate binding modules have been thought to play a role in the 
thermostability of their associated enzymes (Yeoman et al., 2010). There have been 
cases whereby the additional of a CBM to a GH10 xylanase has increased its 
thermostability, yet the addition of CBM to a GH11 xylanase has had the opposite 
effect. Analysis of a GH10 crystal structure has shown some interaction between the 
GH10 catalytic region and the binding region. Thus, the interaction between the two 
domains could reinforce the hydrophobicity of the catalytic core of the GH10 region, 
thereby rendering it more thermostable. However, in the cases where CBM addition 
has shown a reduction in thermostability of xylanases, it’s thought that the CBM 
could promote the rate of protein unfolding initiation from the terminus from which 
is situated.  Thus, the effect of the CBM engineering on the enzymes’ thermostability 
was a point of interest. 
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Previously, there has been evidence to show that pH and temperature optima of 
GH10 xylanases depend strictly on the catalytic domains, and thus previous CBM 
engineering has yielding no true differences the relative activity performance of the 
enzymes (Meng et al., 2015). Never-the-less, the hypothesis that the CBM plays a 
role in the xylanases’ pH and temperature optima was investigated.  
2.1.6. Application of Xylanases; Lignocellulosic waste to 
Bioethanol 
2.1.6.1. Bioethanol Vs Fossil Fuel 
Substrate hydrolysis is still a major cost factor in the production of second-
generation biofuels from lignocellulosic biomass. Sourcing thermostable xylanases 
plays an important role in the production of bioethanol from lignocellulose. 
Globally, fossil fuel consumption still dominates the world energy market. However, 
the future supply is uncertain due to unsustainable energy consumption trends and 
ever-decreasing reserves of fossil fuels. Furthermore, the cost of fossil fuel has been 
increasing (save for a sudden drop in 2014 -2015), with prices reaching 
approximately $50 dollars per barrel (approximately 159 litres) in 2017. These trends 
are expected to continue over the coming years. According to the Institute of 
Mechanical Engineers, there are 1.3 trillion barrels of proven oil reserve left in the 
world's major fields, which at present rates of consumption should last 40 years. 
Thus, energy alternatives are necessary (Macrotrends LLC, 2010 2017; Rosegrant et 
al., 2008).  
Additionally, the harmful effects of fossil fuel use on climate change have put it 
under increasing scrutiny (Goldenberg, 2014; Lelieveld et al., 2019; Perera, 2018). 
Thus, bioenergy has received attention from those concerned with promoting 
agricultural and environmental sustainability through the reduction of carbon 
emissions, which is an important component of climate change mitigation. 
Bioenergy is also considered by some to be a potentially significant contributor 
toward the economic development of rural areas, and a means of reducing poverty 
both through the creation of employment and improving the quality of lives by 
mitigating the unequal impact of climate change (Goldenberg, 2014; Rosegrant et al., 
2008). 
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In the European Union’s Renewable Energy Directive, Article 3 sets out mandatory 
national overall targets for the use of energy from renewable sources for all EU 
Member States (Directive (EU) 2018/2001, 2018). Although Member States may set 
individual targets for heat and electricity, item 4 of Article 3 places an obligation on 
all Member States to ensure that at least 10 % of the final consumption of energy in 
transport comes from renewable sources. It is in the context of this obligation that 
Ireland has implemented the Biofuel Obligation Scheme (BOS) which was given 
effect in law by the Energy (Biofuel Obligation and Miscellaneous Provisions) Act 
2010 (Government of Ireland, 2010, n.d.). In Ireland, the Biofuels Obligation 
Scheme (BOS) places an obligation on suppliers to ensure that 11.1 % of mineral oil 
of motor fuel (generally gasoline and motor diesel) placed on the market is produced 
from renewable sources, e.g. bioethanol and biodiesel. This obligation was increased 
in January, 2019, from the previous obligation of 8.7 %. This recent increase places 
new demand on the generation of biofuels, as well as increased local attention on 
their development. 
Furthermore, efforts to displace from the use of traditional fuel has come to the fore, 
as Ireland is set to become the first country to remove all investment into the fossil 
fuels industry (Conneely, 2018). 
Over the next couple of decades, increase in demand for biofuels will come from 
displacing liquid fuels for transport, mostly in the form of ethanol, which currently 
supplies over 95% of the biofuels for transportation (Rosegrant et al., 2008).  Thus, 
bioethanol remains at the forefront of biofuel development. Globally, bioethanol 
production is mostly concentrated in Brazil and the United States, which together 
accounted for nearly 90% of bioethanol production in 2007 (Thompson, B. et al, 
2012, p. 63).  
First generation biofuel is generated using mainly sugar-based crops as substrates 
(Robak and Balcerek, 2018). Typically, this process involves the enzymatic 
breakdown of starch to glucose using amylolytic enzymes. The sugar generated is 
then fermented to yield biofuel. However, this approach has its limitations. Most 
notably, particularly with rising world population, to meet current global demand for 
fuel this way would have detrimental effects on world food demands. Second 
generation biofuel provides a more sustainable approach by utilizing lignocellulose 
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feedstocks as substrate. Lignocellulosic biomass is the most abundant organic 
compound on Earth and represents the major portion of the world's annual 
production of renewable biomass. The global biomass production is about 150 
billion tons annually (Jong and Gosselink, 2014). Furthermore, straw, cornstover, 
forest and sawmill residues can be used as lignocellulosic substrates, and these are 
generated as unwanted agricultural waste in enormous quantities each year (Walsh, 
G., 2015). Cellulosic bioethanol overcomes many of the disadvantages associated 
with first generation biofuels produced from food crops and the widespread 
deployment of cellulosic bioethanol is highly desirable to reduce greenhouse gas 
emissions, improve energy security and support economic growth and job creation 
and is in line with global and European renewable energy strategy and policies 
(Mohanram et al., 2013; Walsh, G., 2015). 
As discussed in Chapter 1, lignocellulosic waste in the mushroom-growing industry 
is mainly comprised of spent mushroom substrate (SMS). Ethanol can be produced 
from lignocellulosic material in a number of ways but will generally comprise the 
same four main methodologies. They are; an initial pre-treatment step to disrupt the 
lignocellulose structure; enzymatic hydrolysis of the cellulose and hemicellulose 
components to their constituent monomeric sugars; fermentation of the sugars to 
produce bioethanol; finally, distillation of the bioethanol, see Figure 2. 1 (Limayem 
and Ricke, 2012; Walsh, G., 2015). 
The lignocellulosic materials such as straw, cornstover, forestry waste undergo pre-
treatment to improve the accessibility of the cellulose and hemicellulose structure to 
the hydrolysing enzymes. The most common pre-treatment steps are mechanical 
comminution and acid pre-treatment. Mechanical comminution is a physical pre-
treatment which involves a combination of washing, chopping, grinding and/or 
milling the lignocellulose. The lignocellulose fragments are usually 10-30 mm once 
chopped and 0.2-2 mm after grinding or milling (Kumar et al., 2009).  
During acid pre-treatment, typically sulfuric acid at concentrations of 4% or lower 
are mixed with the lignocellulosic biomass and heated to 120 °C. This solubilises the 
hemicellulose components which can be recovered, thereby also enhancing the 
digestibility of the cellulosic components of lignocellulose. Other pre-treatments 
include physical pre-treatments (pyrolysis), physiochemical pre-treatments (steam 
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explosion, ammonia fibre explosion, carbon dioxide explosion), chemical pre-
treatments (ozonolysisis, alkaline hydrolysis, oxidative delignification, organosolv 
process) and Biological pre-treatment (brown-, white-, soft rot fungi used to 
breakdown lignin and hemicellulose) (Kumar et al., 2009; Walsh, G., 2015). 
Enzymatic hydrolysis step involves degradation of the pre-treated lignocellulose of 
cellulose and hemicellulose components to their monomeric building blocks by 
cellulases, β-glucanases and hemicellulases. However, hydrolysis of lignocellulose is 
technically challenging, as the main components of lignocellulose are intimately 
associated with each other resulting in a structure that is highly resistant to 
degradation. Commercial cellulase preparations have traditionally been sourced from 
fungi such as Trichoderma longibrachiatum, T. reesei and Humicola insolens 
(Sukumaran et al., 2005; Winger et al., 2014; Zhang et al., 2010). Lignocellulosic 
hydrolysis is generally undertaken at 45 - 55 °C, conditions conductive to maximal 
or near-maximal enzyme activity. However, while the current commercial cocktails 
from these fungal sources are able to degrade cellulosic biomass, they are not 
optimal for a number of industrial applications, including the biofuel industry, which 
requires processes at higher temperatures. Increasing the hydrolysis temperature to 
>50 degrees Celsius is likely to increase product stability, reduce potential for 
contamination and reduce process viscosity. The reduced viscosity potentially 
facilitates higher biomass solids loadings resulting in higher sugar and ethanol 
concentrations and improved process economics. Thus, CAZy enzymes originating 
from thermophilic filamentous fungi are more suitable for high temperature 
hydrolysis (due to their thermo-activity and thermo-stability) then the commercial 
enzyme products currently available (Maheshwari et al., 2000; Walsh, G., 2015; 
Waters et al., 2011).  
The hydrolysis step is followed by a fermentation step, which utilises yeasts (and 
potentially fungi and bacteria) capable of fermenting the glucose and other 





Figure 2. 1 Steps typically involved in second-generation bioethanol production from 
lignocellulosic stocks. Figure adapted from Kumar et al., 2009; Naik et al., 2010; Walsh, G., 
2015). 
2.1.6.2. Lignocellulosic Structure  
The enzymatic hydrolysis step currently utilizes commercialized enzyme cocktails 
derived from mesophilic microorganisms and is undertaken under the optimum 
conditions of these enzymes of approximately 50°C and pH 5 (Winger et al., 2014).  
The production of bioethanol from lignocellulose is however technically challenging 
as the main components of lignocellulose are intimately associated with each other 
resulting in a structure that is highly resistant to degradation. Cellulose, a β-(1, 4)-
linked chain of glucose molecules. Hydrogen bonds between different layers of the 
polysaccharides contribute to the resistance of crystalline cellulose to degradation. 
While cellulose is the principal constituent of the plant cell wall, it is rarely found in 
pure form as it is in intimate association with other polymeric substances termed 
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hemicelluloses and lignin. Hemicelluloses represent about 20–35% of lignocellulosic 
biomass.  It is a polymer of various 5- and 6-carbon sugars. They are generally 
lower-molecular-mass polysaccharides and consist predominantly of D-xylose, D-
mannose, D-glucose, D-galactose, L-arabinose and 4-O-methyl-D-glucuronic acid. 
The most abundant hemicellulose types present in the cell wells include glucans, 
mannans and xylans. Xylan, the single most abundant hemicellulose, is a polymer 
consisting of β1→4 linked D-xylosyl backbone to which additional sugars (mainly 
L-arabinose, D-glucuronic acid and 4-O-methyl-D-glucuronic acid) are attached. The 
sugars contained within hemicellulose are also compatible with the bioethanol 
fermentation process. Releasing these sugars optimizes sugar and bioethanol yields, 
but also allows cellulosic enzymes greater accessibility to cellulose, thereby 
speeding up the cellulose hydrolysis reaction, see Figure 2. 2 (Potters, G., et al., 
2010; Walsh, G., 2015, p. 362). 
Lignin is composed of three major phenolic components, namely p-coumaryl alcohol 
(H), coniferyl alcohol (G) and sinapyl alcohol (S). Lignin is synthesized by 
polymerization of these components and their ratio within the polymer varies 
between different plants, wood tissues and cell wall layers. Cellulose, hemicellulose 
and lignin form structures called microfibrils, which are organized into macrofibrils 
that mediate structural stability in the plant cell wall, see Figure 2. 2 (Geert Potters et 
al., 2010). 
Improving the production process is essential in making lignocellulosic ethanol 
financially viable and achieving widespread deployment with associated benefits as 
outlined above.  A major disadvantage of current enzymatic hydrolysis approaches 
undertaken using mesophilic enzymes is reduced enzyme performance due to heat 
inactivation.  Furthermore, current commercial enzyme products are often poorly 
characterised in terms of their exact composition. 
Previously, much work has been carried out in MBio on the development of a 
cellulosic cocktail originating from R. emersonii. Recently, there has been greater 
understanding of the importance of the role of hemicellulases/accessory activity 
enzymes in complete lignocellulose degradation. Hemicellulases hydrolyse the 
hemicellulose components of lignocellulose, there by releasing monomeric sugars 
that can be used to yield bioethanol in the fermentation phase of bioethanol 
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production, but also increasing the accessibility of the cellulosic component of 
lignocellulose to cellulase enzymes.  
The complete degradation of xylans (the most abundant material in hemicellulose) 
requires the co-operation of several enzymes. The majority of xylan-degrading 
enzymes from thermophilic fungi are Endo-β-1-4-xylanases. Endo-β-1-4-xylanases 
(often just called xylanases) catalyse the hydrolysis of the backbone xylan glycosidic 
linkages, yielding xylose and xylooligosaccharides, see Figure 2. 2. These in turn can 
be further degraded to xylose by β-xylosidases (Rasmussen et al., 2006; Walsh, G., 
2015). The rate limiting factor in this reaction is that these enzymes are sterically 
hindered by the polysaccharide sidechains of xylan. Also required are several side-
chain-splitting enzymes, which are also known as accessory xylanolytic enzymes. 
Accessory xylanolytic enzymes, for example alpha-glucuronidase, mannosidases and 
polygalacturonase, work upon the side chains of xylan, liberating the polysaccharide 
main chain and reducing the sterical hindrance that the xylanase(s) and xylosidase(s) 




Figure 2. 2 Structure of Lignocellulose components Cellulose, Hemicellulose and Lignin. 
Source: Bamdad et al., 2017. 
2.1.7. Applications of Xylanases; Human Consumption 
and Animal Nutrition. 
Xylanases of thermophilic fungal origin are receiving considerable attention because 
of their increasing industrial application. Another such application is the baking 
industry, where they are used to alter the properties of dough. Wheat flour contains 
up to 4% arabinoxylan. Arabinoxylans are highly branched xylans characteristic in 
particular of the outer cell walls and endosperm of cereals such as wheat, barley, oat 
and rye. Some of these arabinoxylan molecules are soluble while the majority are 
coupled to wheat proteins (the insoluble fraction) and this is believed to reduce the 
elasticity of the gluten (and hence dough). Xylanases added to flour can improve the 
handling and stability of the dough by acting on the insoluble arabinoxylan fraction 
in particular. Additional existing and potential industrial xylanase application include 
biobleaching of pulp in the paper industry, wherein the enzymatic removal of xylan 
from lignin-carbohydrate complexes facilitates the leaching of lignin from the fibre 
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cell wall, obviating the need for chlorine for pulp bleaching in the brightening 
process, and in the pre-treatment of animal feed to improve its digestibility (Biely, 
1985; Maheshwari et al., 2000; Walsh, G., 2015) 
As part of MBio’s commercial plan for the GH10 xylanases, the market was assessed 
for the best target applications. The two areas which represent the most opportunity 
are food for human consumption and animal nutrition. The application of a GH 10 
xylanase in food for human consumption can be further divided into 4 main areas: 




After milling, the first step in wheat starch processing is the separation of the starch 
and gluten components. There are two main processes currently employed at this 
stage; firstly, the batter process, in which wheat flour and water are mixed into a 
Figure 2. 3 Commercial opportunities for GH 10 xylanases, the individual values are 
proportional to the area of the circle. Xylanases in total in animal nutrition has been 
estimated at US$ 250 million in 2018 (The Freedonia Group, Inc., 2011). 
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smooth but thick, flowable batter. After approximately 30 minutes rest, the starch 
and gluten is separated by screening and centrifugation. The second process is the 
dough, or Martin, process in which flour and water are mixed to make dough. The 
starch is then washed from the gluten by mixing the dough with high amounts of 
water; the starch slurry then passes through a screen, whereas the gluten phase is 
retained. Typically, the Martin process uses 10 to 15 parts of fresh water per part of 
flour. With all separation processes the viscosity of the reaction plays an important 
role in overall feasibility. The addition of xylanase reduces the viscosity due to its 
ability to degrade arabinoxylans in both the batter and dough process. Xylanase of 
the family GH 10 is able to preferentially hydrolyse water soluble arabinoxylan 
which gives a rapid reduction in viscosity and improves the separation of starch and 
gluten (Zheng et al., 2011). 
Regarding alcohol production, xylanases may be used in the mash prior to the 
liquefaction stage of highly concentrated mashes and reducing the viscosity of the 
grain mash by acting on the arabinoxylans. This allows for the use of higher grain 
levels and a lower use of water in the plant. Peak viscosities are reduced during 
liquefaction as heat transfer is improved. Xylanases from the GH10 family is 
currently the only xylanases that show efficacy in brewing applications. On its own, 
a xylanase will have little or no effect. It requires the simultaneous addition of a β-1, 
4-glucanase. In commercial cocktails intended for alcohol brewing application, the 
GH10 xylanase is usually supplied in combination with a β-1, 4-glucanase, and both 
enzymes are added into the mash along with the malt grist and water. The enzymes 
mixture will hydrolyse the β-glucan and arabinoxylan which is solubilized during the 
mashing process (Sammartino, 2015). 
Part of this solubilisation occurs as a result of the high temperatures (50 – 78 °C) and 
part is a consequence of the breakdown of the cell walls during the malting process. 
If these are not successfully degraded in the mash, solubilised β-glucan and 
arabinoxylan causes an increase in wort viscosity, resulting in slow separation of 
wort from the spent grains. This can lead to long separation times and lower yields. 
Further-to-this, high molecular weight β-glucan carried over into fermentation will 
negatively affect the filtration of the final beer and the use of poorly modified malted 
barley tends to give higher wort viscosities. Both enzyme activities are necessary for 
optimal performance. On its own, β-1, 4-glucanase will give some improvement in 
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wort viscosity and consequently separation times, however the addition of a GH10 
xylanase will result in still lower viscosities and faster wort separation (Bentley, I. 
2006).  
In baking, xylanases break the β-1,4-linkages of the xylan backbone of 
arabinoxylans, which comprise 1-3% of wheat flour. The water-soluble arabinoxylan 
fraction is an important functional component because it can retain nearly 10 times 
its weight in water, accounting for almost 30% of the water-binding capacity of 
wheat flour. Water-insoluble arabinoxylans are associated with the gluten network, 
absorb less water than the water soluble arabinoxylan and interfere with gluten 
agglomeration (Walsh, G., 2015; Waters et al., 2011). The addition of a GH11 
xylanase preferentially hydrolyses the water insoluble arabinoxylan, resulting in a 
higher water soluble arabinoxylan fraction, increasing water adsorption capacity. In 
bread making, xylanase is classified as a dough conditioner and the use of a GH11 
xylanase leads to improved dough flexibility, machinability and stability, as well as a 
larger loaf volume and an improved crumb structure. However, too much GH11 
xylanase will result in undesirable sticky dough which is difficult to handle and gives 
a poor loaf volume. The addition of a GH10 xylanase will preferentially hydrolyse 
the water soluble arabinoxylan fraction. The resulting decrease in the degree of 
polymerization releases water making it available for gluten hydration. Further 
hydrolysis of the water soluble arabinoxylan fraction reduces dough viscosity and 
allows the, now batter, to flow, making it ideal for waffle production (Zheng et al., 
2011). 
The global market for baking enzymes is expected to reach US$ 695 million by 2019 
and a future CAGR predicted at 8.2%. Most of the growth is anticipated in the Asia 
Pacific region. Carbohydrate degrading enzymes represent 80% (US$ 556 million) 
and by far the largest application in terms of value is alpha-amylase at US$ 320 
million (Market Trends News, 2019). Xylanases in bakery applications are estimated 
to have a value of US$ 180 million. These are mainly GH11 family xylanases, but 
GH10 xylanases have applications in speciality areas such as waffles and laminates 
(Zheng et al., 2011). In 2015 the global market for enzymes in animal nutrition was 
estimated to be US$ 1.16 billion with an anticipated growth rate of 12 – 15% per 
annum. Phytase dominates the market, representing between 75 and 80% of this 
value. The rest of the market is divided between non-starch polysaccharide 
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degrading enzymes, proteases and others. Non-starch polysaccharide hydrolysing 
enzymes, particularly xylanases, represent around 80% of the non-phytase enzyme 
value in animal feed. In 2018, xylanases in animal nutrition was estimated to be US$ 
250 million. This is based on reduction of viscosity-related anti-nutritional factors 
from cereal based diets. As gut health and reduction in antibiotic usage becomes 
more prevalent, growth in the use of xylanases is expected to accelerate. Xylanases 
from GH10 and GH11 families may be used to produce xylooligosaccharides (XOS) 
which are thought to have many beneficial biomedical and health effects. Zhu et al 
isolated xylose, xylobiose, xylotriose and XOS from enzymatically hydrolysed 
corncob, which contain 35% xylan, and performed tests on anaerobic cultures of 
Bifidobacterium bifidum, a friendly gut bacterium. Xylotriose was shown to give the 
fastest rate of Bifidobacterium growth followed by xylobiose and then XOS. Xylose 
had little or no effect. They concluded that the most active components of XOS were 
xylotriose and xylobiose and the best bifidogenic factor was xylobiose. Additionally, 
A study by Dotsenko et al., 2018 showed that AXOS and XOS produced from wheat 
straw and ryegrass produced by a number of GH11 and GH10s xylanases from A. 
niger, Thermotoga maritima, Cellvibrio mixtus, Trichoderma viride and Aspergillus 
aculeatus could serve as potential as new sources of prebiotics for pig as they 
suppressed the growth of Cl. perfringens and stimulated the production of lactic acid 
bacteria when fermented in vitro by pig faecal microbiota. Thus, the incorporation of 
xylanases into animal feed nutrition will be used to reduce reliance on antibiotic 
treatments of animals for food (Dotsenko et al., 2018; Zhu et al., 2015). 
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2.2. Materials and Methods 
2.2.1. General Materials and Methods 
As this study was conducted in two locations; University of Limerick (UL) and 
Monaghan Biosciences Ltd (MBio), some methods will detail two protocols, for 
example the characterisation protocols which were carried out in UL utilised cuvette 
methods whereas characterisation methods carried out in MBio were conducted at 
microtiter scale. 
2.2.2. Chemicals 
Biochemical reagents were purchased from Sigma-Aldrich Chemical Co., Dublin 
(Sigma), unless otherwise stated. All such other chemicals and reagents used were of 
analytical grade and obtained from standard sources: Sigma; Fluka – a subsidiary of 
Sigma; British Drug House Laboratory Supplies, Pooles, Dorset, UK (BDH); May 
and Baker Laboratory Chemicals Ltd., Dagenham, UK (MandB); Merck, Darmstadt, 
Germany (Merck); Lennox Laboratory Supplies Ltd., Dublin, Ireland(Lennox); 
Megazymes, Bray, Wicklow, Ireland; Bioline Reagents Limited, London, UK; 
Agilent Technologies Ireland Ltd, Cork, Ireland; New England Biolabs, Dublin, 
Ireland. LB agar and broth, peptone, yeast extract, antibiotics, EZBlue Gel Stain, 
xylan from beechwood, xylan from birchwood were purchased from Sigma.  Pre-cast 
SDS-PAGE gels (4-16%) were obtained from Bio-Rad Ireland. CM Cellulose, Azo-
wheat arabinoxylan, Azo- xylan from birchwood and commercial xylanase enzyme 
were purchased from Megazymes. 
2.2.3. Protein Standards 
PageRuler Unstained Protein Ladder (10-200 kDa) and Mark 12 Unstained Standard 
protein marker (2.5-200 kDa) were obtained from Thermo Fisher Scientific and 
Invitrogen, respectively. 
2.2.4. Bulking clones, expression systems and DNA sequences 
Top10F’ E. coli were used for bulking of clones. P. pastoris X-33 from the 
EasySelect Pichia Expression Kit from Invitrogen by Life Technologies was used to 
express the target DNA sequences in the pPICZα vectors, which were provided as 
part of the EasySelect Pichia Expression Kit from Invitrogen by Life Technologies.  
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The DNA sequences encoding enzymes were ordered from Eurofins Genomics. The 
sequences encoded 2 xylanases, termed “xyn1” and “xyn12”, according to MBio’s 
internal gene library labelling systems. Both sequences originate from the R. 
emersonii genome. 
The DNA sequence for xyn1 is 1089 bp in length; xyn12 is 1227 bp in length. The 
xyn12 sequence was provided by MBio in the P. pastoris expression system. It had 
been previously sub-cloned into the pPICZαA vector and subsequently transformed 
into the P. pastoris expression system by MBio staff. All of the materials in this 
section were available in the laboratory stocks of the Strain Development department 
in MBio Ltd and/or in Prof. Gary Walsh’s laboratory in the University of Limerick. 
Note that any genomic DNA extractions from the original filamentous fungal 
sources were carried out within the Monaghan company prior to the commence date 
of this study. 
2.2.5. In silico analysis 
DNA sequences of the enzymes included within the scope of this project are 
publically available from the National Centre for Biotechnology Information (NCBI) 
database. The reference sequences for xyn1 and xyn12 are XM_013468481.1 and 
XM_013475545.1, respectively. 
SignalP 4.1 was used to predict the presence of signal peptides within the amino acid 
sequences. SignalP was accessed through the Centre for Biological Sequences 
Analysis (http://www.cbs.dtu.dk/services/SignalP/). 
SecretomeP was used to predict signal sequences within the amino acid sequences 
where SignalP 4.1 failed to detect a signal sequence. SecretomeP can detect ab initio 
predictions of non-classical secretion i.e. not signal peptide triggered protein 
secretion. SecretomeP was accessed through the Centre for Biological Sequences 
Analysis (http://www.cbs.dtu.dk/services/SecretomeP/). 
The Basic Logic Alignment Search Tool Nucleotide (BLASTN) program was used 
for searching the DNA databases for similar sequences.  BLASTN is hosted by 
NCBI (http://blast.ncbi.nlm.nih.gov/Blast.cgi). 
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The Basic Logic Alignment Search Tool Protein (BLASTP) program, hosted by 
NCBI (http://blast.ncbi.nlm.nih.gov/Blast.cgi), was used to search protein databases 
for similar sequences. The “hits” i.e. sequences displaying homology with the query 
sequences were searched for publications through their associated accession codes. 
Any “hit” sequences which had been characterised and published were downloaded 
and aligned with the query sequence. A second BLASTP search was carried out, 
where each lignocellulosic sequence was searched against the genomes of organisms 
of industrial relevance, including Trichoderma reesi (QM6a and RUT C-30), 
Thermoascus auranticus, Thermomyces lanuginosus, and Myceliophthora 
thermophilia. The resulting hits were aligned using the computer programme Custal 
Multiple Sequence Alignment tool (http://www.ebi.ac.uk/Tools/msa/), which were 
accessed through ExPASy website (www.expasy.org).  The sequences were also 
aligned using Custal Needle Alignment against each other order to easily observe 
their homology. 
The isoelectric point and molecular weight of each putative amino acid sequence was 
predicted using the Compute pI/MW tool. It was accessed through the ExPASy 
website (www.expasy.org). 
The InterPro Scan 5 programme, hosted by the European Bioinformatics Institute, 
was used to predict protein domains within the amino acid sequences. 
(http://www.ebi.ac.uk/interpro/interproscan.html) 
The ELM Resource was used to search the amino acid sequences for putative post-
translational modification (PTMs) sites within the target sequences. This website 
was accessed through the ExPASy website (www.expasy.org). Each sequence was 
entered into the programme under the conditions for “eukaryotic” source and 
“extracellular” destination.  
ApE computer programme was used to visualise nucleotide sequences and assisted 
in primer design and nucleotide sequence alignments of target sequences to 
sequencing results. ApE can be downloaded from the following website: 
(http://biologylabs.utah.edu/jorgensen/wayned/ape/) 
The structural bioinformatics web-server SWISS model was used to find templates 
for protein structure homology-modelling (Waterhouse et al., 2018, accessed through 
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https://swissmodel.expasy.org/). Once an appropriate model was generated, the file 
was downloaded in PDB format and the 3D protein structure was visualised using 
the PyMol molecular visualisation software (“PyMOL | pymol.org,” 2019, accessed 
through: https://pymol.org/2/).  Some 3D modelling of the amino acid sequences was 
also carried out using The IntFOLD Integrated Protein Structure and Function 
Prediction Server from Reading University (McGuffin et al., 2015, accessed through: 
https://www.reading.ac.uk/bioinf/IntFOLD/) 
2.3. Microbial Culture Techniques 
2.3.1. Antibiotics 
Antibiotics were dissolved in H2O and used in the following working 
concentrations: ampicillin (100 µg/mL), chloramphenicol (34 µg/mL), kanamycin 
(15 µg/mL), tetracycline (12.5 µg/mL) and zeocin (50 µg/mL in LB low salt media, 
100 µg/mL in Yeast Peptone Dextrose media). During transformation into P. 
Pastoris, zeocin was used in the following concentrations 100 µg/mL, 500 µg/mL 
and 1000 µg/mL in YPD media. 
2.3.2. E. coli 
The E. coli Top10F’ strains used in this study were cultured in Luria-Bertani (LB) 
broth/agar supplemented with the appropriate quantities of ampicillin. Where E. coli 
strains contained a pICZα vector, it was cultured in LB low-salt broth and agar 
supplemented with zeocin. Broth and agar were incubated at 37 °C, for 16-20 h, and 
broth was agitated at 200 rpm. 
2.3.3. P. pastoris  
Growth of Pichia pastoris X-33 strains was undertaken in accordance with 
instructions obtained from the EasySelect Pichia Expression Kit from Invitrogen by 
Life Technologies.  P. pastoris cells were grown in YPD broth/agar at 30ºC.  Agar 
plates were incubated for 48 h; broth was agitated at 280 rpm and incubated for 16 h. 
Where P. pastoris cells contained the pPICZα vector the media was supplemented 
with appropriate quantities of zeocin. 
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2.3.4. Glycerol stocks 
Glycerol stocks of P. pastoris and E. coli were prepared by adding 500 µl culture 
and 500 µl 30% sterilised glycerol to a sterile cryotube, “snap-freezing” in liquid 
nitrogen and storing at -80 °C to maintain viable sources for culturing (Invitrogen, 
2010; Sambrook and Russell, 2001).  
2.3.5. Media  
Most media were stored at room temperature and sterilised by autoclaving at 121 °C 
for 15 min at 15 psi (Prescott et al., 2002). Buffered Glycerol-complex Medium 
(BMGY)/ Buffered Methanol-complex Medium (BMMY) expression media was 
stored at 4°C for no longer than two months, and some of its ingredients, namely 
Yeast Nitrogen Base (YNB) and biotin were sterilised by passing through a 0.22 µm 
filter (Invitrogen, 2010). The cell growth was monitored by measuring the optical 
density (OD) at 600 nm using the UV-visible spectrophotometer (Shimadzu UVmini 
1240, Shimadzu Scientific Instruments, Torrance, USA). 
2.3.6. Plasmid Purification for DNA Amplification 
Top10F’ E. coli containing the insert-PJET vector were grown overnight at 37 ºC, 
200 rpm in 5 ml of LB broth, supplemented with the appropriate amount of 
ampicillin antibiotic, as per section 2.3.1. Isolation of high purity plasmid DNA for 
the use in Polymerase Chain Reaction (PCR) amplification for cloning was achieved 
using the HiYield Plasmid Mini Kit. 
2.3.7. DNA Purification  
PCR amplicons pre- and post-restriction enzyme digest were purified using the 
QIAquick PCR purification kit by Qiagen.  The quality and purity of all extractions 
was monitored by measuring at 260 nm (using the nanodrop equipment) and agarose 
gel electrophoresis in 1.0 % (w/v) agarose gels stained with SybrSafe according to 
standard procedures by Sambrook and Russell (2001). Gels were run at 100 V for 
45-60 min and subsequently scanned using a Gene-genius bioimaging system 
(Syngene Synoptics Ltd., Cambridge, UK). 
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2.3.8. Sequencing  
Samples for sequencing were sent to Eurofins Genomics (Germany). One µg of 
purified DNA was sent dissolved in 100 µL H2O.  Sequence analysis was performed 
by Eurofins using 5’AOX1 (5´-GACTGGTTCCAATTGACAAGC-3´) and 3’AOX1 
(5´-GCAAATGGCATTCTGACATCC-3´) sequencing primers. Sequencing results 
were aligned with the target nucleotide sequences, without their signal peptide 
encoding region, using the ApEs software, as described in section 2.2.5. 
2.4. Molecular Biology Materials and Methods 
QIAprep Miniprep and QIAquick PCR Purification Kit form Qiagen, Crawley, UK 
(Qiagen), HiYield PCR purification kit from RBC, Quick-Load DNA ladder (1 kb) 
PmeI restriction enzyme and T4 ligase from New England Biolabs, Hertfordshire, 
UK (NEB); dNTP mix and restriction enzymes (EcoRI, XbaI), Alkaline Phosphatase 
from Thermo Scientific; Herculase II fusion DNA polymerase from Agilent 
Technologies Ireland, and MyTaq Red Polymerase mix from Bioline. 
2.4.1. Plasmid Purification for DNA Amplification 
Top10F’ E. coli containing the insert-PJET vector were grown overnight at 37 ºC, 
200 rpm in 5 ml of LB broth, supplemented with the appropriate amount of 
ampicillin antibiotic, as per section 2.3.1. Isolation of high purity plasmid DNA for 
the use in Polymerase Chain Reaction (PCR) amplification for cloning was achieved 
using the HiYield Plasmid Mini Kit. 
2.4.2. DNA Purification  
PCR amplicons pre- and post-restriction enzyme digest were purified using the 
QIAquick PCR purification kit by Qiagen.  The quality and purity of all extractions 
was monitored by measuring at 260 nm (using the nanodrop equipment) and agarose 
gel electrophoresis in 1.0 % (w/v) agarose gels stained with SybrSafe according to 
standard procedures by Sambrook and Russell (2001). Gels were run at 100 V for 
45-60 min and subsequently scanned using a Gene-genius bioimaging system 




2.4.3. Polymerase Chain Reactions 
Amplification of target sequences 
PCR was carried out using insert-containing PJET cloning vector as a template and 
Herculase II Fusion polymerase from Agilent Technologies Ireland. The DNA had 
been isolated form Top10F’ E. coli cells as per section 2.3.6. The primers used to 
amplify the target sequences and the PCR cycle parameters are listed in Table 2. 3 
and Table 2. 4. The primers were designed to omit the native signal sequence and the 
native stop codon. 
Table 2. 3 PCR primers designed to amplify xyn 1 from the MBIO gene library. Amplicons 
were sub-cloned into pICZα vectors. Note that sub-cloning and cloning of xyn12 had been 
previously carried out by MBIO staff, thus primers/PCR was not required for this sequence 
 
 









Temperature (°C) Time Number of cycles 






45 - 60 s 
 
35 
72 5 min 1 
Page 56 
Figure 2. 4 Overview of engineering strategy to yield xyn1_cbm1 through a series of PCR 
amplification reactions 
2.4.1.1. Engineering of xyn1 to yield xyn1cbm and xyn12 to yield 
xyn12ncbm 
 
PCR was carried out using xyn1- and xyn12-containing pPICZα plasmids as a 
template and Herculase II Fusion polymerase from Agilent Technologies Ireland. 
The primers used in these reactions are listed in 0. For xyn1 sequence engineering; a 
series of PCR reactions with different primers were employed to include the linker 
and CBM1 sequence onto the xyn1 sequence at the C-terminal end. An overview of 
the strategy employed to engineer xyn1 can be seen in Figure 2. 4. For xyn12 
engineering, the primers were designed to include the GH10 and pICZα sequences of 
the plasmid, but omit the linker and CBM1 sequence, see Table 2. 5 and Figure 2.5. 
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Figure 2.5 Overview of engineering strategy to yield xyn12ncbm through PCR amplification 
reaction. 
2.4.4. Restriction enzyme digestion of DNA 
The restriction enzymes EcoRI, Xho1, and XbaI (Fast Digest from Thermo 
Scientific) were chosen for the digestion reactions as there were no recognition sites 
for these within the target genes.  The purified PCR product and purified plasmid 
were restricted as per manufacturers instruction at 37 °C for 15 min. Alkaline 
Phosphatase (Thermo Scientific) was added to the reaction mixture to remove the 
phosphate group from the 5’ end of the pPICZα vector, thus preventing self-ligation 
of the vector during the ligation step.  
Table 2. 5 Primers used in rounds of PCR amplification to yield engineered xyn1_cbm1 and 
xyn12ncbm sequences. 
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2.4.5. Ligation of digested DNA 
Ligation of the restricted gene and plasmid was carried out using T4 DNA ligase as 
per manufacturer’s instructions.  All ligation reactions were carried out at 22 °C for 
20 min or at room temperature overnight.  The T4 DNA ligase was inactivated by 
heating to 65 °C for 10 min. 
2.4.6. Preparation of electro-competent E. coli cells 
E. coli strains were rendered competent as described in Sambrook and Russell 
[2001] with minor modifications.  Briefly, log-phase cells were prepared from 16 h 
cultures that were diluted 1/100 and incubated at 37 °C for 3-4 h to an optical density 
measurement of approximately 0.6 at 600 nm.  Cells were harvested by 
centrifugation for 10 min at 4,000 x g at 4 °C.  The cells were re-suspended in 50 mL 
sterile ice-cold 10% glycerol solution, centrifuged as before and re-suspended in 25 
mL of the 10% glycerol solution, centrifuged as before and re-suspended in 10 mL 
of glycerol solution, centrifuged as before and re-suspended in 10% glycerol solution 
to a final volume of 1 mL.  The cells were aliquoted (50 μL) into microfuge tubes, 
snap frozen with liquid nitrogen and stored at -80 °C. 
2.4.7. Preparation of electro-competent P. pastoris cells 
P. pastoris x-33 cells were made electro-competent as per methods developed in-
house. Briefly, a swab of P. pastoris X-33 glycerol stock was used to inoculate 100 
mL of YPD broth in a 500 mL baffled flask. The culture was grown at 30 ºC with 
gentle agitation of 180 rpm, until the culture reached an OD600 = 4-6 (approximately 
16 h). The cells were harvested at 1,500 x g for 5 min at 4 ºC and re-suspended in 
sterile “Solution A”, containing 10 mL YPD, 250 µL 1M DTT and 200 µL 1M 
HEPES in a 50 mL falcon tube. The flacon tube was incubated at a 45º angle, 30 ºC 
and 180 rpm for 15 min. After incubation, 40 mL of ice-cold sterile MQ H2O was 
added to the falcon tube. The cells were centrifuged as before, the supernatant was 
disguarded and the cells were gently re-suspended in 25 mL of ice-cold 1mM 
HEPES. The cells were centrifuged as before, the supernatant was disguarded, and 
the cells were and gently re-suspended in 5 mL of ice-cold 1M sorbitol. The 
electrocompetent cells are kept on ice and used that day. 
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2.4.8. Transformation of DNA into electro-competent E. coli 
Plasmids were introduced into competent E. coli cells by known electroporation 
methods (Dower et al., 1988) with minor changes.  Competent cells were removed 
from the -80 °C freezer and allowed to thaw on ice.  Plasmid DNA/ligation mixture 
containing 10-100 ng of DNA was added to 50 µL of competent cells, gently mixed 
and then transferred to a pre-chilled electroporation cuvette.  The cuvette was dried, 
placed inside the electroporation device and electroporated (voltage = 1.8 kV, 
capacitance =25µF, resistance = 200 Ω). One mL of pre-warmed LB low salt broth 
was added immediately to the cells. Cells were grown at 37 ºC for 1 h without 
agitation. Approximately 100 µL of the cell culture was spread on LB low salt plates 
containing the appropriate of zeocin antibiotic. During every transformation, a 
positive control of empty vector and a negative control of H2O were also 
electroporated under the same conditions described in this section. 
2.4.9. Preparation of DNA for P. pastoris transformation 
Top10F’ E. coli containing the insert-pPICZα plasmids vector were grown overnight 
at 37ºC, 250 rpm in 5 mL of LB low salt broth supplemented with the appropriate 
amount of zeocin antibiotic. High purity plasmid DNA for the use of transformation 
into P. pastoris cells was purified using the HiYield Plasmid Mini Kit. The DNA 
samples were linearized by incubation with PmeI (Fast Digest from Thermo 
Scientific) restriction enzyme at 37 ºC, for 10 min, as per manufacturer’s 
instructions. The PmeI restriction recognition site is included in the pPICZα vectors 
sequence. To concentrate the DNA for transformation, the samples of linearized 
DNA were pooled and concentrated by ethanol precipitation as per Sambrook and 
Russel [2001] and re-suspended in 15 µL H2O. The final concentration of DNA was 
never less than 0.5 µg per µL. 
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2.4.10. Transformation of DNA into electro-competent P. 
pastoris 
Eighty microliters of the electrocompetent P. pastoris cells from Step 2.4.7 was 
gently mixed with 5-10 μg of prepped plasmid DNA and transferred to an ice-cold 
0.2 cm electroporation cuvette. The cuvettes containing the cells were incubated on 
ice for 5 min. The cuvette was dried and pulsed in the electroporator under the 
manufacturer’s instructions for Saccharomyces cerevisiae (175 Ω, 2500 V, 50 µF). 
Immediately, 1 mL of ice-cold YPD broth or 1M sorbitol was added to the cuvette. 
The contents of the cuvette were transferred to a sterile 15 mL tube and incubated at 
30 °C without shaking for 1 to 2 h. The samples were then either stored at -80 ºC or 
spread on zeocin-containing YPD plates. When plating transformants, a 100 μL 
aliquot of electroporated cells were each spread on separate, labelled YPD plates 
containing 100, 500 and 1000 μg/mL zeocin. Plates were incubated for up to 3 days 
at 30 °C until colonies formed.  During every transformation, a positive control of 
empty pPICZα vector and a negative control of H2O were also electroporated under 
the same conditions. 
2.4.11. Screening for Transformations in E. coli 
Screening of transformants was achieved using the MyTaq Red mix from Bioline. 
PCR on colonies was performed with the 5’AOX1 and 3’AOX1 primers and as per 
the manufacturer’s instructions. The PCR-on-colonies reactions were visualised on 
agarose gel electrophoresis in 1.0 % (w/v) agarose gels stained with SybrSafe 
according to standard procedures by Sambrook and Russell [2001]. Gels were run at 
100 V for 45-60 min and subsequently scanned using a Gene-genius bioimaging 
system (Syngene Synoptics Ltd., Cambridge, UK). Colonies positive for the target-
inserts were visualised as bright bands at the appropriate-size region upon 
comparison of the standard DNA ladder. When screening for engineered xylanase 
transformants the appropriate negative control of either native xyn1 or native xyn12 
sequences were included along with standard negative controls (H2O in place of 
template DNA). Clones which yielded the brightest DNA bands were used the 
transformation into P. pastoris procedure.  
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2.4.12. Screening for Transformations in P. pastoris 
Positive transformants in P. pastoris are visualised as single P. pastoris colonies on 
zeocin selective YPD (Yeast Peptone, Dextrose) plates after 2-3 days of incubation 
at 30 ºC. 
2.5. Expression Methods 
2.5.1. Expression Screening 
P. pastoris colonies which formed on the zeocin-selective YPD after transformation 
were used to inoculate 2 mL of BMGY, respectively. The cultures were incubated 
for 16 h. After the incubation period, the cells were harvested by centrifugation for 
10 min at 3,000 x g. The OD600 of the cells had been measured prior to harvesting 
and the appropriate amounts of each culture required to inoculate the media to an 
OD600 of 1 was re-suspended in 2 mL BMMY which induced expression. The cells 
were incubated as before. The media was supplemented with 100 % methanol every 
24 h to a final volume of 1% to maintain expression. At 48 h of incubation the cells 
were harvested as before, and underwent protein-presence and activity screening as 
per 2.5.2 and 2.5.3, respectively. As a negative control, a sample of empty-vector P. 
pastoris cells underwent the same protein expression screening and analysis 
conditions. 
2.5.2. Protein-presence Screening 
The resulting supernatant samples from the method above, section 2.5.1, were 
collected and total protein presence was analysed via electrophoreses using SDS-
PAGE analysis as per section 2.5.8. As a negative control, a sample of empty-vector 
P. pastoris cells underwent the same protein expression screening conditions and 
analysis described in this section, allowing comparison of clone-containing P. 
pastoris cells to empty vector P. pastoris. 
2.5.3. Xylanase Activity screening 
In order to screen the xylanases for activity, a solution containing 0.2% azo-xylan 
from birchwood and 2% agar in 100 mM sodium acetate pH 4 was made up and 
dispensed into a 24-well plate in 500 µL aliquots. Once the plate had set, a sample of 
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each of the expression samples was placed onto each of the 24 well, respectively. 
The plate was then incubated at 60 ºC for 1 hour. A positive control of commercial 
xylanase from Megazymes Ireland and a negative control of empty vector expression 
sample were subject to the same activity screening conditions. Xylanase activity was 
visualised as a zone of clearance in the 0.2% Azo-xylan agar. The highest xylanase 
expressing transformant was determined by measuring the largest zone of clearance. 
Upon comparison of the 0.2% xylan agar plate to the SDS-PAGE gel obtained via 
the method described in the previous section 2.5.2, the highest expresser was 
determined for each sequence. 
2.5.4. Expression, expression curve and expression 
timeline 
Growth of plasmid-containing Pichia pastoris X-33 strains was undertaken in 
accordance with instructions obtained from the EasySelect Pichia Expression Kit 
from Invitrogen by Life Technologies with some modifications. To obtain an 
expression curve and timeline, a sample of the highest expressing P. pastoris cells 
was taken from glycerol stock and cultured on YPD agar as per section 2.3.3. Well-
isolated, single colonies were used to inoculate flasks of 25 mL BMGY pre-culture, 
respectively. These were incubated at 30 °C, 250 rpm until they have reached an 
OD600 of 2-6. The respective amounts required of each sample were then harvested 
by centrifugation at 3,000 × g for 5 min at room temperature and re-suspended to an 
OD600 of 1, in 100 mL BMMY in baffled flasks. The baffled flasks were covered 
with a breathable membrane; either 2 layers of sterile cheesecloth or a breathable 
bottle-top lid to allow for aeration of the expression cultures. The expression cultures 
were then incubated at 30 °C, 250 rpm. Filter sterilised 100 % methanol was added 
to bring the flasks to a final volume of 1 % methanol every 24 hours to maintain 
induction. To obtain an expression curve and timeline, samples of 1 mL were taken 
from each flask every 24 h up to 216 h of expression. 
The 1 mL samples were centrifuged in a table top centrifuge at max speed for 3 min. 
The supernatant was collected and a 15 µL sample was loaded on a 10 % SDS-
PAGE gel and subjected to electrophoresis to visualise the increase in recombinant 
protein present per mL of expression media over the time points. Activity assays, as 
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per section 2.8.2, were carried out on the samples to measure the increase in activity 
per mL of expression media over the time points. 
Expression samples which were used in purification and/or characterisation studies 
were harvested at 48 h. A study by Sinha et al., 2005 found that proteases were 
increasingly present in the secretome of the P. pastoris cells after this time, 
particularly where expression has been induced by methanol. During expression 
troubleshooting, degradation of the recombinant enzymes was initially visualised 
during zymogram activity analysis for expression samples older than 48 h, thus the 
expression time for all samples was reduced to 48 h. 
2.5.5. Bradford Assay 
Protein concentration in the range 0.0 – 2.0 mg/mL was determined using the 
method of Bradford (Bradford, 1976).  The reagent was either ordered as BioRad 
Quick Start Bradford reagent or made up as follows: 100 mL 95 % ethanol, 200 mL 
85 % phosphoric acid, and 350 mg Coomassie brilliant blue G-250.  Bradford 
working solution contained (per litre): 30 mL 95 % ethanol, 60 mL 85 % phosphoric 
acid, and 60 mL Bradford stock solution. Solutions were filtered through Whatman 
no. 1 filter paper and stored at 4 °C.  Bradford assay reactions were either carried out 
in a 96 well microtitre plate or in a 1 mL cuvette.   
During the microtitre procedure; 250 µL of Bradford working solution is mixed with 
5 µL protein sample. The plate is then incubated at 22 ºC and shaken for 10 min in 
the spectrophotometer before measuring at 595 nm. A standard curve of absorbance 
at 595 nm versus protein concentration was constructed using standard solutions 
containing 0 - 2 mg/mL bovine serum albumin (BSA), provided by BioRad in their 
Quick Start Bradford kit.  Negative controls are prepared by using buffer instead of 
sample. 
During the cuvette procedure, 1 mL of Bradford working solution was added to 0.1 
mL of protein sample.  The mixture was vortexed briefly and allowed to stand at 
room temperature for 2 min before measuring absorbance at 595 nm.  A standard 
curve of absorbance at 595 nm versus protein concentration was constructed using 
standard solutions containing 0.1-0.4 mg/mL bovine serum albumin (BSA).  The 
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spectrophotometer is blanked against 1 mL of H2O and negative controls are 
prepared by using buffer instead of sample. 
2.5.6. Protein quantification by absorbance at 280 nm 
Construction of the protein standard curve was carried out by plotting the 
concentration of bovine serum albumin (BSA) versus the measured the absorbance 
values at 280 nm.  Concentrations of BSA from 0.0 – 20.0 mg/mL in triplicate in 
MilliQ H2O or the appropriate buffer(s) were used. Protein quantification of test 
samples was carried out by measuring absorbance of the sample in triplicate at 280 
nm and comparing results to the BSA standard curve. When using this method for 
protein quantification the percent of aromatic amino acids in both the BSA sample 
and the recombinant enzyme backbones were considered in order to estimate the 
degree of error in the measurement. 
2.5.7. Polyacrylamide gel electrophoresis (PAGE) 
Polyacrylamide gel electrophoresis under both denaturing (SDS-PAGE) and non-
denaturing conditions was employed. 
2.5.8. SDS-PAGE 
One dimensional SDS-PAGE was carried out according to known methods 
(Laemmli, 1970) using a acrylamide gels of various percentages and a vertical 
electrophoresis system. Unless where is it stated that a BioRad Stain Free pre-cast 
gel of 10 %, 12 % or 4-16 % acrylamide was used, 10% resolving gels were made 
fresh in the lab. A 10 % resolving gel (total volume 10.0 mL) contained 4.0 mL 
distilled H2O, 3.3 mL 30 % (w/v) acrylamide mixture (29 % (w/v) acrylamide and 1 
% (w/v) N, N’-methyl-bis-acrylamide), 2.5 mL of 1.0 M Tris-HCl (pH 8.8), 0.05 mL 
of 10 % (w/v) sodium dodecyl sulphate (SDS), 0.05 mL of 10 % (w/v) ammonium 
persulphate (APS), and 0.002 mL of N, N, N, N’-tetramethylethylineamine 
(TEMED).  APS was prepared fresh daily.  For the 5 % stacking gel (total volume 3 
mL) 2.1 mL distilled H2O, 0.5 mL 30 % acrylamide mix, 0.38 mL 1.5 M Tris-HCl 
(pH 6.8), 0.03 mL 10 % (w/v) SDS, 0.03 mL 10 % APS, and 0.003 mL TEMED 
were combined.  The loading buffer contained 50 mM Tris-HCl (pH 6.8), 100 mM 
dithiothreitol (DTT), 2 % (w/v) SDS, 0.1 % (w/v) bromophenol blue, and 10 % (v/v) 
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glycerol.  DTT was added immediately prior to use.  The Tris-glycine 
electrophoresis buffer contained 25 mM Tris, 250 mM glycine, and 0.1 % (w/v) 
SDS. The glass plates were assembled according to the manufacturer’s instructions 
and the resolving and stacking gels were allowed to polymerise separately for a 
minimum of 40 min.   
In all cases, protein samples were combined with loading buffer and heated to 100 
°C for 3 min.  The protein molecular mass markers were already made up in loading 
dye and did not require heat-denaturing.  The samples and protein marker were 
loaded to separate wells and loading buffer was added to unused wells.  
Electrophoresis was carried out at 120 - 300 V until the bromophenol blue reached 
the bottom of the resolving gel.  The glass plate sandwich was subsequently removed 
from the apparatus, disassembled, and the gel extracted. 
Protein staining was carried out in accordance with the modified protocol of 
Sambrook and Russell [2001] using either EZBlue staining reagent or Colloidal Blue 
as a colloidal stain, both of which react only with the proteins and not the gel itself. 
2.5.9. Western blotting  
Western blotting was carried out to confirm the presence of the His6-tagged product 
according to standard methods as described in Sambrook and Russell [2001]. 
Electrophoresis of the gel was carried out as described in section 2.5.8. 
Subsequently, the proteins were transferred onto a PVDF membrane using either the 
Pierce Semi-dry transfer system according to manufacturer’s instruction with the 
Pierce Semi-dry transfer buffer, or the BioRad Turbo Blot transfer system according 
to manufacturer’s instructions.  
During the Pierce Semi-dry transfer system, the membrane was blocked using 5.0 % 
(w/v) skim milk powder in 20 mM phosphate, 150 mM NaCl, pH 7.4 for 1 h at room 
temperature or alternatively overnight at 4 °C. The proteins were probed using 
Monoclonal Anti-polyHistidine Peroxidase conjugate which was afterwards 
visualised with 3, 3’, 5, 5’-Tetramethylbenzidine (TMB). 
During the BioRad Turbo Blot transfer system, the membrane was blocked using 5.0 
% (w/v) skim milk powder in Tris-buffered saline (20 mM Tris, 150 mM NaCl, pH 
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7.4) for 1 h at room temperature or alternatively overnight at 4 °C. The membrane 
was washed using blocking buffer with 0.1 % tween 20 for 2 h. The membrane was 
then incubated with primary antibody diluted in the wash buffer (blocking buffer 
with 0.1 % tween20) for 2 h. The membrane was washed extensively with gentle 
agitation and was incubated with the appropriate enzyme-conjugated secondary 
antibody diluted in wash buffer and incubated for 1 h at room temperature with 
gentle agitation. The membrane was washed in TBS with 0.1 % tween20 with gentle 
agitation. The appropriate enzyme substrate solution was added to the membrane and 
the protein bands were visualised via chemillumencessence settling on the BioRad 
Imaging System. 
2.5.10. De-glycosylation reaction with PNGase F 
De-glycosylation procedure was carried out on denatured recombinant protein using 
PNGase F enzyme from New England Biolabs, as per manufacturer’s instructions.  
The denatured de-glycosylated protein was loaded onto a 10 % SDS gel and 
subjected to electrophoresis. The samples were also subjected to zymogram analysis 
and Western Blot analysis as per sections 2.8.1 and 2.5.9. In all cases, a sample of 
glycosylated recombinant protein and a negative control of H2O and PNGase F 
solution were run on the same gels for identification of the PNGase F on the gel. 
2.5.11. Determination of molecular mass 
The molecular mass of the purified recombinant proteins was determined by SDS-
PAGE (section 2.5.8). The purified protein, purified de-glycosylated recombinant 
protein and protein molecular mass marker were subjected to SDS-PAGE as outlined 
in section 2.5.8.  The molecular mass of a protein was estimated by the BioLab 
Imaging System Software which compared the migration distance of each of the test 
samples to the migration distance of the bands within standard protein ladder, or by 
manually measuring the distance migrated by each protein from the top of the 
resolving gel. The lowest molecular mass protein standard was taken as the relative 
mobility marker and the relative mobility (Rf) of each protein was calculated, where 
Rf = distance migrated by protein/distance migrated by marker. A plot of Log 
protein molecular mass versus Rf for each protein standard was constructed and the 
apparent molecular mass of the denatured glycosylated protein, and the true 
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molecular mass of the denatured de-glycosylated protein were determined from the 
linear region of the graph (Hames, 1998). 
2.6. Purification Materials 
Hispur Colbalt was obtained from ThermoFisher Scientific. Purification columns 
and equipment, i.e. filters, lids, were obtained from ThermoScientific. Slide-A-lizer 
dialysis cassettes were obtained from Thermo Fisher Scientific. 
2.7. Purification Methods 
2.7.1. Purification of recombinant proteins 
Hispur Colbalt resin was employed for purification of the extracellular recombinant 
proteins. The steps of which are included in sections 2.7.2 to 2.7.4. 
2.7.2. Sample preparation of crude enzymes 
An initial sample of expression culture of 100 mL contained approximately 95 mL of 
crude supernatant after harvesting at 48 h of induction. After harvesting at 3000 x g 
for 10 min at 4 ºC, the crude supernatant sample was equilibrated by the addition of 
purification equilibrium buffer to final concentrations of 50mM sodium phosphate, 
300mM sodium chloride, pH 7.4, and concentrated by ultrafugation using a vivaspin 
falcon tube with 10 kDa cut off. The equilibrated concentrated supernatant 
containing the recombinant enzyme was purified that day to avoid proteolytic 
degradation of the enzyme.  
2.7.3. Immobilized Metal Chelating Chromatography 
The pre-equilibrated protein from section 2.7.2, (150 mL) was loaded into a 1 x 6.0 
cm econo-column (Bio-Rad) packed with HisPur Cobalt with a bed volume of 3.0 
mL.  The column had been pre-equilibrated with equilibration buffer (50mM sodium 
phosphate, 300mM sodium chloride, pH 7.4).  The purifications were carried out at 4 
°C using the Biologic LP purification system.  During the wash step, equilibrium 
buffer was run through the column at a flow rate of 1 mL/min.  The elution buffer 
(50 mM sodium phosphate, 300 mM sodium chloride, 150 mM imidazole; pH 7.4) 
was then run through the column at the same flow rate. Fractions of 3.0 mL were 
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collected, assayed for the appropriate activity, and protein concentration by 
absorbance at 280 nm was recorded continuously throughout the run by Biologic LP 
Dataview Software.  Recombinant protein containing fractions were pooled, assayed 
for total activity and total protein content as per section 2.5.6. 
2.7.4. Diafiltration of purified enzymes 
The enzymes were dialysed with dialysis buffer (50 mM citrate buffer pH 4.5/5) 
using the 3 mL slide-A-lizer kit from Thermo Fisher, as per manufacturer’s manual. 
Dialysis runs were carried out at 4 ºC, overnight. Sterilised glycerol was added to the 
dialysed, purified protein sample to a final concentration of 20%. The sample was 
stored in 1 mL aliquots at -20 °C thereafter. 
2.8. Xylanase Characterisation Methods 
Characterisation studies were conducted on the purified endo-1,4-β-xylanases and 
included analysis of pH versus activity, temperature versus activity profiles, stability 
studies, kinetic characterisation, substrate specificity, molecular mass determination, 
and de-glycosylation.  Furthermore, the homogeneity of the purified protein was 
confirmed by SDS-PAGE, as per sections 2.5.8. 
2.8.1. Zymogram 
Ten percent SDS PAGE gels (Laemmli, 1970) were created containing 0.2% Azo-
xylan from beechwood. The loading buffers contained no DTT. The denatured 
samples were heated in the presence of the loading buffer for 10 min at 55 ºC. Each 
sample was loaded twice; one sample at either side of the gel. The electrophoresis 
procedure was carried out as detailed in section 2.5.8. Once the bromophenol blue 
reached the bottom of the resolving gels, the gel was collected and cut. One half of 
the gel was stained for protein using EzBlue Stain or Colloidal Blue stain. 
Zymogram analysis was performed on the other half of the gel by incubation in 50 
mM citrate buffer pH 4.5 for 4 h, to allow activity of the xylanase enzymes against 
the embedded substrate. The gel was incubated in H2O at 30 ºC for 30 min prior to 
incubation at pH 4.5 to remove SDS from the gel and encourage retention of 
xylanase activity. As the azo-substrates have previously been dyed with Remazol 
Brilliant Blue R dye, xylanase activity can be visualised as clearance zones in the 
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gel. The clearance zones were more easily visualised by first staining the gel with 0.1 
% Congo red for 30 min and de-staining in 1 M NaCl for 10 - 30 min. The addition 
of NaOH rendered the gel purple, which facilitated visualisation of the clearance 
zones. 
2.8.2. Xylanase Assay 
The assay used for estimation of endo-1,4,β-xylanase activity was based on methods 
in the literature (Miller, 1959) with some modifications.  Both cuvette and microtiter 
methods were employed. 
The cuvette assay system contained 250 µL of 1 % xylan from beechwood, and 250 
µL of suitably diluted enzyme in 100 mM citric acid, at the appropriate pH.  The 
reaction was allowed to proceed for 15 min at the desired assay temperature, and was 
stopped by the addition of 750 µL of 3,5-dinitrosalicylic acid (DNS). Both substrate 
solution and enzyme were equilibrated to assay temperature prior to initiation of the 
reaction.  An assay blank contained enzyme and substrate solution, which were 
incubated separately for the duration of the reaction period and mixed only after 
addition of stopping solution to the substrate.  
The microtiter assay system contained 100 µL of 1% xylan from beechwood in 200 
mM citric acid, at the appropriate pH, and 100 µL of suitably diluted enzyme in 
H2O.  The reaction was allowed to proceed for 15 min at the desired assay 
temperature and was stopped by the addition of 50 µL reaction sample to 100 µL 
3,5-dinitrosalicylic acid (DNS).  Both substrate solution and enzyme were 
equilibrated to assay temperature prior to initiation of the reaction.  An assay blank 
contained enzyme and substrate solution, which were incubated separately for the 
duration of the reaction period and mixed in the required amounts directly with the 
stopping solution. 
All samples are heated at 95ºC for 5 min and immediately cooled on ice for 10 min. 
The absorbance of the assay solution was measured after cooling to room 
temperature at 540 nm with a UV-visible spectrophotometer, blanked with H2O. 
The reaction of endo-1,4,β-xylanase and xylan leads to the release of reducing 
sugars, one of which is xylose, thus standard curves of xylose were constructed to 
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quantify the amount of xylose released during the assay. One curve of 500 µL and 
one curve of 50 µL of various xylose concentrations were constructed. Xylose 
standard solutions were prepared in triplicate by diluting a stock solution of 1 % 
xylose in 100 mM citrate buffer.  Standard solutions ranged from 0 - 8 µmol 
xylose/mL.  Construction of the standard curve was carried out by mixing 500 µL 
xylose and 750 µL DNS or 50 µL xylose and 100 µL DNS (stopping) solution, 
respectively, heating and cooling as described in this section previously, and 
subsequently determining absorbency values at 540 nm. 
From the standard curve the amount of xylose released during the assay could be 
determined and this was used to calculate endo-1,4,β-xylanase activity.  One unit of 
endo-1,4,β-xylanase activity was defined as the amount of enzyme capable of 
releasing 1 µmol of xylose/min under the defined assay conditions.  
Using the method above and the protein quantification assays outlined in sections 
2.5.5 and 2.5.6, the specific activity of the xylanases could be calculated. Specific 
activity of the endo-1,4,β-xylanase activity was defined as the amount of enzyme 
capable of releasing 1 µmol of xylose/min/mg under the defined assay conditions. 
2.8.3. Determination of pH versus activity profiles 
Activity versus pH profiles were obtained for the purified enzymes according to the 
methods in literature with some modifications (Kamble et al., 2012; Liao et al., 
2015; Miller, 1959).  Each enzyme was assayed for activity in triplicate by the 
standard assay procedure as per section 2.8.2.  The pH values tested were pH 3.0, 
3.5, 4.0, 4.5, 5.0, 5.5 and 6.0 in 100 mM citrate buffer.  The results were plotted as 
either percentage relative activity or specific activity verses pH values. 
The relative xylanase activity at the various pH values was determined as a 
percentage of the pH where optimum activity was observed.  Percent relative activity 
verses pH was plotted to yield the pH profile for the enzymes. 
2.8.4. Determination of temperature versus activity 
profiles 
Temperature versus activity profiles were obtained according to the modified 
methods of Miller, et al. 1959.  The profiles were obtained by carrying out the 
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xylanase assay (section 2.8.2) in triplicate at different temperatures for all enzymes.  
Temperatures in the range of 35 - 85 ºC were used.  The relative activity at the 
different temperature values was calculated as a percentage of activity at the 
optimum temperature.  Temperature values versus percentage relative activities were 
plotted to yield the temperature profiles. The results were plotted as either 
percentage relative activity verses pH values. 
2.8.5. Determination of Stability profiles 
The stability profiles were obtained according to the modified methods found in 
literature (de Lemos Esteves et al., 2004; Georis et al., 2000; Miller, 1959).  An 
appropriate dilution of xylanase enzyme in 100 mM citrate buffer at the optimum pH 
respective to that enzyme was incubated at 65 °C, over a time course of 48 hours.  
Each extracted sample was assayed in triplicate for xylanase activity, as per section 
2.8.2.  The relative activity remaining was expressed as a percentage of the optimum 
activity observed at point 0. Incubation time versus percentage relative activity was 
plotted to yield the stability profile for the crude and purified xylanase. Inactivation 
data was determined as per the methods of Anthon and Barrett, 2002. The rate 
constants k for first-order inactivation were determined from the slopes of the 








where A0 is the initial enzyme activity and A is the activity after heating for time t.  
Following this, inactivation is given as a D value, the time required to reduce the 
enzyme activity to 10% of its original value. The D value is directly related to the 
inactivation rate constant k by eq. 2: 
𝐷 = 2.303/𝑘 
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2.8.6. Determination of kinetic parameters Km and 
Vmax 
The kinetic parameters Km and Vmax were determined for the xylanases with 
respect to the substrate xylan from beechwood using the modified methods available 
in literature (Carmona et al., 2005; Miller, 1959; Sudan and Bajaj, 2006a).  
Determination of the kinetic constants for the xylanase was achieved by monitoring 
the rate of substrate hydrolysis as a function of substrate concentration at their 
optimum pH and temperature. Substrate concentrations ranged from 2.5-25 µmol 
xylan from beechwood.  The rate of hydrolysis of the different concentrations of the 
substrate was monitored in triplicate. Plots of substrate concentration versus enzyme 
velocity were fit using non-linear regression in GraphPad Prism, which then 
estimated the kinetics constants Km and Vmax from these graphs. 
2.8.7. Determination of substrate specificity 
The substrate specificity of the xylanases were determined with respect to the 
substrates xylan from beechwood, xylan from birchwood, wheat arabinoxylan, CM-
cellulose, Avicel, xyloglucan, barley β-glucan, p-nitrophenyl cellobioside, and p-
nitrophenyl xylopranoside. The first 7 substrates listed were tested as per section 
2.8.2 by substituting 1% solutions of each substrate in place of xylan from 
beechwood.  
For the p-nitrophenyl-linked substrates the assay systems contained either 100 µL 
2.5 mM p-nitrophenyl-B-D-xylopyranoside/1 mM p-nitrophenyl cellobioside in 200 
mM citrate buffer pH 4 (or appropriate pH) as substrates. The 100 µL of the 
appropriately diluted enzymes in dH2O was added to the substrate. The reaction was 
allowed to proceed for 15 min at the required temperature and was stopped by the 
addition of 1 M sodium carbonate solution. Both substrate and enzyme were 
equilibrated to assay temperature prior to initiation of the reaction. An assay blank 
contained enzyme and substrate solution, which were incubated separately for the 
duration of the reaction period and mixed only after addition of stopping solution to 
the substrate. The assays and blanks were each carried out in quadruplicate. The 
absorbance of each sample was measured at 400 nm with a UV-visible 
spectrophotometer, blanked with dH2O. 
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As the hydrolysis of p-nitrophenol-B-D-xylopyranoside and p-nitrophenyl 
cellobioside leads to the release of the p-nitrophenyl conjugate, a standard curve of 
p-nitrophenyl concentration verses absorbance at 405 nm was constructed to quantify 
the amount released during the assay. P-nitrophenyl standard solutions were 
prepared in quadruplicate by diluting a stock solution of p-nitrophenyl in 100 mM of 
the appropriate buffer. Standard solutions ranged from 0-500 nmol/ml 4-nitrophenol. 
Construction of the standard curve was carried out by mixing the required amount of 
standard solutions with the required amount of stopping solution and subsequently 
determining absorbency values at 405 nm. From the standard curve, the amount of p-
nitrophenyl released during the assay could be determined and this was used to 
calculate the activity the xylanases displayed towards xylopyranoside and 
cellobioside substrates. 
2.8.8. Industrial applicability test of Xyn1 
Hydrolysis reactions on complex industrial substrates were carried out in order to 
further investigate the indicative industrial applicability of the enzyme deemed to be 
the most commercially promising; Xyn1. Briefly, 10 mg of substrate was placed into 
10 mL of 100 mM citrate buffer pH 4. The test sample contained 0.2 mg of Xyn1 
and the negative control contained only buffer. The samples were incubated at 50 °C 
at 150 rpm. The hydrolysis samples were tested for the presence of reducing sugars 
via the DNS method as previously described (see section 2.8.2) at various time 
points. Xyn1 was considered to have activity against a substrate if the amount of 
reducing sugars released from the reaction was greater than the blank samples, and if 
the amount of reducing sugars released increase over the course of the time points. 
Measurement of viscosity reduction on wheat extracts soluble arabinoxylan (WE-
SAX) by Xyn1 was carried out as follows. Substrate was prepared according to 
Christophersen et al., 1997, whereby wheat whole meal flour was added to H2O in a 
1:1 ratio. The components were mixed and incubated at 45 °C, 250 rpm for 15 min. 
The sample was centrifuged at 4000 rpm for 15 min at 4 °C and the supernatant was 
collected. The supernatant was heat denatured at 95 °C for 15 min, and centrifuged 
as before. The sample was filtered through a 0.45 µm syringe filter, and the initial 
viscosity of the sample was measured using an Ostwald viscometer. The test sample 
contained 0.35 mg of purified Xyn1 mixed with 20 mL WE-SAX, and H2O was used 
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as a control. The samples were incubated for 1 h at 45 °C at 150 rpm. The viscosity 
of the test broth and control broth was measured using an Ostwald viscometer.  
Xyn1 was investigated for its ability to produce short-chain xylooligosaccharides and 
arabino-xylooligosacchairdes, such as (arabino-) xylobiose and (arabino-) xylotriose, 
as these have commercial application in pig and chicken feed as prebiotics 
(discussed section 2.1.7.). The substrate was prepared as described for the viscosity-
reduction testing in this section.  Commercially, Shearzyme 500L, a GH 10 xylanase 
gene from Aspergillus aculeatus expressed in Aspergillus oryzae, is used to produce 
these short-chain xylooligosaccharides and arabino-xylooligosacchairdes from whole 
meal wheat flour at a concentration of 100µL per 200g of flour (in activity units 
translates to some 180 µmol of xylan per min hydrolysed by the enzyme) (Rantanen 
et al., 2007) . Thus, Shearzyme 500L (Novozymes) was used as a positive control, 
water was used as a negative control and the Xyn1 dosage required to match the 180 
units of activity was added to the test sample. The appropriate amounts of each 
GH10 xylanase was added to the reaction and incubated for 30 min at 45 °C, 250. 
The sample was then heated to 95 °C for 15 min to denature xylanases.  
Once the reaction was complete, the samples were centrifuged as before and filtered 
through a Claristep® filter, into a Thermo polypropylene vial, placed into the Dionex 
Autosampler and subjected to high performance anion exchange chromatography 
with pulsed amperometric detection (HPAEC-PAD) analysis using method described 
in literature (Kabel et al., 2002) . The Dionex ICS-5000 system, in conjunction with 
a 4x250 mm ThermoFisher CarboPac-PA10 anion exchange column (ThermoFisher 
Part # 035391) and Carbo Pac-PA10G guard column, 4x50 mm (ThermoFisher Part 
# 043096), as well as an Electrochemical Detector were used to detect and quantify 
sugars and oligosaccharides released from the hydrolysis reaction. Elution (1ml/min) 
of the oligomers on the hydrolysates was performed with a combination of linear 
gradients of 50–90 mM sodium acetate in 100 mM NaOH during 0–5 min, 90–130 
mM sodium acetate in 100 mM NaOH during 10 min, followed by a linear gradient 
to 520 mM sodium acetate in 100 mM NaOH in 15 min. For the analysis of 
arabinose and xylose in the hydrolysates, an isocratic elution (1 ml/min) of 20 
minutes was carried out with a solution of 16 mM NaOH. Each elution was followed 
by a washing and equilibration step. The method was carried out at 25 °C. Prior to 
detection, the column was washed with 100 mM NaOH at 1 ml/min for 
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approximately 2 hours. The column was equilibrated with at least two blank 
injections. Blank injections were run regularly between samples. Standards for this 
method included 50 µg/ml of glucose, arabinose, xylose, xylobiose, xylotriose and 
xylotetraose. To allow quantification of the short-chain xylooligosaccharides, 
standard curves for xylose, xylobiose, xylotriose and xylotetraose were created with 
concentrations of each ranging from 1 - 100 µg/ml. Comparison of the peak-
retention time of the standards to the peak-retention times resulting from the test 
samples allowed detection and quantification of the sugars. 
2.9. In Silico Results 
The xyn1 and xyn12 DNA sequences (see Figure 2.6 And Figure 2.7) originate from 
the R. emersonii IMI116815 genome. A BLASTN and BLASTP search of the xyn1 
and xyn12 nucleotide and protein sequences; both showed similarity with other 
endo-1,4-β-xylanases from Glycoside Hydrolase (GH) family 10.  
Xyn1 displayed 67% identity with 91% query cover to a hyper thermostable GH10 
xylanase from Talaromyces leycettanus (Wang et al., 2016), 59% identity and  99% 
percent sequence cover with an endo-(1-4)-beta-xylanase from Penicillium 
canescens (Maĭsuradze et al., 2011), and 56% identity with 89% query cover against 
a thermophilic and acid stable family-10 xylanase from the acidophilic fungus 
Bispora sp. MEY-1 (Luo et al., 2009). 
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Figure 2.6 DNA sequence of xyn1 including signal sequence, GH10 catalytic domain and 
stop codons. 
Xyn12 shows 69% identity across the full sequence of a Penicillium funiculosum 
xylanase (Furniss et al., 2005), 69% identity to Xyl10A from Acremonium 
cellulolyticus, 60% identity with 94% sequence cover with a 44 kDa thermostable 
xylanase from  M. cinnamomea, 66% identity across 93% of the sequence of a 
family 10 xylanase gene (Aoxyn10) from Aspergillus oryzae (Yin et al., 2013), 65% 
identity across 86% of the sequence of the Xyn10B sequence from Irpex lacteus, 
64% identity with 77%  sequence cover with a family 10 xylanase from G. trabeum, 
and 64% and 63% identity with Xyn10A and Xyn10C from Phanerochaete 
chrysosporium, respectively (Decelle et al., 2004; Dobozi et al., 1992). 
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Figure 2.7 DNA sequence of xyn12 including signal sequence, GH10 catalytic domain, 
linker region, CBM1 domain and stop codons. 
Xyn1 and Xyn12 were aligned using the Custal Needle alignment tool (see Figure 
2.8). They display 41.5% identity with each other, with the majority of the similarity 
between both sequences occurring in the predicted GH10 regions. These regions 
were aligned, omitting the linker and CBM1 of Xyn12 and the signal sequences. The 




Figure 2.8 Sequence alignment of Xyn1 to Xyn12 generated using the Custal Needle 
alignment tool. 
GH10 xylanases are retaining enzymes and follow a classical Koshland double-
displacement mechanism. Their three dimensional structures have a classical (α/β)8 
TIM barrel fold with the two key active site glutamic acids located at the C-terminal 
ends of β-strands 4 (acid/base) and 7 (nucleophile) (Wicki et al., 2007). See Figure 
2.9 for predicted 3D structures of the xylanases 
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The protein sequence of Xyn1 was predicted by Signal P to contain a signal 
sequence from amino acids 1-18, and Xyn12 was predicted to contain a signal 
sequence of amino acids 1-22. It had previously been determined that the xylanases 
were natively secreted and so signal sequences were expected. 
The predicted isoelectric point of the mature Xyn1 and Xyn12 polypeptides are pH 
4.67 and pH 4.55, respectively. The predicted molecular weights are 38.04 kDa and 
41.67 kDa. The ELM Resource (see section 2.2.5) predicted that Xyn1 contained 6 
N-linked glycosylation sites at the asparagine amino acids at sites 24, 65, 91, 126, 
166, 338, and 2 yeast kexin2 cleavage sites. It was predicted that Xyn12 contained 2 
N-linked glycosylation sites at asparagine amino acids at sites 56 and 123 (see Table 
2. 6). In 1994, Touhy et al discovered that the natively secreted xylanolytic enzyme 
system from T. emersonii IMI393751 (now termed R. emersonii IMI393751) 
contains at least 13 endo-β-1,4- d-xylanases, all of which were found to be 
glycoproteins, with molecular weight values ranging from 30–131 kDa, pI values 
from pH 3.5–5.5 (Tuohy et al., 1994). The xylanolytic profile of T. emersonii has 
been shown to differ from strain to strain (Tuohy et al., 2012). Nevertheless, 
similarities between strains would be expected.  The predicted molecular weight of 
Xyn1 and Xyn12 falls within that molecular weight range. The published xylanases 
that display sequence homology to Xyn1 and Xyn12 (i.e. sequences from 
Talaromyces leycettanus, Penicillium canescens and Bispora sp. MEY-1) were found 
to be glycoproteins. Typically, proteins which are secreted through a cell membrane 
undergo post-translational modifications; therefore, the presence of glycosyl 




Table 2. 6 Predicted PTMs fir the translated xyn1 and xyn12 sequences. PTMs were 
predicted by the ELM Resource under “Rasamsonia emersonii” and “extracellular” 
conditions. 
  
BLASTP and Interpro searches (section 2.2.5) detected the GH10 catalytic region in 
both sequences. The predicted active sites for Xyn1 and Xyn12 were detected as 
being from amino acids 265-275 and 372-408, respectively. A carbohydrate binding 
domain (CBM) was detected in Xyn12 at the C’-terminus. It was detected as the 
small four-cysteine cellulose-binding domain of fungi. This type of CBM has four 
conserved cysteines, all involved in disulphide bonds. When present in a cellulase or 
xylanase sequence, is usually found either at the N-terminal or C-terminal (Mattinen 







Yeast kexin 2 cleavage site RRG 37-39 [KR]R.
KRV 107-109













Figure 2.9 Predicted protein domains within Xyn 1 (left/blue) and Xyn12 (right/red), as 
generated by SWISS model and visualised using PyMol. GH10 family domain is detected in 
both sequences and the inner β and outer α TIM barrel folds are labelled on Xyn1. The 
carbohydrate binding domain is labelled on Xyn12. 
 
2.10. Molecular Biology Results 
2.10.1. Polymerase Chain Reaction 
The Polymerase Chain Reaction was carried out as per section 2.4.3 on the target 
xyn1. After the PCR reaction cycles described in section 2.4.3 were complete, the 
DNA samples were loaded onto the agarose gel. The DNA ladder; Quick-Load 1kb 
DNA ladder form New England Biolabs, was loaded into lane “M” and was used to 
track the progression of the samples through the gel. The ladder is fully separated 
indicating that the electrophoresis has run effectively. Upon comparison to the DNA 
ladder under UV light, the bright band of amplified DNA can be seen to occur in the 
expected region of 1089 bp, indicating that the amplification reaction was successful. 
No unspecific amplification can be seen (Figure 2.10). 
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Figure 2.10 Amplicons resulting from the Polymerase reaction, carried out as described 
previously. Lane M contains Quick Load 1 kb DNA ladder; lane 1 contains amplified xyn1 
DNA sequence. Note that cloning and thus PCR of xyn12 was previously carried out my 
MBIO staff. 
2.10.2. Digestion Results 
Digestion reactions were carried out on the PCR products and on their corresponding 
pICZα vectors as described in section 2.4.4. The sequences were subsequently 
purified to remove any restriction enzymes. The restriction enzymes used were 
EcoR1, Xho1, Xba1 and Pme1. As an experimental control, a single digest for each 
respective restriction enzyme was carried out on pICZα vector in conjunction with 
any digestion reaction. The DNA samples were visualised on an agarose gel post 
digestion. If the enzymes had effectively linearized the control vectors, it could be 
assumed that the restriction enzymes had also effectively digested the purified PCR 
products. The results seen in Figure 2. 11 are a typical example of a gel resulting 
from a successful digestion procedure. In lanes 1, 2 and 3 digested linear plasmids 
can be seen in the regions of 3500 bp. In lane 4, the undigested plasmid can be 
visualised, occurring between 2000-3000 bp, most likely in supercoiled form 
(Bloomfield et al., 2001). Double digested vectors and PCR product were used in the 
subsequent steps.  
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Figure 2. 11 Products of the DNA digestion procedure described previously. Ladder is 
Quick-Load 1kb DNA ladder. Lane 1 contains linearized pICZα vector, digested by EcoRI 
enzymes; lane 2 contains linearized pICZα vector Xba1 enzymes; lane 3 shows linearized 
pICZα vector digested by Pme1 enzymes; lane 4 shows undigested pICZα, vector most likely 
in supercoiled form. 
2.10.3. Screening of clones in Top10F’ E. coli cells 
Ligation of the digested xyn1 amplicons and the pICZα expression vectors was 
carried out as per section 2.4.5, and subsequently transformed into electro-competent 
Top10 F’ E. coli cells as per 2.4.8. 
Once the ligation mixture was electroporated into the competent E. coli cells, the 
cells were allowed to recover before being spread on selective LB low-salt zeocin 
agar for selective growth of cells with zeocin resistance. The gene for zeocin 
resistance is contained within the sequence of the pICZα vector, thus only those 
colonies which have “picked up” the vector DNA will grow in the presence of the 
zeocin antibiotic. Screening is required to ensure that the insert DNA is contained 
within the vector as empty vector DNA alone would allow for the cell growth. 
Plasmid-insert analysis was carried out on randomly-selected colonies to confirm the 
presence of the insert as per section 2.4.11. The resulting samples were loaded 
directly onto an agarose gel and subjected to electrophoresis (Figure 2.12). Where a 
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clone is positive for its respective insert, a bright band of DNA can be visualised at 
the appropriate area of the gel corresponding to the size of the target sequence. 
 
Figure 2.12 Resulting agarose gel after the screening of 8 colonies from the xyn1 
transformation plate. The areas showing bright bands of DNA indicate these transformants 
positive for the xyn1 insert DNA. 
2.10.4. Sequencing Analysis 
Purified pICZα vectors containing inserts were sent to Eurofins Genomics for 
sequencing analysis. The resulting sequence was aligned with the original xyn1 
sequence (minus the signal sequence and stop codons) using ApE computer 
programme as per section 2.2.5. The alignment produced a homology score of 100 % 
in all cases, there was no deviation from the original sequence. 
2.10.5. Polymerase chain reaction in Xylanase Engineering  
For xyn1 engineering, the linker and CBM1 sequences (originally from xyn12) were 
truncated to the C- terminal. Three rounds of PCR reactions were employed to 
achieve this. Both xyn1 and xyn12 plasmids, which had been previously sub-cloned 
into and isolated from Top10 F’ E. coli, were used as template DNA, an overview of 
this strategy can be seen in Figure 2.5. Thus, the expected amplified DNA sequence 
lengths are 1032 bp for the xyn1_GH10 region, 195 bp for the xyn12_CBM1 region 
and 1224 bp for the truncated xyn1cbm1 sequence.  
The aim for xyn12 engineering was to omit the linker and CBM1 regions yielding a 
966 bp DNA sequence encoding just a GH10 catalytic region. This was achieved 
with one round of PCR using one pair of primers and the xyn12 template. 
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After the PCR reaction cycles described in Table 2. 4 were complete, the DNA 
samples were loaded onto the agarose gel, see Figure 2.13. The DNA ladder; Quick-
Load 1kb DNA ladder form New England Biolabs, was loaded into lane “M” and 
was used to track the progression of the samples through the gel. The ladder is fully 
separated indicating that the electrophoresis has run effectively. Upon comparison to 
the DNA ladder under UV light, the bright bands of amplified DNA can be seen to 
occur in the expected regions, indicating that the amplification reaction was 
successful in all cases. No unspecific amplification can be seen. 
 
Figure 2.13 Amplicons of PCR reactions employed during xyn1 engineering to yield 
xyn1cbm1and amplicons of PCR reactions employed during xyn12 engineering, designed to 
omit the linker and cbm1 regions, yielding xyn12ncbm 
The engineering PCR products were then subject to the same standard sub-cloning 
methods as the other sequences contained in this section; digestion, ligation, 
electroporation and screening as outlined in methods sections 2.4.4 to 2.4.11. The 
sub-cloning protocols resulted in positive clones for both xyn1cbm and xyn12ncbm 
as seen in the screening result below Figure 2.14. Purified pPICZα vectors 
containing inserts were sent, as before, for sequencing analysis. The resulting 
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sequences were aligned with the predicted DNA constructs using ApE computer 
programme as per section 2.2.5. The alignment produced a homology score of 100 % 
for both the xyn1cbm and xyn12ncbm sequences. 
 
Figure 2.14 Results from PCR on colonies procedures for each of the engineered xylanase 
transformation plate, displayed on agarose gel. The areas showing bright bands of DNA 
indicate clones positive for the respective insert DNA 
2.10.6. Transformation into Pichia pastoris 
Linearized plasmids were electroporated into electrocompetent P. pastoris cells as 
per section 2.4.10. The cultures were spread onto YPD media substituted with zeocin 
of rising concentrations. The growth of single colonies indicted that the 
transformation had been successful. The rising concentration of zeocin encourages 
the separation of high-copy integrals. Often, during electroporation of P. pastoris, 
different amounts of the clone DNA can transform into the cells. A resistance to high 
amounts of zeocin indicates that the growing cells have “picked-up” many copies of 
the clone DNA containing the zeocin-resistance gene. High copy integrals are often 
the highest expressers of the target protein, so the isolation of high-copy integrals is 
desired. The genetic make-up of each of the transformed P. pastoris cells will differ, 
therefore expression screening must carried out to determine the highest target 
protein expresser (Invitrogen, 2010; Mellitzer et al., 2012; Weidner et al., 2010). 
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2.11. Expression Results 
Expression studies for each xylanase typically entailed 4 steps, as outlined in 
sections 2.5.1-2.5.4, those steps were: 
1. Initial screen of P. pastoris transformants for protein. This involved growth 
and expression of up to 24 colonies in 2 mL culture for 48 h induction, and 
subsequent SDS PAGE analysis. 
2. Screen of P. pastoris transformants for desired activity, carried out by 
incubating 10 µL of the crude supernatant from each of the 2 mL expression 
cultures on 0.2% Azo-xylan from birchwood agar plates. Results positive for 
xylanase activity are visualised as containing a zone of clearance. 
3. Full expression time course of the highest expresser and SDS PAGE analysis. 
This involved growth and expression in a 100 mL culture for 216 h of 
induction. 
4. Full expression activity curve of the highest expresser. This involved 
xylanase activity analysis of the samples taken every 24 h over the 216 h 
expression time course. 
The exception to this was Xyn12, where the sample was provided in the P. pastoris 
cell, having already been determined as the highest expresser by MBio staff, which 
went straight into full expression time course studies.  
2.11.1. Initial Screen of P. pastoris for Protein 
After the transformation procedure outlined in section 2.4.12 was carried out for the 
xylanases, the number of transformants on the selective plates was counted. The 
selective plates ranged from 100-1000 µg/mL zeocin concentration. For Xyn1 and 
Xyn12ncbm, transformant numbers were classed as “200 colonies or more” for each 
plate. The numbers of colonies on each plate was seen to decrease as the 
concentration of zeocin increased, indicating the inclusion of high-copy-integral P. 
pastoris cells. The transformation efficiency for Xyn1cbm was lower; in total, 8 
colonies were seen on the plate containing 100 µg/mL, there were 3 colonies present 
on the plate containing 500 µg/mL zeocin, and there were only 2 colonies present on 
the plate containing 1000 µg/mL zeocin. Despite low number of transformants, the 
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decrease of colony numbers with the increase in zeocin concentration is the expected 
trend, indicating the inclusion of high-copy-integral P. pastoris cells.  In all cases, 
there was no growth seen on the negative controls which contained water instead of 
DNA, indicating that there were no false-positive transformants. Samples from each 
of the plates were picked at random and underwent recombinant expression 
screening as per section 2.5.1. 
Upon analysis of the Xyn1 expression secretomes by SDS PAGE, a smear spanning 
the regions of 55.1-85.9 kDa can be visualised in the supernatant of all of the 
transformants (Figure 2. 15, Xyn1 gel, lane 3-12). The smear is not visible in either 
of the negative control samples; “empty vector” and “media only” (lanes 1 and 2), 
indicating that the smear is the recombinant xylanase.  The largest smear was 
observed in lane 12, suggesting that the corresponding P. pastoris cells were the 
highest expressing cells of the target Xyn1 protein. This sample had been taken from 
the transformation plate containing the highest concentration of zeocin, therefore 
making it a high copy integral, thus higher levels of recombinant protein expression 
would be expected (Invitrogen, 2010). The resulting activity plate from the initial 
activity screen can be seen in Figure 2. 16. Xylanase activity (zones of clearance) 
can be seen in all samples. The highest Xyn1 expresser was deemed to be the cells 
which yielded the sample in lane 12, which gave the largest protein smear and 
corresponded to the activity sample in lane 6D with the largest zone of clearance. 
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Figure 2. 15 Supernatants from expression screening of  Xyn1, Xyn1cbm and Xyn12ncbm 
displayed on a 10% pre-cast SDS gel after electrophoresis. “M” refers to PageRuler™ Unstained 
Protein Ladder. “C” refers to the negative control of empty vector secretome. The recombinant 
proteins are highlighted. Highest expressers can be seen in lanes 13, 9 and 11 for Xyn1, Xyn1cbm 





Upon analysis of the expression secretomes of the Xyn1cbm transformants by SDS 
PAGE electrophoresis, a smear with an apparent molecular weight of 59.6-117.1 
kDa was observed (Xyn1cbm gel, lane 2-14). The smear is not visible in the negative 
control sample containing empty vector (lane 1), which indicates that this is the 
protein of interest. The largest smear was observed in lane 9, indicating that it’s 
corresponding P. pastoris cells were the highest expressing cells of the recombinant 
xyn1cbm1 sequence. This sample had been taken from the transformation plate 
containing the highest concentration of zeocin, therefore making it a high copy 
integral (Invitrogen, 2010). The resulting plate from the activity screen can be seen 
in Figure 2. 16, zones of clearance can be observed in all wells which contained 
expression secretome, demonstrating the activity of each sample. The highest 
xyn1cbm1 expresser was deemed to be the sample in lane 9, corresponding to the 
activity sample in lane 3A. 
Upon analysis of the Xyn12ncbm expression secretomes by SDS page 
electrophoresis, two bands with molecular weight of 45.1 kDa and 48.6 kDa could be 
visualised in the supernatant of all of the transformants (Figure 2. 15, Xyn12ncbm 
gel, lane 2-13). The banding is not visible in the negative control sample; empty 
vector (lane 1), indicating that the banding is the protein of interest. A similar 
banding pattern was observed for the recombinantly expressed xyl10A from 
Acremonium cellulolyticus which displays 69% sequence homology with Xyn12, 
expressed two isoforms; rXy10A-I at 51 kDa and rXyl10A-II at 53 kDa (Kishishita 
et al., 2014). The resulting plate from the Xyn12ncbm activity screen can be seen in 
Figure 2. 16, results positive for xylanases activity are visualised as a zone of 
clearance. The highest xyn12ncbm expresser was deemed to be the cells 
corresponding to activity sample in lane 3B of Xyn12ncbm plate, Figure 2. 16 and 




Figure 2. 16 Results of the activity screen protocol for Xyn1, Xyn1cbmand Xyn12ncbm. 
Plates contained 0.2% azo xylan from birchwood, 2% agar at pH 4, and were incubated at 
60 ºC for 1 h. Samples positive for xylanase activity can be seen as a zone of clearance. 
Negative control contained only buffer and positive control contained a commercial 
xylanase from Megazymes 
Expression screening was not necessary for Xyn12, as the sample was provided by 
the employment partner having already been identified as the highest recombinant 
xylanase expressing transformant. Thus, this sample went directly into expression 
time course studies. 
2.11.2. Full-scale expression Results 
The highest expressing colony for each xylanase was induced as per section 2.5.4. 
The presence of xylanase activity was measured via 3,5-Dinitrosalicylic acid (DNS) 
xylanase assay method as per section 2.8.2 which detects the amount of reducing 
sugars produced by the xylanase enzyme in the presence of xylan (Miller, 1959). 
Expression samples were collected every 24 h up to 216 h after induction, and assays 
were carried out in triplicate for each time point. In all cases, the xylanase activity of 
the expression cultures were still rising steadily, without appearing as if it were about 
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to level off at 216 h. Xyn1 activity levels reached up to 640 µmol/min at 216 h of 
expression. Xyn12, Xyn1cbm and Xyn12ncbm reached 2080 µmol/min, 420 
µmol/min and 235.27 µmol/min, respectively. Evaporation of the expression samples 
through the breathable membrane was observed. A water evaporation rate of 2.5 mL 
per 24 h was assumed. The rate of water loss was estimated by measuring the 
amount of liquid loss from a 100 mL sample of un-inoculated media remaining in a 
500 mL flask after 24 h and 48 h of incubation under the sample expression 
conditions. Additionally, the expression experiment was re-started under the same 
conditions in order to gain a complete expression curve i.e. where levelling of 
xylanase activity can be seen, using Xyn1 as the test sample. The most recent 
expression sample (data not shown) showed that the xylanase activity was still 
steadily rising at 456 h (19 days) with activity level of 1360 µmol/ min, at which 
point the expression trial was terminated.  
During the expression of Xyn1, the smear with an apparent molecular weight of 55.1 
- 85.9 kDa increases over the time points of the samples, supporting the hypothesis 
that this is the recombinant Xyn1. The steady increase in protein amount is 
consistent with the results of the xylanase activity assay which shows that the 
xylanase activity of the expression samples is increasing up to/past h 216. Typically, 
at 48 h of expression 95 mL of crude supernatant is collected and samples have been 




Figure 2.17 The rising xylanase activity of expression samples from the expression of Xyn1, 
over 24 h time points as assayed via the DNS method for detection of reducing sugars. 
Expression samples from 0 -216 h of expression displayed on a 10% SDS gel after 
electrophoreses. The smear from 55.1-85.9 kDa can be seen to increase in size with the time 
points. 
A smear with an apparent molecular weight of 52.8 - 71.4 kDa hypothesised to be 
the recombinant Xyn12 enzyme, increases over the time points of the samples. 
Multiple banding is observed in the gel. One band occurs at 47.2 kDa and another at 
43.9 kDa. These bands also increase over time, indicating that they are a differential 
form of the recombinant Xyn12 protein, possibly an isoform of the enzyme which is 
proteolyticly cleaved or may undergo differential glycosylation, as is known to occur 
with P. pastoris expression (Sinha et al., 2005). 
The steady increase in protein amount is consistent with the results of the expression 
time course which shows that the xylanase activity of the expression samples is 
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increasing up to/past hour 216 h. Typically, at 48 h of expression 95 mL of crude 
supernatant is collected, samples have been seen to reach activity levels of up to 750 
µmol/mL/min after 48 h.  
 
Figure 2.18 A typical expression time course of recombinant Xyn12 expression. Samples 
were collected every 24 h up to 216 h, and assayed via the DNS method for detection of 
reducing sugars (see graph, +-SD, n = 3). The smear displayed on the SDS gel from 52.8 - 




A smear with an apparent molecular weight of 59.6 kDa to 117.1 kDa hypothesised 
to be the recombinant Xyn1cbm enzyme, can be seen in the gel in Figure 2. 19. The 
large smear can be seen to increase over the time points of the samples, supporting 
this hypothesis. The steady increase in protein amount is consistent with the results 
of the expression time course which shows that the xylanase activity of the 
expression samples is increasing up to/past hour 216 h. Typically, at 48 h of 
expression 95 mL of crude supernatant is collected, samples have been seen to reach 
activity levels of up to 203.8 µmol/mL/min after 48 h. 
Figure 2. 19 An expression time course of recombinant Xyn1ncbm expression. Samples were 
collected up to 216 h, and assayed via DNS method to detect reducing sugars (see graph, +-
SD, n = 3). The smear from 59.6 kDa to 117.1 kDa, displayed on a 10% SDS gel after 
electrophoreses, increases in size with the time points. 
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Figure 2. 20 A typical expression time course of recombinant Xyn12ncbm in P. pastoris X-
33. Samples were collected every 24 h up to 216 h, and assayed via the DNS method for 
detection of reducing sugars (graph). The SDS gel shows expression samples from 0 -216 h 
of induction. The 2 bands with apparent molecular weight of 48.6 kDa and 45.1 kDa can be 
seen in the gel from 24 h. At 72 h a third band below at 43.1 kDa can be seen. This band 
increases with intensity over the remaining duration of the expression experiment. By 144 h 
of expression the band of 48.6 kDa is no longer visible. As the sample was harvested at 48 h 
of induction, the banding patterns after this point were not investigated. 
The highest xyn12ncbm-expressing colony was induced as per section 2.5.4. Total 
xylanase activity levels can be seen to reach up to 15880.67 µmol/min at 216 h. As 
seen in Figure 2. 20, results of the assay found that the xylanase activity of the 
expression culture was still rising steadily, without appearing as if it were about to 
level off at 216 h, when the experiment was terminated. 
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The 2 bands with apparent molecular weight of 48.6 kDa and 45.1 kDa can be seen 
in the gel from 24 h. At 72 h a third band below at 43.1 kDa becomes apparent. This 
band increases with intensity over the remaining duration of the expression 
experiment. By 144 h of expression the band of 48.6 kDa is no longer visible; it’s 
possible that this band is degraded by the proteolytic enzymes produced by Pichia, 
which are increasing present in the secretome after 48 h of expression. The rationale 
being that if it were a protein processing event that occurred as the protein passed 
through the membrane, it would occur from 0 h of induction rather than 144 h.  The 
apparent disappearance of this band does not appear to have any effect on the 
activity of the expression sample as the typical expression curve show a near-linear 
increase in activity throughout the duration of the expression experiment. Both lower 
molecular weighted bands continue to increase in intensity activity throughout the 
duration of the expression experiment. Typically, at 48 h of expression 95 mL of 
crude supernatant is collected and the typical activity of the sample is 65 
µmol/min/mL. 
Upon comparison of Xyn12 with Xyn12ncbm, the large smear of from 55.1-85.9 
kDa that is seen in Xyn12 expression samples is not visible in Xyn12ncbm. 
Indicating that the linker and CBM1 domain contributes to the formation of this 
smear, possibly due to glycosylation sites in this area, as predicted in section 2.2.5. 
2.11.3. Discussion of expression 
Effective secretion of the recombinant xylanase enzymes into the expression media 
was expected due to the α-factor signal sequence included in the pPICZα vector. The 
α-factor is a signal sequence designed specifically for transport through the P. 
pastoris cell membrane. Interestingly, the “empty-vector” expression samples were 
similar in appearance to the “media only” negative control samples, indicating that a 
minimal amount of native protein is secreted by the P. pastoris cell into the 
expression media. 
As both putative xyn1 and xyn12 sequences were predicted to contain signal 
sequences, they are likely secreted in nature by the native organism R. emersonii. 
Though natively-produced proteins and recombinantly-produced expression are 
different for a number of reasons including protein processing PTMs such as 
glycopatterns and proteolytic cleavage, the properties that allow a protein to pass 
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successfully through a cell membrane natively likely facilitate secretion of a 
recombinant form of the same protein.  These R. emersonii xylanases passed 
effectively through the cell membrane into the secretome during recombinant 
expression using the α-factor signal sequence (included in the pPICZα vector). The 
α-factor is a signal sequence designed specifically for transport of a target protein 
through the P. pastoris cell membrane. In all cases; Xyn1, Xyn12, Xyn1cbm, 
Xyn12ncbm, the recombinant protein was detected in the expression secretome; 
furthermore, all xylanases were found to be expressed in active form(s).  
As a methylotrophic yeast P. pastoris metabolises methanol as a sole carbon source. 
The promoter, an alcohol oxidase, is tightly regulated and induced by methanol and 
so expression can be induced with the addition of methanol to the culture’s media. 
As seen in the negative controls of expression screening “empty vector” and “media 
only”, P. pastoris secretes low levels of endogenous proteins into the expression 
media. With no added proteins in the media, the recombinant protein makes up the 
majority of the total proteins in the expression media after the expression 
experiment, facilitating subsequent purification steps (Weidner et al., 2010). P. 
pastoris has the ability to carry out many necessary PTMs as recombinant proteins 
produced can undergo protein folding, proteolytic processing, disulphide bond 
formation and glycosylation, (Weidner et al. 2010)  
Notably, during the expression time course of all xylanases, the activity was steadily 
increasing at 216 h, when the expression experiments were terminated. According to 
manufacturer’s instructions, expression in Pichia pastoris is usually stopped at 96 h, 
rather than reaching the optimum expression time (Invitrogen, 2010). However, 
some papers have described expression in Pichia as only reaching optimum levels 
after long induction times. For example Hu et al., 2010 found that a beta-
galactosidase enzyme activity (sequence natively from the filamentous fungus A. 
niger) didn’t reach optimum levels until after 12 days of induction when 
recombinantly expressed in P. pastoris. Interestingly, another xylanase which was 
natively found in the filamentous fungus T. reesei, was found to only reach optimum 
levels at 168 hours of induction when expressed in P. pastoris, in a more complex 
expression media then BMMY(Sinha et al., 2005) (Li et al. 2014). Mellitzer et al., 
2012 who expressed many different types of lignocellulosic enzymes recombinantly 
in P. pastoris, found during a time-course study of protein concentration during fed 
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batch cultivations that protein levels were still raising steadily in the majority of 
cases at 90 h of induction. 
However, although the xylanase activity levels are rising at 216 h, this is not 
considered the optimum time for protein expression. This is due to the presence of 
proteases in the crude expression culture after 48 h of expression. The degradation of 
the target xylanase proteins was initially observed during a de-glycosylation of Xyn1 
harvested after 216 hours of expression and zymogram procedure which resulted in 
multiple bands displaying xylanase activity, indicating degradation of the target 
protein (data not shown). Furthermore, the proteases appear to cleave at the C-
terminus causing loss of the histag region, and increased target protein loss during 
IMAC purification. Protease production during methanol induction of recombinant 
proteins had been observed previously in literature. Proteases, which originate in the 
vacuoles of the P. pastoris cells, were not found in the secretome before 48 h of 
expression,  as they had not yet passed through the cell membrane (Sinha et al., 
2005). They were found increasingly in the secretome after 48 h of methanol 
induction. Therefore, 48 h of methanol induced expression is considered the 
optimum expression time. With the exception of the expression curves and timelines, 
the xylanases used in this study were harvested after 48 h of expression. 
It has been seen previously that high yields of recombinant (hemi)cellulases with 
activity comparable to enzymes expressed natively has been produced in P. pastoris 
(Lambertz et al., 2014). In fact, P. pastoris has become one of the most frequently 
used expression host of recombinantly expressed (hemi)cellulases originating from 
filamentous fungi; over 700 proteins have been recombinantly produced by this 
yeast. For extracellular recombinant proteins, levels of 14.8 g/L have been observed 
(Lambertz et al. 2014). In the cases of these xylanases, SDS-PAGE analysis of the 
xylanases at 48 h of induction showed that the majority of the protein content in the 
sample is the target recombinant protein of interest.  
At 48 h of expression, the xylanases activity levels of each sample differ on an 
enzyme-by-enzyme basis, for example, the xylanase activity of the crude Xyn12 
expression sample can reach up to 750 µmol/min/mL. Whereas, typically, the 
activity levels of Xyn12ncbm after 48 hrs of induction only reach 60 µmol/min/mL 
(the corresponding specific activity of the crude samples can be seen in Table 2. 7). 
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This comparable to xylanases from literature expressed using the P. pastoris system. 
Yin et al., 2013, expressed a GH10 and recorded 45 U/mL activity after 96 hours of 
expression. (Damaso et al., 2003) expressed a xylanase originating from 
Thermomyces lanuginosus in P. pastoris and natively. Xylanase activity of 42.2 
U/mL and 88.5 U/mL which corresponded to 271.62 U/mg and 327.78 U/mg, was 
recorded for the recombinant and native enzyme, respectively. Gaffney et al., 2009, 
achieved activity levels of 26.8 U/mL after 120 h induction for a xylanase originally 
from T. lanuginousus, recombinantly expressed in P. pastoris. The activity figures 
recorded from crude supernatant of Pichia-expressed proteins are not a 
representation of the enzyme’s true/specific activity, but are an illustration of the 
differences in Pichia expression from transformant to transformant (Mellitzer et al., 
2012). A P. pastoris cell which contains many copies of the target plasmid is known 
as a “high-copy integral”. Due to the presence of many copies of the target plasmid, 
high-copy integrals will display increased zeocin resistance. Thus, these can be 
easily isolated after transformation by plating the transformation cultures onto plates 
of increasing zeocin resistance. In most cases, the highest protein expresser is a high-
copy integral. However, it can occur that a high-copy P. pastoris cell can become 
over-whelmed upon induction. Thus, expression screening must be carried out after 
each transformation.  
Though a change in shape/size of the xylanases due to the addition or removal of the 
CBM is apparent, the CBM engineering does not appear to affect the actual 
expression of the xylanases, as high levels of recombinant protein are visualised in 
all SDS PAGE gels. Different isoforms produced by P. pastoris cells can affect the 
activity of the expressed protein, further illustrating the requirement for expression 
screening studies. 
2.12. Purification Results 
Immobilized metal ion affinity chromatography (IMAC) purification procedure was 
carried out as per the Cobalt resin technique in section 2.7.3. For each of the 
xylanases, a typical chromatogram resulting from analysis of absorbance at 280 nm 
of the fractions and xylanase assay for the fractions was developed, and can be seen 
in Figure 2. 22. A purification table detailing the yield and purification fold for each 
step of the full purification procedures is detailed in Table 2. 7.  
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In all cases, expression samples were harvested by centrifugation, and 100 mL of the 
crude protein sample was pre-equilibrated to the desired pH of pH 7.4. This 
generally reduced the specific activity (data not shown) of the samples, likely due to 
the increase in pH and salts in the sample. The extract was applied to the column as 
outlined in section 2.7.3, and a chromatogram representing a typical run for each 
enzyme are presented in Figure 2. 22. 
For each enzyme, binding and elution conditions were optimised by varying the 
molarities and pH values of the equilibrium and elution buffers. The protein is 
typically applied to IMAC resin at pH 7.4; however, in an effort to avoid potential 
denaturation to the acidic enzyme equilibrium and elution buffers with pH values of 
pH 6 were applied to the column initially. Additionally, the equilibrium buffer that 
was initially employed included imidazole to a final concentration of 10 mM, to 
discourage binding of contaminant proteins to the metal-charged resin. However, it 
was found that the histag did not completely bind to the column at pH 6, and that 
unnecessary xylanase loss was detected (approximately 10 % total xylanase) in the 
wash samples when imidazole was present in the wash buffer. Thus, binding was 
achieved with the equilibrium buffer at pH 7.4, where no imidizole was present.  
The purification to apparent homogeneity all of the xylanases was achieved in a one-
step IMAC technique, which is apparent by the patterns in each of the 
chromatograms. Similarity in chromatograms is not unexpected given that the 
enzymes are expressed in the same system, originate from the same fungus and are 
of the same GH family.  
All contaminant proteins appear to be removed by the first two wash steps. This is 
shown in the chromatograms as saturation or near saturation of the light at 280 nm 
occurs until 6 mL of wash buffer has passed through the column (up to fraction 2), 
yet only some of the xylanase enzyme is detected in this step. This is confirmed by 
the SDS PAGE analysis of the fractions in Figure 2.21 where dark smearing 
spanning the length of the gel is seen in the early fractions, this is typical of media 
interference proteins such as peptones. There is some un-bound xylanase found in 
the initial wash steps. During the wash steps Xyn1, Xyn12, Xyn1cbm and 
Xyn12ncbm lose 32.4%, 22.3%, 47.5%, 70.5% total xylanase activity applied to the 
column, respectively, having failed to bind to the column. This is consistent with the 
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protein detected in these fractions. After approximately 15 mL of wash buffer passed 
through the column, both the absorbance (protein measurement) and the activity 
units reach baseline levels, indicating that there is neither xylanase nor contaminant 
proteins present in these fractions. This is confirmed in the SDS PAGE gels where 
the final wash fractions are completely clear of protein, visualised as what appears to 
be empty lanes. All contaminant proteins or proteins not bound to the resin have 
been eluted in previous washes. 
In the Xyn1 purification gel, the smear ranging from 55.1 - 85.9 which is 
hypothesised to be the recombinant protein can be seen in the elution samples and 
appears to be the only protein present in the sample. In the case of Xyn12 the 2 lower 
bands at 47.2 and 43.9 kDa, which were already found to display xylanase activity 
but no histag through zymogram and western blot protocol on the crude enzyme 
abstract (data not shown), were not present in these elution samples. The loss of 
these samples through the IMAC purification procedure is expected given that they 
did not previously show a positive result for the presence of a histag during western 
blot protocol (data not shown). Xyn12 also lost the largest amount of protein during 
the purification protocol of all the xylanases and the loss of these bands likely 
contributes to this. The higher molecular weight bands at 116 kDa and > 200 kDa 
were a surprise as they were not visible in the expression gel at the 48 h timepoint, 
see Figure 2. 15 (the timepoint these samples were harvested). These bands are 
visible in the results of the western blot protocol, see Figure 2.24 therefore, these 
high-molecular weight bands are likely to be some aggregated protein. The smeared 
band ranging from 59.6 kDa to 117.1 kDa, hypothesised to be Xyn1cbm is present in 
the elution sample as the only apparent protein visible. For Xyn12ncbm, the two 
bands at 48.6 kDa and 45.1 kDa, predicted to be the recombinant xylanase is present 
in the elution samples as the only apparent bands in the gel. Interestingly, the higher-
molecular eight bands present in the Xyn12 re not visible in the Xyn12ncbm sample, 
perhaps the CBM therefore plays a role in the aggregation of the Xyn12 protein. 
Additionally, those xylanases with CBMs show more protein loss in the wash lanes 
of the gels than the xylanases without this domain. As both the CBM and the histag 
are present at the C’terminus of the xylanases, it’s possible that the shape of the 
domain affects the binding of the tag to the resin. In all cases, the results indicate that 









Figure 2.21 Purification fractions tracking the purification of Xyn1, Xyn12, Xyn1cbm and 
Xyn12ncbm during a one-step IMAC purification protocol, detailed in section 2.7, displayed 
on 10% SDS gels. 
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The resin-bound histagged xylanases were eluted once the elution buffer was applied 
to the column. Imidazole, which competes with the histag of the xylanase proteins 
for biding to the metal-charged resin, is applied to the column in a final 
concentration of 150 mM. The elution buffer was applied to the column for 25 mL. 
A single, sharp protein peak is evident over this time, and this peak overlaps with the 
only enzyme activity peak. The xylanase eluted over 3 fractions, which was no more 
than 9 mL. In the elution samples of the SDS PAGE gels large amounts of the 
bands/smears hypothesized to the recombinant xylanases are present in the samples 






Figure 2. 22 Chromatograms tracking the purification of Xyn1, Xyn12, Xyn1cbm and 
Xyn12ncbm during a one-step IMAC purification protocol, detailed in section 2.7. The grey 
trends track the protein content of the fractions and the coloured trends track the respective 
xylanase activity of the fractions. 
  
Page 107 
In all cases there was a significant loss of total protein during the purification 
protocol for each enzyme. Xyn1 samples typically lost 12.16 mg total protein, 
Xyn12 samples typically lost 12.91 mg total protein, Xyn1cbm samples typically lost 
10.96 mg total protein and Xyn12ncbm samples typically lost 9.99 mg total protein. 
Specific Activity for each enzyme rose. Xyn1 samples initially had 16.32 µmol/mg 
units of activity; this became 602.6 µmol/mg units of activity once the sample was 
purified. Xyn12 went from 17.51 µmol/mg to 898.61 µmol/mg, Xyn1cbm from 
11.35 µmol/mg to 484.84 µmol/mg, and Xyn12ncbm from 48.77 µmol/mg to 715.16 
µmol/mg. An increase in specific activity is expected when all contaminant proteins 
are removed from the sample. This resulted in final yields of 41.13 %, 77.72 %, 
52.55% and 29.49 % and purification factors of 36.95, 51.31, 42.72, and 62.99, for 
Xyn1, Xyn12, Xyn1cbm1 and Xyn12ncbm respectively. Results from the 
chromatogram, in addition to a purification factors, indicate that the protein has been 
purified to homogeny during this step. 
The final yield of above 50% for purified xylanases from the crude extract is 
comparable to other filamentous fungi-originating xylanases which have been 
recombinantly expressed in P. pastoris. Li et al., 2015, who expressed a xylanase 
originating from Trichoderma reesei in P. pastoris, achieved a final yield of 54% at 
91% purity. Xyn12ncbm is the only xylanase which did not have a yield of over 
50%; however, a yield of 29.5% is still acceptable given that previously published 
xylanases purified from Pichia pastoris of have recorded yields of 7.8% (Gaffney et 
al., 2009). The high protein yield after purification is assisted by the lack of 
background protein produced by the P. pastoris expression system, the expression 
protocols revealed that the target xylanase proteins made up the majority of the crude 
samples. Most of the contaminant proteins were peptones, yeast extract which was 




Table 2. 7 Purification yield table resulting from the one-step IMAC purification of Xyn1, 
Xyn12, Xyn1cbm and Xyn12ncbm expression samples. “AC” refers to the pre-equilibrated 
crude sample which was applied to the column. “Pooled” refers to the pooled elution 
fraction collected after purification which contained recombinant xylanase enzyme. 















AC 228.34 13.99 34251.00 16.32 100.00 1.00 
Pooled 1102.93 1.83 23161.53 603.02 67.62 36.95 
       Xyn12  
 
Activity Protein  Amount Specific Activity Yield Purification 
AC 249.74 14.26 37461.00 17.51 100.00 1.00 
Pooled 1213.13 1.35 
29115 
12 898.61 77.72 51.31 
       Xyn1cbm  
 
Activity Protein  Amount Specific Activity Yield Purification 
AC 137.83 12.14 20674.50 11.35 100.00 1.00 
Pooled 571.82 1.18 10864.58 485.00 52.55 42.72 
       Xyn12ncbm  
 
Activity Protein  Amount Specific Activity Yield Purification 
AC 564.76 11.58 84714.00 48.77 100.00 1.00 
Pooled 1135.67 1.59 24984.83 715.16 29.49 14.66 
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2.13. Characterisation Results 
2.13.1. Identification of purified Xylanases 
As the xylanases were visualised as either smears or multiple banding patters, it led 
to the hypothesis that these enzymes were glycoproteins; this was investigated by a 
de-glycosylation protocol as per 2.5.10. Additionally, in order to truly identify the 
recombinant xylanases post-purification, and to ensure that there were no 
contaminant proteins “hiding” behind the smear patterns, the pooled samples of 
purified deglycosylated and untreated xylanase proteins were analysed by SDS-
PAGE for the presence of protein, zymogram for the presence of xylanase activity 
and western blot for the presence of the histag, as per sections 2.5.8, 2.8.1 and 2.5.9. 
The presence of a smear and multiple banding patterns in each of the xylanase SDS 
PAGE results, led to the hypothesis they are glycosylated. SDS has a negative charge 
across a wide pH range. It binds to peptides in an amount relative to their size 
(Laemmli, 1970). However, glycoproteins migrate unpredictably in SDS-PAGE 
(Bonifacino, 2004; Hames, 1998). The hydrophilic glycan moieties interfere with the 
binding of SDS, and the decreased hydrophobic interaction between the peptides and 
SDS results in an inconsistent charge-to-mass ratio.  The apparent shift in molecular 
weight of the protein from that which was predicted by the in silico tool Compute 
pI/MW (expasy.org), e.g. in the case of Xyn1 the putative protein was predicted to 
be 38 kDa in size but the expressed protein was determined to be 51-81.9 kDa in 
size, supports this hypothesis. It is also well known that enzymes which are natively 
secreted from eukaryotic organisms are likely to undergo PTMs. It has even been 
seen that the majority of (hemi)cellulases characterised from filamentous fungi 
undergo glycosylation (Choengpanya et al., n.d.; Mellitzer et al., 2012; Waters et al., 
2011). Furthermore, in silico analysis using the ELM resource (section 2.1.5) of the 
xylanase suggests that the protein is glycosylated (N-linked). 
The images resulting for Xyn1 can be seen in Figure 2.23. Xyn1 is seen as a smear 
ranging from 55.1 – 85.9 kDa, which was originally visualised during the expression 
screen. The zone of clearance in the zymogram gel and the colour change in the 
Western blot are comparable in shape and placement to the smear observed in the 
SDS page gel, thereby concluding that the full smear with apparent molecular mass 
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of 55.1-85.9 kDa, is the 6xhis-tagged protein of interest, and that the xylanase 
activity spans the full smear of the xylanase, thus the full smear is functional. A 
single, clean band visualised at 48.1 kDa is identified as the de-glycosylated Xyn1. 
The theoretical molecular weight value did not account for the histag region included 
on the N’terminus by the pPICZαA vector, which would contribute to the increase in 
molecular weight from the theoretical value and the true value. The corresponding 
western blot yields positive results for the presence of a histag in the regions of 48.1 
kDa, gel (b) thereby allowing identification of the 48.1 kDa band as the recombinant 
xylanase protein. The de-glycosylated xylanase shows only slight activity and 
notably less activity in 0.1% Azo Xylan gel then the untreated xylanase, indicating 
that it’s less stable/active than the glycosylated form. The band at 36 kDa can be 
identified as the PNGase F enzyme. Additionally, there are no background bands in 
the glycosylated sample thereby confirming that Xyn1 has been purified to near 
homogeny. 
 
Figure 2.23 Resulting SDS-PAGE (a), activity zymogram (b) and western blot (c) of purified 
Xyn1 and purified de-glycosylated Xyn1, as per in-figure labels. 
Xyn12 can be seen in Figure 2.24, where in gel (a), the 10% SDS gel resulting from 
purified samples of enzyme extract for both the untreated and de-glycosylated 
samples (lanes 1 and 2, respectively). The untreated Xyn12 can be seen as a smear, 
spanning the regions of 55.1 – 85.9 kDa, as the band at 116.1 kDa and the banding 
above 200 kDa. All areas of protein presence correspond to areas of xylanase activity 
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and histag-presence confirming that these bands are the recombinant Xyn12. To 
ensure there are no contaminant proteins “hiding” behind the smear, a de-
glycosylation procedure using PNGase F enzyme from New England Biolabs was 
carried out as per section 2.5.10. Upon comparison of the bands resulting from the 
de-glycosylation procedure, Xyn12 can be seen from 49.3 – 54.5 kDa along with 
corresponding activity and western blot zones. The purified sample contains only 
this band (and PNGase F at 36 kDa), thereby confirming that the Xyn12 has been 
purified. The banding at 116 kDa and > 200 kDa is present in the glycosylated 
sample but not in the de-glycosylated sample. The bands show positive results for 
the presence of histag and xylanase activity and so can be confirmed as isozymes of 
Xyn12. As they are not present in the de-glycosylated sample it’s likely that these 
bands are differentially glycosylated Xyn12 and/or aggregated Xyn12 due to 
glycosylation.  
 
Figure 2.24 Results of 10% SDS-PAGE (a), activity zymogram (b) and western blot (c) of 
purified Xyn12 and purified de-glycosylated Xyn12, as per in-figure labels. The higher 
molecular weight bands are likely aggregated Xyn12 as they show positive results for both 
xylanase activity and the presence of a histag. 
In the case of Xyn1cbm, seen in Figure 2.25, the smear which spanned the gel in the 
regions of 59.6 kDa to 117.1 kDa yields a positive result for both xylanase activity 
and histag presence across the full smear. The de-glycosylated sample sharpens into 
two bands, one at 49.7 kDa and the other at 66.2 kDa. Both display xylanase activity 
and histag presence. Thus, these can be confirmed as Xyn1cbm.It is apparent that the 
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addition of the CBM does not appear affect the overall shape of the protein in the 
SDS gel, but the apparent molecular weight of the protein rises from the range of 
55.1 – 85.9 kDa to the range of 59.6 - 117.1 kDa.  
 
Figure 2.25 Results of 10% SDS-PAGE (a), zymogram (b) and western blot (c) of Xyn1cbm 
and de-glycosylated Xyn1cbm, as per in-figure labels. 
In the case of Xyn12ncbm, seen in Figure 2.26, gel (a), the 10% SDS gel resulting 
from purified samples of enzyme extract for both untreated (lane(s) 1) and de-
glycosylated samples (lane(s) 2). The recombinant Xyn12ncbm is the two bands in 
the regions of 48.6 and 45.1 kDa. The two bands correspond to areas of xylanase 
activity (lane 1(b)) and histag-presence (lane 1 (c)). The de-glycosylation of 
Xyn12ncbm caused a “sharpening” into 1 band at 45.1 kDa indicating that the band 
at 48.6 kDa is a glycosylated form of the band at 45.1, and that the band at 45.1 kDa 
is likely not glycosylated.  
Aside from the xylanase and the PNGase F enzyme (identified as the band at 36 
kDa), no other bands are apparent in the gel, thus Xyn12ncbm has been purified to 
near-homogeneity.   
A banding pattern similar to Xyn12ncbm was observed for xy110A, the translated 
displays 69% sequence homology with Xyn12, where by the gene was expressed in 
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two isoforms, one with a molecular mass of 53 kDa and the second with a mass of 
51 kDa. After a similar de-glycosylation protocol was carried out on the isoforms, a 
single band at 51 kDa was observed on the SDS PAGE gel, confirming the 53 kDa 
band as a glycosylated variant of the 51 kDa band (Kishishita et al., 2014). The 
removal of the CBM changes the shape of the protein, the large smear at 49.3 – 54.5 
kDa visible for the Xyn12 protein, is no longer present in the gel. The ELM 
Resource predicted glycosylation sites in the region of the CBM and so the removal 
of these glycosylation sites is the cause of the change in shape. 
 
Figure 2.26 Results of 10% SDS-PAGE (a), zymogram (b) and western blot (c) of 
Xyn12ncbm and de-glycosylated Xyn12ncbm, as per in-figure labels. 
Zymogram is an electrophoretic technique enabling identification of an enzyme of 
interest in a crude protein sample on the basis of its activity (hydrolysis) against a 
substrate within the gel (Vandooren et al., 2013). In this case, it allows identification 
of the functional/active areas of the smear(s)/banding observed in the SDS gels and 
nitrocellulose membranes. Initially, only slight clearance zones were observed 
during zymogram procedures utilising xylan from birchwood, and so the zymogram 
procedure was repeated with a 0.1% Azo xylan from beechwood. It is known that 
xylanases show differential levels of activity against xylans depending on their 
source, owing to their complexity (Biely, 1985). Azo xylan is prepared by dyeing the 
Page 114 
substrate with Remazol brilliant Blue R dye (Megazymes 2015). In the presence of 
xylanase, once incubated at the correct pH (pH 4) and temperature (60 ºC), a 
clearance zone appears in the gel upon the blue background due to hydrolysis of the 
xylan substrate.  
Xyn1 was predicted by the ELM Resource to by a glycoprotein (section 2.2.5). Other 
xylanases that display sequence similarity with Xyn1; GH10 xylanases from Bispora 
sp. MEY-1, Penicillium canescens, and Talaromyces leyceltanus (56 %, 59 % and 
67% sequence identity to Xyn1, respectively) were glycoproteins. The de-
glycosylation analysis carried out on Talaromyces leyceltanus shows banding 
patterns similar to that obtained for Xyn1, i.e. a “smear” identified as the xylanase, 
which “sharpens” into a tight band when exposed to de-glycosylating enzymes 
(Wang et al., 2016). Xyn12 was also predicted to be a glycoprotein so the presence 
of glycosyl side chains is not unexpected. Published sequences which display 
homogony with Xyn12 have also been seen to be glycoproteins. MpXyn10A was 
predicted to be 40.8 kDa, however when it was expressed the protein had an apparent 
molecular weight of 49 kDa. Once a de-glycosylation reaction was carried out on 
this protein its molecular weight was detected as 41.6 kDa. Furthermore, the removal 
of glycosyl side chains reduced the specific activity of MpXyn10A which may also 
explain why, in the case of all 4 xylanases in this study, the glycosylated samples 
show a zone of hydrolysis in the Zymogram gels faster than the de-glycosylated 
counterparts (Ribeiro et al., 2014). Similar patterns for other enzymes such as Xyl10 
whereby the true molecular weight was larger than the predicted molecular weight 
due to glycosylation (Luo et al., 2009; Wang et al., 2016) 
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2.13.2. pH profiles of the xylanases 
After the enzymes had been purified, their pH and temperature profiles were 
determined via DNS method xylanase assay, see section 2.8.2. Figure 2. 27 shows 
the pH profile of the four purified xylanases.  
The optimum pH is pH 4, pH 4, pH 4.5 and pH 3.5 for Xyn1, Xyn12, Xyn1cbm and 
Xyn12ncbm, respectively. Xyn12 displays the broadest pH activity curve with either 
65 % or higher relative activity occurring across the pH values of 2.6 to 7.4, in fact it 
shows close-to-optimum levels of activity across the pH values of pH 3 to pH 5.5, 
where is displays over 90% relative activity in these areas.  
Xyn1 follows approximately the same relative activity pattern as Xyn12 for acidic 
pH values, but as the buffer approaches neutral pH, from approximately pH 5.5 
onwards it quickly loses close to all of its activity. For every 0.5 increase in the 
buffer pH value, Xyn1 loses approximately half of its relative activity from the 
previous pH values. The CBM engineering does not appear to affect the pH optima 
of the xylanases, but does however; appear to have an effect on the pH activity 
range. Xyn12ncbm has the narrowest pH activity curve of all four enzymes, which is 
Figure 2. 27 pH profiles of the purified Xyn1, Xyn12. Xyn1cbm and Xyn12ncbm over-laid 
with each other for comparison.100% activity corresponds to 603.0, 898.6, 485.0 and 715.2 
µmol/mg activity for the xylanases, respectively. 
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interesting given that Xyn12 has the broadest pH range. It’s possible that the CBM 
affects the conformation of the catalytic domain of Xyn12. CBMs of GH10 
xylanases are known to interact and re-enforce the catalytic domain (Meng et al., 
2015) (this is further discussed in section 2.13.7). However, the addition of a CBM 
onto the Xyn1 enzyme did not broaden its pH activity, or seem to affect it as it 
follows approximately the same relative activity pattern as Xyn1, indicating that the 
pH activity of the Xyn1 enzyme is ultimately determined by its GH10 region. 
Previously, there has been evidence to show that pH and temperature optima of 
GH10 xylanases depend strictly on the catalytic domains, and thus previous CBM 
engineering has yielding no true differences the relative activity performance of the 
enzymes (Meng et al., 2015). 
The pH optima values themselves are not unexpected; a xylanase from Bispora sp. 
MEY-1 which displays 56% identity with Xyn1 was optimally active at pH 4.5 - 5. 
The pH curve for this enzyme is comparable with Xyn12, particularly at the pH 
optima area of the curve, whereby close-to-optimum levels of enzyme activity are 
observed between 2 or more pH values.  However, Xyn1 displays a more acid pH 
optimum value than xylanases from Bispora sp. MEY-1, Malbranchea pulchella, and 
Talaromyces leyceltanus (67 % sequence identity to Xyn1) which have pH optima of 
pH 4.5 – 5, pH 5.8 and pH 4.5, respectively. Xyn12 is more acid-active than many 
published sequences which it displays homology too. MpXyn10A from 
Malbranchea pulchella which displays 69% identity with Xyn12 was optimally 
active at pH 5.8; reAoXyn10 from Aspergillus oryzae which displays 66% homology 
with Xyn12 is optimally active at pH 5.5. XynA which was originally from P. 
chrysosporium expressed in P. pastoris displayed optimal activity at pH 5.0, and 
quickly lost activity outside of the pH values of pH 4.0 – 6.0.  Other xylanase 
isolated from filamentous fungi have been seen to have acidic pH values comparable 
to this xylanase 1. In 1994 Tuohy et al., characterised the native xylanase degrading 
system from the thermophilic filamentous fungus Talaromyces emersonii (now R. 
emersonii). Fourteen acidic xylanases were characterised from the culture filtrates of 
the fungus with pH optima in the ranges of 2.7 – 4.7. Ten of these xylanases have pH 
optima between pH 4-4.5. 
Acidic pH optima are desirable in enzymes intended for industrial application as the 
majority of hydrolysis reactions occur at acidic or extreme pH (Torre and Kadowaki, 
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2017). Acid-stability removes the need for excessive washing of lignocellulosic 
substrate after pre-treatment, thereby improving the overall feasibility of the 
hydrolysis reaction. 
2.13.3. Temperature profiles of the xylanases 
The temperature profiles of the xylanases were determined as per 2.8.4. Figure 2.28 
shows the temperature profile of the four purified xylanases. 
 
Figure 2.28 The temperature profiles of purified xylanases. 100% activity corresponds to 
603.0, 898.6, 485.0 and 715.2 µmol/mg activity for the xylanases, respectively. 
Xyn12 is the most thermoactive enzyme with an optimum activity temperature of 80 
ºC. It displays close-to-optimum activity across 15 ºC with over 90 % relative 
activity occurring across 70 – 85 ºC. Its activity profile is broad with over 50% 
relative activity across the values of 40 to 90 degrees. The removal of the CBM 
domain caused a drop in Xyn12’s thermoactivity. The overall temperature profile 
curve of Xyn12ncbm is narrower than that of Xyn12 and its optimum temperature is 
70 ºC, a loss of 10 degrees. Further to this, close-to-optimum relative activity of 90% 
or more is only displayed across 10 degrees (from 65 to 75 ºC), and the enzyme loses 
more that 50% relative activity before 85 ºC. This indicates that the CBM plays a 
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role in the thermoactivity of Xyn12. It’s possible that the CBM binding to the xylan 
substrate stabilises the overall enzyme confirmation, thereby increasing the enzymes’ 
optima (Meng et al., 2015). However, the addition of the CBM did not appear to 
have any true effect on the thermoactivity of Xyn1. Both the Xyn1 and the Xyn1cbm 
enzymes follow the same relative activity pattern across the temperature curve but 
the addition of the CBM does appear to lower the optimum activity of Xyn1, as 
Xyn1 shows optimum activity at 70 ºC and Xyn1cbm shows an optimum of 65 ºC.  
Interestingly, Xyn1cbm shows higher relative activity at lower temperature points 
than Xyn1. Xyn1cbm shows over 90 % relative activity from 50 ºC upward to 70 ºC, 
but Xyn1 displays 90% relative activity from 60 – 70. In that sense, the CBM could 
be playing a role in the thermoactivity of the xylanase enzyme at below-optimum 
levels, but overall the activity patterns of Xyn1 and Xyn1cbm seem to be determined 
by the GH10 region. 
In all cases, these enzymes can be classed as thermo-active as they are optimally 
active at either 65 ºC or higher (Torre and Kadowaki, 2017). The combination of 
high temperature and low pH optima indicate potential advantage of the xylanases 
over current commercial enzymes in the context of application in the biofuels, 
baking, animal feed industries (Duo-Chuan, 2006; Somashekar and Joseph, 1996). 
In comparison to published sequences, Xyn1 is less thermo-active then xylanases 
from Bispora sp. MEY-1, Malbranchea pulchella, and Talaromyces leyceltanus 
which display temperature optima of 85 °C, 80 °C and 80 °C, respectively (Luo et 
al., 2009; Ribeiro et al., 2014; Wang et al., 2016). High temperature optima are 
expected of enzymes isolated from thermophilic organisms. Other enzymes from 
thermophilic filamentous fungi have been seen to have optima in the region of 70°C. 
The ten acidic xylanases isolated from T. emersonii displayed temperature optima in 
region of 73°C - 80°C (Tuohy et al., 1994). Xyn12 is more thermoactive than XynA 
from P. chrysosporium which displayed maximum activity at 70ºC, reAoXyn10 
which displayed the maximum activity at 60°C, and Penicillium funiculosum 
xylanases XYNA and XYNB which are active at 30 ºC, and approximately the same 
thermoactivity as MpXyn10A was overexpressed in Aspergillus nidulans (Furniss et 
al., 2005; Landim et al., 2017; Ribeiro et al., 2014). 
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2.13.4. Stability profiles of the xylanases 
Stability profiles and thermal inactivation data of the xylanases at 65 ºC at their 
respective optimum pH, can be seen in Figure 2. 29. 
  
Figure 2. 29. Stability profiles and thermal inactivation data of Xyn1, Xyn12, Xyn1cbm and 
Xyn12ncbm at their respective optimum pH and temperature values over a 48 h time course. 
100% activity corresponds to 603.0, 898.6, 485.0 and 715.2 µmol/mg activity for the 
xylanases, respectively. Thermal inactiviation data was generated using ln(specific activity) 
vs time to obtain an estimate of the kD, the time required to reduce enzyme activity to 10 % of 
it’s original value. 
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Interestingly, the two most thermostable enzymes are those with a CBM. Xyn12 
retains 84% relative activity and Xyn1cbm retains over 90% relative activity after 48 
h at 65 ºC, implying that the CBM plays a role in thermostability. It is particularly 
interesting that Xyn1cbm1 displays the most thermos stability given that 65 ºC is its 
optimum activity temperature and it has the lowest thermoactivity of all four 
enzymes. The removal of the CBM from Xyn12 results in the lowest thermostability 
of the four enzymes with 46% relative activity remaining after 48 h of incubation. 
Again, this supports that the CBM plays a role in the thermostability of the enzyme. 
The inactivation data calculated according to eq. 1 and eq. 2 in section 2.8.5, 
revealed that the D value, the time required to reduce the enzyme activity to 10% of 
its original value, of the enzymes was 10.7, 26.4, 48.8 and 5.9 days for Xyn1, 
Xyn12, Xyn1cbm and Xyn12ncbm, respectively. Thus, Xyn12 and Xyn1cbm can be 
classed as hyperthermostable xylanases, comparable to other GH10 xylanases from 
thermophilic fungi such as a hyperstable GH10 from T. terrestris which displayed a 
half-life of 23.1 days at 65 °C (García-Huante et al., 2017). 
All four enzymes display commercial potential as enzymes involved in the industrial 
hydrolysis of lignocellulose display thermo-stability. These enzymes show more 
thermo-stability than other xylanases from filamentous fungi described in literature. 
Sudan and Bajaj, 2006, characterised a xylanase from Aspergillus niveus RS2, which 
displayed 52.9% residual activity after 20 min of exposure at 60°C, but no activity 
after 60 min at this temperature. At 70°C, the xylanase lost all activity within 30 
min. A xylanase from Aspergillus foetidus, had a reported residual activity of 71% 
and 20% after 30 min of incubation at 50°C and 60°C, respectively, while at 70°C 
the enzyme was inactivated within 30 min (Shah and Madamwar, 2005). Fialho and 
Carmona, 2004 who characterised two xylanases from Aspergillus giganteus and 
reported that xylanase I was more stable with a half-life of 22.5 min as compared to 
xylanase II, which had half-life of 17.5 min at 50°C. However, both xylanases 
showed poor stability at 60°C with half-lives of 1.5 min. Similarly, the reported half-
lives of two xylanases from A. versicolor. were 17 min and 1.7 min, at 60°C 
(Carmona et al., 2005). In terms of thermophilic fungal GH10 xylanases, the 
performance of Xyn1 and Xyn12 is comparable to the thermostability described in 
literature. The recombinant MpXyn10A from Malbranchea retained 85% activity 
after 24 h at 65 °C (Ribeiro et al., 2014). A GH10 xylanase from T. leycellanus was 
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stable up to 90 °C, as well as a xylanase from T. aurantiacus which maintained 
stability at 80 °C (Chadha et al., 2004; Kalogeris et al., 2001; Wang et al., 2016). 
2.13.5. Substrate Specificity 
Xylan-degrading enzymes display different activity rates against different types of 
xylan e.g. oat spelts xylan was more rapidly and extensively degraded by the T. 
emersonii xylan-degrading cocktail than larch wood xylan, owing to complexity of 
these substrates (Touhy et al. 1995). Furthermore, GH10 family enzymes include 
some cellulase enzymes. Thus, the substrate specificity xylanases required 
investigation, the results of which are visible in Figure 2.30. 
 
Figure 2.30 Shows the activity of Xyn1, Xyn12, Xyn1cbm and Xyn12ncbm displayed towards 
various substrates. 100% activity corresponds to 603.0, 898.6, 485.0 and 715.2 µmol/mg 
activity for the xylanases, respectively. 
Where these substrates were available, the xylanases show large amounts of activity 
towards xylan from beechwood, xylan from birchwood and wheat arabinoxylan. In 
all four cases, the highest activity was show towards xylan from beechwood. Xyn1 
and Xyn12 showed the second highest activity on xylan from birchwood at 78% and 
83% relative activity, respectively. The product xylan from birchwood was 
discontinued during the course of this study and thus there was no more of this 
substrate commercially available to test the substrate specificity of Xyn1cbm and 
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Xyn12ncbm. High activity was detected against wheat-arabinoxylan at 70%, 66%, 
75% and 77%, for Xyn1, Xyn12, Xyn1cbm and Xyn12ncbm, respectively. Some 
cellulase activity was detected (Xyn1 – Avicel 0.4%, Xyn12 – Xyloglucan 2%) but 
this was considered minimal in all cases. The removal of the CBM also improved the 
performance of Xyn12 on wheat arabinoxylan from 66% relative activity to 77% 
relative activity. However, the addition of the CBM increased the activity of Xyn1 
against wheat-arabinoxylan from 70% to 75%. It remains unclear if the CBM has 
any true role in the substrate specificity of the xylanases. No activity was detected 
against xylopryranside and cellobiose substrates (data not shown).  
Similar xylanase substrate specificity has been described in literature. In 2014, a 
cold-active xylanase which was isolated from the filamentous fungus Bispora 
antenna was reported to display its highest relative activity against birchwood xylan 
(100 %), beechwood xylan (99.5 %) and wheat arabinoxylan (96.1 %), but no 
activity was observed against CM-cellulose-Na, Avicel, p-nitrophenyl cellobioside 
or p-nitrophenyl xylopyranoside (Liu et al., 2014). 
Some GH10 family enzymes include xylanases and bifunctional 
xylanases/cellulases. Though, the xylanases display some cellulase activity, mostly 
Xyn12, this activity is minimal compared to the activity displayed against xylan 
substrates. Thus, these xylanases can be classed as true xylanases, as putatively 
predicted by the in silico analysis. 
2.13.6. Kinetic Properties of the Xylanases 
Kinetic properties Km and Vmax were determined for the purified xylanases 
utilising xylan from beechwood as the substrate. Plots of substrate molarity versus 
enzyme velocity were fit using Microsoft excel as seen in Figure 2.31. 
The Vmax of Xyn1, Xyn12, Xyn1cbm and Xyn12ncbm was calculated by 
GraphPrisim Pad to be 8875, 16781, 5151 and 18666 µmol/mg/min, respectively. 
Therefore, the Km for all xylanases is 7.476, 5.54, 2.904 and 2.354 respectively. The 
removal of the CBM from Xyn12 increased the rate of reaction; additionally, the 
addition of the CBM onto Xyn1 decreased its rate of reaction. It could be that, where 
these xylanases contained only a GH10 they could catalyse the hydrolytic cleavage 
of the xylan backbone “freely” whereas where a CBM was present, it’s likely took 
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additional time to bind to the substrate, possibly remaining bound to the substrate for 
some time after the backbone was hydrolytically cleaved, and thereby slowing the 
overall rate of the enzyme’s reaction. Low Km values for xylanases are not 
unexpected; Sudan and Bajaj, 2006 reported a low Km of 2.5 mg/ml for their 
xylanase originating from alkali tolerant species Aspergillus niveus RS2. Bakir et al. 
(2001) reported Km and Vmax values of 18.5 mg xylan/ml and 90 IU/mg protein, 
respectively, for xylanase from Rhizopus oryzae, while Carmona et al. (2005) 
reported a Km and Vmax of 6.5 and 1.440 µmol/mg per minute for xylanase I and 
2.3 and 5.6 µmol ml per minute for xylanase II, respectively, from A. versicolor. 
In an industrial hydrolysis reaction these xylanase enzymes would be saturated 
quickly; at 0.8% substrate all of these enzymes would be saturated. However, the 
overall rate of the xylanases’ reactions is quite high which is desirable.  
Figure 2.31 Enzyme velocity (µmol/mg/min) versus substrate concentration (mM) for Xyn1, 
Xyn12, Xyn1cbm and Xyn12ncbm. 
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2.13.7. Role of the Carbohydrate Binding Domain in the 
activity of the Xylanases 
The results of the characterisation of the xylanases and their engineered counterparts 
show that the CBM engineering has no significant effect on the pH and temperature 
optima of the enzymes. Previously, there has been evidence to show that pH and 
temperature optima of GH10 xylanases depend strictly on the catalytic domains, and 
thus previous CBM engineering has yielding no true differences the relative activity 
performance of the enzymes (Meng et al., 2015). The same pattern is true of the 
catalytic activity of the xylanases included within this study.  
The CBM does appear to affect the thermostability of the xylanases, as both enzymes 
with a CBM displayed a higher level of thermostability than the xylanases without a 
CBM. Despite many investigating studies, it is not truly understood what properties 
affect the thermostability of enzymes. For the most part, the differences appear to be 
small stabilizing interactions, and tend to be on a case by case basis. Enhanced 
thermostability of GH10 enzymes due to CBM addition has been hypothesised to be 
due to the interacting nature of the CBMs (Meng et al., 2015). The linker regions of 
GH10 xylanases are typically flexible, this allows the hydrophobic CBM to interact 
with the α/β barrel fold of the GH10 region, increasing its hydrophobicity and 
thereby stabilising it. Many xylanases encode non-catalytic domains at their N- and 
C-termini. Most of them participate in binding to the enzyme’s substrate to 
accelerate catalytic efficiency. Many CBMs are reported to result in higher heat 
stability for their associated enzyme and, thus, can be called thermo-stabilising 
domains (TSDs). The heat-active TmX10B is a modular enzyme comprising two 
CBM22 and two CBM9. These were found at the N- and C-terminus, respectively 
(Zverlov et al., 1996). Similarly, the CBM22 at the N-terminus of a highly heat-
active xylanase from T. neapolitana was thought to contribute to its displayed 
thermostability (Leskinen et al., 2005). The heat-active xylanase from Caldibacillus 
cellulovorans contains a xylan-binding domain that plays a role in thermostability 
(Sunna et al., 2000), and the xylanase C of Clostridium thermocellum has an CBM22 
that was found to be involved in protein thermostability. The CBM22 at the N-
terminal end of the Clostridium stercorarium xylanase B protects the enzyme from 
heat-induced unfolding (Pell et al., 2004). From modelled protein structures, the 
flexible linker region of GH10 may allow the CBM to interact with, and re-enforce, 
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the hydrophobic region of the catalytic GH10 domain. This then could render the 
enzyme more heat-stable. (Meng et al., 2015). 
2.13.8. Preliminary industrial testing of Xyn1 
Xyn1 was considered to be the most commercially relevant enzyme as it was the 
only enzyme which had Freedom to Operate (FTO), i.e. No existing patent for this 
enzyme. An investigation into the market opportunities for GH10 xylanase identified 
the best application of the GH10 xylanase is food for human consumption, 
specifically wheat starch processing, brewing, distilling and baking, and animal 
nutrition, as discussed in section 2.1. Thus, wheat bran and wheat whole meal flour 
were used as substrates. Additionally, given the results of the characterisation and 
particularly the substrate specificity where Xyn displayed activity against xylan from 
beechwood and xylan from birchwood, it was determined that Xyn1 was suited to 
hydrolysis of hardwood lignocellulose substrates. Thus, sawdust was included as 
substrate for industrial application testing of the xylanase. Results of which can be 
seen in Figure 2. 32 and Figure 2.33. 
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Figure 2. 32 The reducing sugars released, less the negative control, by Xyn1 on industrial 
complex substrate Wheat bran at 50 °C, 150 rpm, over 24 hours. 
 
Figure 2.33 The reducing sugars released, less the negative control, by 0.2 mg of Xyn1 on 
industrial complex substrate Sawdust at 50 °C, 150 rpm, over 48 hours. 
The Xyn1 appeared to be most active on wheat bran, releasing 16 µmol of reducing 
sugars after 48 h of incubation at 50 ºC, but it also showed notable activity on 
Sawdust, releasing 4 µmol of reducing sugars from this substrate. During viscosity 
testing, as per section 2.8.8, the Xyn1 reduced the viscosity of WE-SAX by 79.3 % 
on average in comparison to the control samples. This result is comparable to results 
obtained by (Christophersen et al., 1997) who tested commercial mono-component 
xylanase from A. aculeatus (i.e. Novozyme 867), mono-component xylanase from T 
lanuginosus (Enzyme B), and commercial hemicellulase cocktail for wheat 
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separation (Enzyme D) for reduced viscosity of the same substrate. Typically, in a 
lignocellulose hydrolysis reaction, owing to the complexity of the lignocellulose 
substrate, the xylanases would be included with a cocktail of lignocellulose-
degrading enzymes. Given that this was a single-enzyme reaction, this result is quite 
commercially promising; however, an industrial hydrolysis reaction on complex 
substrates such as sawdust would require a cocktail of enzymes to achieve full 
hydrolysis. However, in wheat-starch processing, the xylanase is used as the sole 
enzyme(s) in dough mixing. The reduction in viscosity of the mixture is hugely 
desired for this application. Thus, the reduction in viscosity of 79.3 % after 15 mins 
in non-optimised conditions is a promising preliminary result. 
Xyn1 was tested for its ability to produce short-chain xylooligosaccharides from 
whole meal wheat-flour as per section 2.8.8, where the commercial enzyme 
Shearzyme 500L was used a positive control. Both enzymes were effective in 
producing short-chain xylooligosaccharides with Xyn1 producing 0.95 mg/mL 
xylobiose, 2.73 mg/mL xylotriose and 3.01 mg/mL xylotetraose which is comparable 
to the quantities of short-chain xylooligosaccharides produced by the commercial 
enzyme, which produced 0.98 mg/mL xylobiose, 2.91 mg/mL xylotriose and 3.05 
mg/mL xylotetraose, as detailed in Table 2. 8. Both Xyn1 and the commercial 
enzyme are endo-xylanases, which would account for the low levels of xylose 
produced in comparison to the quantities of short-chain xylooligosaccharides 
produced by the enzymes. 
Table 2. 8 Amounts of sugars and short-chain xylooligosaccharides produced by Xyn1 and 














Xyn1 0.05 0.01 0.18 0.95 2.73 3.01 




The chromatograms resulting from the reactions can be seen in Figure 2. 34, where 
Xyn1 and the commercial enzyme yielded near-identical “fingerprints” with the 
products of their respective hydrolysis reactions. This is not unexpected as both 
enzymes are recombinantly-produced GH10 xylanases i.e. single-enzyme reactions, 
with the same amount of activity units in each sample. 
 
Figure 2. 34 Chromatogram produced by HPAEC-PAD analysis of the products of WE-SAX 
hydrolysis by Xyn1 and Shearzyme as per section 2.8.8.  
Previously, the production of xylotriose was shown to give the fastest rate of 
Bifidobacterium growth, (friendly gut bacteria) followed by xylobiose and then 
larger xylooligosaccharides. Xylose had little or no effect. Of all short-chain 
xylooligosaccharides Zhu et al., 2015 found that the most active components were 
xylotriose and xylobiose and the best bifidogenic factor was xylobiose. Thus the 
high production of xylobiose, xylotriose and xylotetraose in comparison to the levels 
of xylose produced indicates suitability of Xyn1 in the commercial production of 
these short-chain xylooligosaccharides in animal nutrition. Though the commercial 
xylanase yielded higher quantities of short-chain xylooligosaccharides, the 
commercial xylanase has an optimum reaction temperature of 50 – 60 °C, whereas 
the optimum temperature of Xyn1 is 70 °C. Additionally, Xyn1 has displayed high 
thermostability (see section 2.8.5.). In the production of animal feed, there is a step 
termed “pelleting”, where the feed reaches 80°C or above for a period of time. 
Traditionally, enzymes such as xylanases have been sprayed onto the feed after the 
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pelleting process. This increases overall production costs by increasing the amount 
of production water used and increasing the risk of contamination of the feed. The 
addition of a thermostable xylanase, capable of retaining some activity after 
pelleting, prior to the pelleting process would therefore reduce animal feed 
production costs. Overall, the displayed thermostability of Xyn1, its high 
temperature optima, along with its ability to produce short-chain 
xylooligosaccharides from cheap substrates such as wheat-flour, indicate suitability 
of this enzyme to the animal feed nutrition industry. 
2.14. Chapter Summary 
Two GH10 xylanases originating from R. emersonii were isolated and expressed in 
P. pastoris. The enzymes were effectively secreted into the expression media with 
activity crude activity levels of 250 µmol/ml/min and 750 µmol/ml/min after 48 
hours of methanol induction. Both xylanases were purified to apparently homogeny 
employing a one-step IMAC purification protocol. The expressed proteins were 
glyco-proteins as confirmed by SDS PAGE, western blot and zymogram analysis of 
glycosylated and de-glycosylated (via PNGase F) samples of purified protein. The 
apparent molecular weight of Xyn1 was 55.1 – 85.9 kDa. These become 48.1 kDa 
once the sample was de-glycosylated. The apparent molecular weight of Xyn12 was 
47.2, 43.9, 52.8 – 71.4 with high molecular weight isoforms at 118 and above 200 
kDa. Once the sample underwent the de-glycosylation protocol, the molecular 
weight was found to be 49.3 – 54.5 kDa, confirming the higher molecular weight 
bandings to occur due to the protein’s glyco side-chains. Both xylanases displayed 
pH optima of pH 4. Xyn12 showed board pH optima with 65+% relative activity 
occurring across the pH ranges of pH 2.6 – 7.4. The temperature optima were 70 °C 
and 80 °C for Xyn1 and Xyn12, respectively, indicating potential advantage of the 
xylanases over current commercial enzymes, in the context of application in 
biofuels, baking, brewing, paper and pulp, and animal feed industries. The xylanases 
were markedly thermostable each displaying 84+% relative activity after 48 hours 
incubation at 65 °C. The xylanases displayed highest activity on xylan from 
beechwood, followed by xylan from birchwood then wheat arabinoxylan. No true 
activity was detected on cellulosic substrates thus these enzymes are true xylanases, 
Page 130 
as opposed to bifunctional xylanases/cellulases. The km and Vmax for Xyn1 and 
Xyn12 were 0.45 and 0.3, and 6173 µmol/min and 11527 µmol/min, respectively. 
The role of the CBM on the C’terminus of Xyn12 was investigated whereby the 
Xyn12 was truncated yielding only the GH10 catalytic domain, termed Xyn12ncbm. 
The linker and CBM domains were appended to the C’terminus of Xyn1, termed 
Xyn1cbm. This was achieved through multiple rounds of PCR. The CBM was found 
to have no true role on the pH and temperature optima of the xylanases; however, the 
pH activity range of Xyn12ncbm was narrower than that of Xyn12 indicating that the 
CBM plays a role in the pH robustness displayed by Xyn12. The xylanases with a 
CBM were more thermostable than their counterparts without a CBM. Hence the 
CBM is thought to play a role in thermostability, possibly by interacting with the 
GH10 region, reinforcing its hydrophobic catalytic core resulting in a more rigid 
structure resistant to unfolding/degradation.  
All four enzymes had desirable traits for potential industrial application; in particular 
the extended activity at high temperature optima is suited to a number of industrial 
processes. Xyn1 was deemed to be the most commercially promising enzyme as it 
had commercial freedom to operate and do it was tested for activity on industrial 
substrates where is showed activity on all substrates tested, indicating suitability 
comparable to commercially available enzymes for application in the baking, animal 
feed and gut health, second generation biofuels and the paper and pulp industries. 
Accordingly, a patent application has been filed for Xyn1, the details of which can 




Chapter 3: Chitinases 
3.1. Introduction 
3.1.1. Chitin & Chitosan 
Chitin is the second most abundant polymer found in nature, after cellulose. Chitin 
and chitosan are high-molecular weight, basic polysaccharides, distinct from many 
other natural polymers which are neutral or acidic in nature (Martínez et al., 2014). 
Chitin is the main component in the shells of crustaceans such as shrimp, crab and 
lobster; it is also found in the exoskeletons of molluscs and insects as well as in the 
cell walls of some fungi. Chitin is hydrophobic and highly insoluble in water and 
most organic solvents. It is a linear polysaccharide consisting N-acetyl-(D)-
glucosamine units linked through a β-(1, 4)-glycosidic bond (Komi and Hamblin, 
2016). In nature, chitin is found intimately associated with other structures, making 
extraction of pure chitin difficult. The chemical structure of chitin and chitosan is 
very similar to that of cellulose which consists of several hundreds to more than 
thousand β-(1-4) linked D-glucose units. In chitin and chitosan the hydroxyl at 
position C-2 of cellulose is replaced by an acetamide group (Martínez et al., 2014). 
In chitosan, some of the acetamide groups are transferred into primary amino groups 
yielding the random copolymer of N-acetyl-(D)-glucosamine and (D)-glucosamine. 
Chitosan is a derivative of chitin, it is the N-deacetylated polymer; a mixture of 
linear N-acetyl-(D)-glucosamine and (D)-glucosamine linked through a β-(1, 4)-
glycosidic bond (as the polymer is never truly completely N-deacetylated). Chitosan 
is defined by two molecular characteristics; the average molecular weight and the 
degree of acetylation i.e. the proportion of acetylated glucosamine units along the 
polymer backbone (Komi and Hamblin, 2016). Chitosan is more soluble than chitin; 
it’s soluble in dilute solution of most acids. Unlike cellulose, chitin and chitosan 
contain 5–8 % nitrogen, which in chitin is in form of acetylated amine groups and in 
chitosan in form of primary aliphatic amine groups, which makes chitin and chitosan 
suitable for typical reactions of amines. However, chitosan is chemically more active 
than chitin due to the presence of primary and secondary hydroxyl groups on each 
repeat unit, and the amine group on each deacetylated unit. These reactive groups are 
readily subject to chemical modification to alter mechanical and physical properties 
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of chitosan. The existence of amine groups in chitin and chitosan enables distinctive 
biological functions as well as the application of modification reactions (Islam et al., 
2017). The properties of these polysaccharides, such as biocompatibility, 
biodegradability, bioactivity, bioresorptivity, non-toxicity and good adsorption 
properties have given chitin and in particular chitosan, a great deal of industrial 
attention as alternatives to synthetic polymers (Elieh-Ali-Komi and Hamblin, 2016; 
Islam et al., 2017; Martínez et al., 2014). A diagram of the chemical structure of 
chitin and chitosan can be seen in Figure 3. 1. 
 
Figure 3. 1 Structural relationships between chitin and chitosan, and commercial chitin 
which is defined by its molecular weight and its degree of acetylation (DA). Source: 
Ghanbarzadeh and Almasi, 2013. 
 
3.1.2. Markets for Global Chitin and Chitosan  
The global chitogliosaccharide market is segmented into Chitosan, Glucosamine, and 
Chitin. The global chitin and chitosan derivatives market is expected to reach 155.5 
million tonnes by 2022, from 36 million tonnes in 2017. Chitosan is mainly 
produced, sold and consumed in Europe, the US and Japan (Global Industry 
Analysts, 2012). Future Market Insights reported it expects the Global Chitin Market 
(alone) to be valued at 2,942 million US dollars by 2027, from a current value of 
approximately 893 million US dollars in 2017. The expected growth in the chitin 
market is 12.7% compound annual growth rate until this time (Future Market 
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Insights Global and Consulting Pvt, 2017). BCC Research reports the global chitin 
and chitosan market value at 2 billion US dollars in 2016, and should reach 4.2 
billion US dollars by 2021, growing at approximately 15.4% compound annual 
growth rate (BCC Research, 2017). Research and Markets also proposes a 4.2 billion 
US dollars chitin and chitosan derivatives market size (Research and Markets, 2018).  
In value terms, the chitin/chitosan industry is driven by new investment in 
development of new drugs, as well as new biomedical applications and the 
expansion of non-medical uses such as detoxification in water and wastewater. 
Chitosan is also used in weight management and in controlling cholesterol as added 
value applications in functional food ingredients, as well as in the cosmetics markets. 
In organic farming, the certified use of biodegradable chitosan products in organic 
farms as a fertiliser to improve farm yields. The growing value of biomaterials 
commercially is generating possibilities in stem cell and tissue engineering, as these 
are non-toxic and biodegradable as well as being biocompatible (Research and 
Markets, 2018). The various industrial applications of chitin and its derivatives are 
discussed in detail in section 3.1.3. 
Chitin and chitosan are produced commercially in India, Japan, Poland, Norway and 
Australia. Global Industry analysts expect the chitosan market to grow in excess of 
14.7% CAGR through to 2022. Asia Pacific is experiencing the largest growth in the 
market, with the rapid growth of its pharmaceutical sector and its government focus 
on developing safe and efficacious medicines for a growing population. The Asian 
market for chitin is expected to account for approximately 1 billion US dollars by 
2027, with a growth expectation of 13.9% compound annual growth rate until this 
time according to FMI.  
3.1.3. Chitin and chitin derivative applications 
Owing to the properties of chitin and chitin derivatives, such as biocompatibility, 
biodegradability, bioactivity, bioresorptivity, non-toxicity and good adsorption 
properties chitin and in particular chitosan, have attracted a great deal of industrial 
attention as alternatives to synthetic polymers (Martínez et al., 2014). Some of the 
industrial applications of chitin and chitin derivatives are discussed here.   
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 Glucosamine supplement 
A rising incidence of age-related arthritis is encouraging the consumption of 
glucosamine supplements, which benefits the demand for chitin in its manufacture. 
This segment of the chitin market is expected to reach 1,840 million US dollars by 
2027. Chitinases capable of degrading chitin to its individual glucosamine monomers 
therefor find application in the production of glucosamine supplements (Islam et al., 
2017).  
 Chitin in Human Milk Oligosaccharides 
Chitinases capable of producing chitobiose from chitin find application in the 
production of designed human milk oligosaccharides (Jamek et al., 2017; 
Nyffenegger et al., 2015). Human milk oligosaccharides (HMO) are abundant in 
human breast milk and are beneficial to neonatal growth and health (Coppa et al. 
1999; Gabrielli et al. 2011). To synthesize HMOs, β-N-acetylglucosamine is used in 
elongating the synthesised HMO so that a degree of polymerization higher than three 
can be achieved.  Chitobiose was recently shown to act as an N-acetylglucosamine 
donor substrate for enzymatic trans-glycosylation reactions to produce human milk 
oligosaccharide mimics (Nyffenegger et al., 2015), thus enzymes capable of 
producing chitobiose and presumably N-acetylglucosamine, from natural chitin 
substrates are important for this application (Jamek et al., 2017). 
 Biomedical and Pharmaceutical Applications  
The healthcare industry is largest in terms of chitin value and volume demand and is 
projected to grow in value by ~14.2%CAGR in terms of value. Chitosan may have 
potential application in inhibiting fibroplasia in wound healing. It also promotes 
tissue growth and differentiation in tissue culture. Fibres made of chitin and chitosan 
are useful as absorbable sutures and wound dressing materials, as the chitin resists 
attack from bile, urine and pancreatic juice which present problems with other types 
of sutures (Islam et al., 2017).  
Individuals who have suffered extensive skin loss, perhaps in a fire, can succumb to 
infection and to severe fluid loss without the protective outer fully functioning skin 
as a barrier. Chitosan can be used as an artificial skin in long-term chronic patients, 
as chitosan has structural characteristics similar to glycosaminoglycan and can be 
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used to develop a substratum for this purpose. Surgical wound dressings made from 
chitosan-gelatin complexes are less-stiff than dressings prepared using plasticisers 
such as glycerol and sorbitol (Abdel-Mohsen et al., 2016; Jayakumar et al., 2011a). 
Nanotechnology has been used to apply chitin and chitosan within the purposes of 
drug delivery, biologics and vaccines. Each particular application is likely to require 
chitosan based, uniquely designed nano/microparticles with specific cargo-release 
characteristics and dimensions. The hardness of the chitin/chitosan can be used in 
controlled drug release tablets. Tissue engineering is one of the most widely studied 
fields, as chitin and chitosan can be easily processed into hydrogels, membranes, 
nanofibers, beads, scaffolds and sponges. As a result, chitosan is one of the most 
well studied biomaterials in biomedical sciences. Some of the properties of the chitin 
make it ideal for use in the manufacturing of contact lenses. The antimicrobial 
properties, film-forming capability, and wound healing properties of chitosan also 
make it suitable for the development of ocular bandages. Chitosan also acts as an 
anti-thrombotic and an anti-coagulant, and has use as heparinoids for artificial blood 
dialysis (Jayakumar et al., 2011b).  
 Water and Wastewater Treatment  
It has been reported that chitosan and chitin fibres have applications in wastewater 
treatment. Chitosan has been used in metal capture from wastewater, such as 
mercury and cadmium, as it has a natural selectivity for heavy metal ions (Hahn and 
Zibek, 2018). 
 Textiles  
Fibres made from chitin and chitosan have been used as raw material for man-made 
fibres. Their use in the apparel industry could represent a potential major use for 
these materials, as they are also been used in colour removal after dyeing, as it has a 
high affinity for many classes of dyes, including disperse, direct, reactive, acid, vat, 
sulphur and napthol dyes. It is only basic dyes for which chitosan has a low affinity 
(Knittel and Schollmeyer, 1999).  
 Food and Beverage  
In terms of its health properties, there is a rising demand for chitin used as a fat 
blocker which is promoting the use of chitosan as a functional food supplement. 
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However, the use of shellfish-derived chitin does not conform to the demands of the 
halal industry, those with vegetal diet preferences or those with shellfish allergies. 
Chitosan attaches itself to cholesterol and fat in the stomach before these can be 
digested, therefore trapping fat and cholesterol and preventing their absorption by the 
body from the digestive tract. Chitosan fibre has a positive ionic charge, which 
allows it to bond chemically with negatively charged lipids, fats and bile acids. 
Chitosan has also been used in inhibiting bacterial growth thanks to its natural 
antimicrobial characteristics, in commercial disinfectants. The N-acetyl-glucosamine 
(NAG) moiety in human milk promotes bifidobacterial growth, which blocks other 
microorganisms and allows the generation of lactase needed for lactose-intolerant 
individuals to digest the milk. Animal nutrition studies have shown that nutrient 
utilisation in whey may be improved if the diets contains small amounts of chitinous 
material, by means of changes in the intestinal microflora. As such, inclusion of 
chitin can improve weight gain in e.g. broiler chickens fed dried whey (Shahidi et al., 
1999).  
 Edible Food Packaging Films  
Packaging materials are usually made of synthetic polymers, such as plastic films 
and multicomponent packages, and they can be used as carriers of active 
compounds; however, the use of edible materials has safety and environmental 
advantages and is more likely to be accepted by consumers. Active edible films can 
be prepared from chitin/chitosan. Chitosan has the ability to form edible and 
biodegradable films. This has the advantage of antimicrobial or antioxidant abilities 
but does not need to be declared in the label (Arvanitoyannis, 2008; Huang et al., 
2019; Quesada et al., 2016). 
 Cosmetics  
In natural skincare products, use of chitosan in skin regeneration products and anti-
aging cosmetics is growing the demand for chitosan as a cosmetics ingredient. Its 
antimicrobial properties prevent spoilage in cosmetics hence it is used in creams, 
lotions and permanent wave lotions (perming). Several derivatives have been 
reported to also be used in nail lacquers, due to the hard shell-like properties of the 
polymer (Aranaz et al., 2018).   
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 Agrochemicals  
Agrochemicals represent one of the fastest end-use markets for chitinases and chitin-
derivatives. Global Industry Analysts predict that the agrochemicals market is set to 
grow in excess of 17.2% compound annual growth rate to 2022. A broad-spectrum 
fungicidal activity of chitosan has been described, with in vitro fungal growth of e.g. 
Botrytis cinerea, Alternaria alternata, Colletotrichum gleosporoides and Rhizopus 
stolonifer. The inhibition was observed at different pathogen development stages 
such as mycelial growth, sporulation, spore viability and germination, and on the 
production of fungal virulence factors. Additionally, the antifungal activity has been 
demonstrated in plant-pathogen systems, such as pear against A. kikuchiana and 
Physalophora piricola, in grapevine and in strawberry against B. cinerea, and in 
dragon fruit against C. gleosporoides (Xu et al, 2007) 
Chitosan can be effective as a seed and soil treatment. A chitosan-coating was found 
by (Lizárraga-Paulín et al., 2013) to enhance some phenological and biochemical 
features of maize, depending on the method of application. As a seed treatment, it 
was also effective in insect control, as reported in soybean against Agrotis ypsilon, 
soybean pod borer and soybean aphid (Zeng et al., 2012). The chitosan treatment 
developed an antifeedant rate of more than 80% against all these insects, together 
with increases in seed germination, plant growth and soybean yield. Chitosan and/or 
chitinases as a soil amendment successfully decreased Fusarium wilt in several plant 
species, with similar results were reported against Cylindrocladium floridanum, 
Alternaria solani and Aspergillus flavus infections after soil treatment with chitosan 
(Shalaby, 2017). The amendment of soil with chitosan is eco-friendly, since chitosan 
in soil is degraded at a substantial rate. In field conditions, chitosan alters the 
equilibrium of the rhizosphere, disadvantaging microbial pathogens and promoting 
the activity of beneficial microorganisms, such as Bacillus, Pseudomonas 
fluorescens, actinomycetes, mycorrhiza and rhizobacteria. For instance, soil 
treatment with chitin and/or chitosan from shrimp waste has decreased rate of 
infection of plant roots by nematodes and enhance the suppressiveness against soil 
borne diseases (Orzali et al., 2017; Shalaby, 2017).  
Page 138 
3.1.4. Sources of Industrial Chitin 
Currently, chitin is largely sourced from the shellfish industry, mainly from Asian 
shrimp farming with the chitin used in contact lenses sourced from squid pen. 
However, animal-based chitin cannot guarantee non-allergenic properties, nor cater 
for the rising trends in veganism. Industrially, the processing of seaweed-derived 
chitin and also chitin from shellfish is a time-consuming process, requiring 17-72 hrs 
processing time. Chitin from fungi could provide a suitable alternative. The 
ultrastructure of fungal organisms is similar to mammalian cells. However, fungi 
also possess a cell wall, a structure not found in mammalian cells. The fungal cell 
wall not only provides the organism with mechanical strength to withstand diverse 
environmental conditions but also maintains plasticity to permit cell growth and 
division and formation of different cell types throughout the life cycle of a fungal 
organism. Availability of nutrients, stress, hypoxia, and hypercarbia are 
environmental cues to the modification of the cell wall. The major constituents of the 
fungal cell wall are chitin, glucans, and glycoproteins (Lord and Vyas, 2019). The 
composition of the outer layer varies, depending on the fungal species, morphotype, 
and growth stage. Branched β-1, 3 glucan cross-links to chitin and is covalently 
linked to other polysaccharides (e.g., galactomannan and β-1, 6 glucan). Chitin is a 
structurally important component of the fungal cell wall located closest to the plasma 
membrane. Branched β-1, 3 glucan cross-links to chitin and is covalently linked to 
other polysaccharides (e.g., galactomannan and β-1, 6 glucan). A proposed structure 
of the fungal cell wall is shown in Figure 3. 2. The dietary fibre of dry fungal cell 
wall weight can contain up to 40 % chitin. The fungal mycelium is a complex 
network of filaments. The major constituents of the fungal cell wall are chitin, 
glucans, and glycoproteins (Lord and Vyas, 2019), the percent of each component in 
dry weight can be seen in Figure 3. 3. 
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Figure 3. 2 Proposed structure of the β-glucan: chitin fungal cell wall complex, generated 
by interpreting information from previously-published literature (Bernardo et al., 1999; 
Novaes-Ledieu and Mendoza, 1981). 
The glycoproteins comprise 25% of the solid fraction of mushrooms and ash 
comprises 20% of the solid fraction. This leaves 50% of the solid fraction as 
carbohydrate (5% solid fraction accounted for as “other”). Of the carbohydrate 
fraction, 50% is dietary fibre. The dietary fibre of mushrooms is comprised of 70% 
glucans and 30% chitins (see Figure 3. 3). 
Chitin from mushroom will provide a preferred alternative source of chitin and 
chitin-derivatives to those sourced from crustaceans due to customer perception of 
allergens, requirements of the halal industry and growing trends in consumers for 
vegetal, natural and ethically sourced products. Fungi which contain sufficient 
amounts of chitin can be selected and grown specifically for the extraction of chitin. 
However, a more attractive alternative approach may be to use the waste stream of 
industrial mushroom production as a source of chitin. Waste fungal biomass, such as 
the stalks and misshapen mushrooms, are generated in enormous qualities in Ireland 
alone each year.  
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Figure 3. 3 Shows the composition percent of mushrooms and the percent of the dietary fibre 
made up of glucan and chitin, within the dietary fibre of the carbohydrate faction of 
mushrooms. Source: Monaghan Mushrooms 2018. 
3.1.5. Chitin in Waste from Industrial Mushroom production 
In recent years the mushroom industry has seen increased growth driven by trends in 
consumer awareness of health and wellness. The European mushroom market was 
valued at $29.5 billion in 2013; and at a compound annual growth rate of 9.5% from 
2014, it is projected to reach $50 billion by 2019. In Monaghan Mushrooms, 1.8 kilo 
tonnes of mushrooms are sold each week, and this currently translates to some 29.5 
kilo tonnes of non-utilized mushroom waste produced annually in the form of stalks 
and ill-shaped mushrooms. 
Studies consistently conclude that mushroom cell walls are made mainly of chitin 
and beta-glucans, and that the two types of polymer chains are closely associated, 
probably through covalent bonds in most fungi(Cherno et al., 2013; Fesel and 
Zuccaro, 2016; Munro, 2013; Novaes-Ledieu and Mendoza, 1981). Thus, the dietary 
fibre in mushroom waste is a potential source of lucrative structures of β-glucan and 
chitin. 
Last year, Monaghan Mushrooms generated 29.5 thousand tonnes of mushroom 
waste in the form of stalks, of which 1.2 kilo tonnes are carbohydrate fraction, of 
which 0.6 kilo tonnes are dietary fibre, glucans account for 0.4 kilo tonnes of the 
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dietary fibre, ultimately leaving 0.2 kilo tonnes of chitin from mushroom waste 
generated by Monaghan Mushrooms Ireland each year. As mushroom production 
increases with the growing mushroom trends, the amount of waste generated is set to 
increase year-on-year. Currently, waste in the form of misshapen mushrooms and 
stalks are sent to landfill at a cost. This mushroom waste could act as a lucrative 
source of chitin and would valorise the waste streams of industrial mushroom 
production. 
 
Figure 3. 4 Shows the mushroom waste in kilo tonnes generated in Monaghan Mushrooms 
Ireland each year and the amount of each component in tonnes present i.e. 29.5 kilo tonnes 
of solid mushroom waste generated, of which 1.2 kilo tonnes are carbohydrate fraction, of 
which 0.6 kilo tonnes are dietary fibre, glucans account for 0.4 kilo tonnes of the dietary 
fibre, ultimately leaving 0.2 kilo tonnes of chitin from mushroom waste generated by 
Monaghan Mushrooms Ireland each year. Source: Monaghan Mushrooms 2018. 
3.1.7. Chitin Extraction Methods 
For chitin and chitosan to be used in as many applications as possible, their quality 
should be uniform and pure i.e. low amounts of inorganic and protein impurities. 
Additionally, preservation of the high-weight chitin/chitosan structure post-
extraction is highly desirable. Thus low-cost, non-aggressive chitin extraction 
methods are attracting increased attention in industry. However, one of the largest 
obstacles in achieving this is that the chitin within the mushrooms is intimately 
bound, complexed or intertwined with glucans. 
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Currently, industrial processes using crustacean/shellfish chitin apply aggressive 
chemical extraction processes. These typically involve two steps; deproteinisation by 
alkaline treatment and decalcification by acidic treatment, allowing chitin isolation. 
In order to extract chitosan, this is followed by a deacetylation step by using a hot 
concentrated alkaline solution. The deacetylation method is aggressive and yields 
low molecular weight chitin derivatives and chitosan. Chitin produced from 
crustacean biomass often contains high levels of minerals, mainly calcium carbonate, 
whose amount can reach up to 90% of chitin dry weight. Using chemical extraction 
methods quality of chitin and chitosan is therefore often non-reproducible and 
dependent on seasonal variation and crustacean species. The requirement of huge 
calorific energy, of large amounts of sodium hydroxide, as well as the extensive 
acidic treatment required by the separation of chitin from calcium carbonate results 
in high production costs (Rinaudo, 2006). 
Enzymatic extraction of chitin & chitin derivatives offers a more attractive extraction 
approach. Aside from economic and environmental advantages, as well as 
intellectual property advantages, over existing methods and sources, enzymatic 
conversion of mushroom chitin yields structures which are pure, reproducible, of 
higher/controlled molecular weight and controlled degree of acetylation. The final 
product is in-line with current consumer trends (Versali et al., 2003). 
3.1.8. Mushroom Production to Chitin/Chitosan 
Harvesters pick mushrooms at the stalk, overturn the mushroom in- hand and the 
piece of the stalk which was picked is cut off, as this piece will bruise.  Thus, for 
each mushroom picked, there is a stalk placed into the waste stream as well as the 
mushrooms not deemed to be of market quality i.e. ill-shapen, bruised or roughly 
handled (so likely to bruise).  
The waste stalks/mushrooms are then dried. The stalks are spread out onto shelves in 
an industrial air drier. The drying occurs at 37 °C for approximately 2 days. The 
dried mushroom stalks are then chopped and milled into a fine powder. Mushroom 
powder itself has an application as a health food supplement and, depending on the 
production line; this product can go straight to market. An alternative, and more 
commercially lucrative, route is for the mushroom powder to be de-proteinated and 
used as a source of chitin. De-proteinisation is achieved by immersing the powder in 
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a weak basic solution at approximately pH 11 for 30 min. In this environment the 
protein is soluble, leaving the glucan-chitin polymer in the insoluble fraction. The 
mushroom protein has commercial application as a health supplement, particularly as 
a vegan-friendly alternative to whey protein. The glucan/chitin fraction contains α-
glucans, β-glucans and chitin. The β-glucans are intimately associated with the chitin 
polymer. Currently, Monaghan Biosciences is developing an enzyme cocktail 
containing 1-3, 1-4, and 1-6 acting glucanases to hydrolyse this fraction, without 
damaging the quality of the chitin polymer. Initial tests indicate that this β-glucan 
hydrolysis leaves the pure, high molecular weight chitin structure as an insoluble 
powder.  
In order to obtain chitosan, glucosamine or the desired chitooligosaccharides from 
this high molecular weight structure, a combination of chitinase degrading enzymes 
are required. In order to develop a commercially feasible product, chitinases for this 
application would be required to display low pH optima, and temperature 
optima/thermostability of 50 °C or higher. The aim of this project is to identify, 
isolate and produce chitinase enzymes suitable for this application. 
3.1.9. Chitinases 
Chitinase catalyses the hydrolytic cleavage of the β (1, 4)-glycoside bonds present in 
biopolymers of N-acetylglucosamine in chitin. Chitinases play nutritional roles in 
bacteria and archaea, defensive roles in plants and possibly humans, developmental 
roles in insects and morphogenetic, nutritional and parasitic functions in fungi 
(Adams 2004; Duo-Chuan 2006; Hartlet al.2012). Thus, chitin metabolism is 
considered to be fundamental to the three domains of life.  
The chitin polymers itself is insoluble in aqueous solution and is complex in nature 
having a high molecular weight, thus making it not possible to uptake and degrade 
the chitin intracellularly. Thus, in fungi, chitinases are secreted with different activity 
specificities so as to hydrolyse exogenous chitin from different sources. The products 
of chitin degradation can be absorbed by the fungal cells and used as nutrients. 
Fungal cell walls are comprised of chitin so it is thought that chitinases play an 
important role in cell wall remodelling as well as hyphal growth and extension, 
branching, fusion and autoysis during the fungal life cycle. Fungal chitinases can 
also play a role in competition and defence against other fungi. In entomopathogenic 
Page 144 
fungi, chitinases are used to colonise arthropods including insects, in nematode-
trapping fungi they can be used against nematodes (Herrera, 1999).  
Chitinases are classified according to their mode of action as per the International 
Union of Biochemistry and Molecular Biology and the CAZy database. Chitinases 
belong to glycoside hydrolase families 18, 19, 20, and recently one chitinase was 
described belonging to GH family 23. The families are structurally unrelated 
(Cantarelet al.2009). Chitinases can be further classified as either endo-chitinases or 
exo-chitinases according to their mechanism of action and site of cleavage in the 
chitin polymer. Endo-chitinases are defined as the enzymes catalysing the random 
cleavage at internal points in the chitin chain. Exo-chitinases catalyse the progressive 
release of acetyl-chitobiose or N-acetylglucosamine from the non-reducing end of 
chitin, and thus, are referred to as chitobiosidase and N-acetylglucosaminidase, 
respectively. N-acetylglucosaminidases act on either chitin or chitobiose but have a 
stronger affinity to the latter. Fungal chitinases are mainly classed as GH18. The 
GH18 family also contains bacterial chitinases. The mechanism of this family of 
chitinases involves substrate-assisted catalysis, which retains the anomeric 
configuration of the product. (CaZy.org, 2019). 
Fungal chitinases can be divided into three subgroups, A, B and C. The basis of 
assigning a subgroup to a chitinase is dependent on the amino acid composition of 
the GH18 regions. The subgroups differ in the architecture of their substrate-binding 
cleft and, thus, their activities. Subgroup A contains chitinases comprised of catalytic 
domains, usually without binding domains. The average molecular weight is 40 – 50 
kDa. Subgroup B chitinases vary in domain structure and size, with a molecular 
weight range of approximately 30 – 90 kDa. Typically, the smaller proteins i.e. those 
ranging from 30 – 45 kDa will contain a chitin binding domain but the larger 
proteins of approximately 90 kDa will be bound to the plasma membrane. Subgroup 
C is a novel subgroup comprising proteins of 140 – 170 kDa and that usually contain 
a Chitin Binding Motif (ChitBM). The presence of ChitBM in chitinases enables 
them to bind more tightly to insoluble chitin substrate which has been shown to have 
an enhancing effect on their processitivity (Ihrmark et al., 2010). 
In terms of industrial chitinases, enzymes with activity optima of 50 °C or higher, 
thermostability at 50 °C and acidic pH activity range, are desirable. As with many 
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industrial hydrolysis processes, reaction temperature of equal/more than 50 °C and 
acidic environment is advantageous in reducing industrial washes/buffer exchange 
after pre-treatments, increasing product solubility, facilitating higher substrate 
loadings, reducing process liquid viscosity and limiting potential for product 
contamination, all of which would contribute to the feasibility of the reaction in 
industry. Previously, the enzymatic secretome of Rasamsonia emersonii has 
demonstrated the ability to degrade chitin and chitin derivatives at temperature 
optima of 65 °C (Hendy et al., 1990; McCormack et al., 1991).Thus, chitinases 
sourced from the genome of Rasamsonia emersonii were chosen for the scope of this 
study. All three chitinases were predicted GH18 family enzymes. All three of the 
selected chitinases were likely extracellular enzymes (i.e. presence of signal 
sequence, see section 3.8). The first chitinase contained only a GH18 region. The 
second chitinase contained a GH18 region and a putative chitin binding motif 
(ChitBM). The third contained a GH18 region and a chitinase insertion domain 
(CID). 
3.2. Materials and Methods 
3.2.1. General Materials and Methods 
Materials and methods were carried out as per chapter 2 sections 2.2 - 2.8 with slight 
modifications. All modifications are described as appropriate.  Chemicals, protein 
standards, bulking clones and expressions systems are as before. All microbial 
technics were employed as per section 2.3. Molecular biology materials and methods 
were as before, aside from the target sequences and primers outlined in section 2.4. 
3.2.2. DNA sequences 
The DNA sequences were ordered from Eurofins Genomics. The sequences encoded 
3 putative chitinases, termed “chit1”, “chit2” and “chit3”. The three sequences 
originate from the R. emersonii genome. 
The DNA sequence for chit1 is 966 bp in length; chit2 is 1293 bp in length; and 
chit3 is 1299 bp in length.  
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3.2.3. In silico analysis 
DNA sequences included within the scope of this project are publically available 
from the National Centre for Biotechnology Information (NCBI) database. The 
reference sequences for chit1, chit2 and chit3 are XM_013472241.1, 
XM_013474098.1 and XM_013473152.1, respectively. 
SignalP 4.1, SecretomeP, Basic Logic Alignment Search Tool Nucleotide 
(BLASTN), The Basic Logic Alignment Search Tool Protein (BLASTP) Custal 
Multiple Sequence Alignment tool, Compute pI/MW tool, InterPro Scan 5 
programme, the ELM Resource, ApE computer programme, SWISS model structure 
homology-modelling server and PyMol molecular visualisation tool  were employed 
as per section 2.2.5.  
Phylogenic Tree analysis was carried using Tree Of Life v1.0 software as follows. 
MBio possess its own biobank; a unique culture collection of bacteria and fungi. 
Among the biobank of microorganisms is over 30 species of fungi, many of them 
originally isolated from the compost, casing, and spent mushroom substrate from the 
mushroom growing process. Bioinformatics analysis on these species by Dr. David 
Fitzpatrick’s group in Maynooth University identified 210,780 genes of interest (this 
included lignocellulose and chitin degrading enzymes) from the 23 fungal genomes 
which were publically available, using the Kyoto Encyclopaedia of Genes and 
Genomes (KEGG) database, BlastKOALA and GhostKOALA search tools with 
default settings.  
As part of the phylogenic analysis of this study, the 210,780 genes were blast-
searched for GH18 domains. These yielded approximately 250 sequences containing 
a GH18 domain. The 250 sequences were refined to 150 by omitting sequences 
without signal sequences, with putative transmembrane regions and on the basis of 
sequence length. The 150 GH18 sequences plus chit1, chit2 and chit3 sequences 
were uploaded into Tree Of Life v1.0 software and a phytogenic cladogram was 
creating using the software’s default settings (Letunic and Bork, 2019). The resulting 
cladogram can be seen in the following table.  
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Organisms  Database 
JGI Fungal Resource 
Aspergillus chevalieri (equitis) CBS 522.65  https://genome.jgi.doe.gov/portal/pages/dynamic
OrganismDownload.jsf?organism=Aspchev1 


























Stereum hirsutum Stehi https://genome.jgi.doe.gov/portal/Stehi1/Stehi1.
download.html 






Thielavia terrestris Thite2 https://genome.jgi.doe.gov/Thite2/Thite2.home.
html 
Trichoderma atroviride  Triat2 https://genome.jgi.doe.gov/Triat2/Triat2.home.ht
ml 
Trichoderma citrinoviride   Trici4 https://genome.jgi.doe.gov/Trici4/Trici4.home.ht
ml 
Trichoderma harzianum Triha1 https://genome.jgi.doe.gov/Triha1/Triha1.home.
html 
Aspergillus Genome Database 




Aspergillus terreus NIH2624  http://www.aspergillusgenome.org/download/sequ
ence/A_terreus_NIH2624/current/ 
Aspergillus versicolor  http://www.aspergillusgenome.org/download/sequ
ence/A_versicolor/current/ 
Genozymes Project Public Genomes 
Mycothermus thermophilus (Scytalidium 
thermophilum CBS 625.91) 
Scyth 
http://genome.fungalgenomics.ca/download.php 
Rhizomucor pusillus Rhipu http://genome.fungalgenomics.ca/download.php 
Thermomyces dupontii  http://genome.fungalgenomics.ca/download.php 
Ensembl Fungi 
Rasamsonia emersonii  ftp://ftp.ensemblgenomes.org/pub/release-
38/fungi/fasta/fungi_ascomycota2_collection/rasa
msonia_emersonii_cbs_393_64/pep/ 




Figure 3. 5 Details the 23 fungal genomes which were publically available, which were 
screened for GH18 domains 
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3.3. Molecular Biology Materials and Methods 
QIAprep Miniprep and QIAquick PCR Purification Kit form Qiagen, Crawley, UK 
(Qiagen), HiYield PCR purification kit from RBC, Quick-Load DNA ladder (1 kb) 
PmeI restriction enzyme and T4 ligase from New England Biolabs, Hertfordshire, 
UK (NEB); dNTP mix and restriction enzymes (EcoRI, XbaI), Alkaline Phosphatase 
from Thermo Scientific; Herculase II fusion DNA polymerase from Agilent 
Technologies Ireland, and MyTaq Red Polymerase mix from Bioline. 
3.3.1. Polymerase Chain Reactions 
3.3.1.1. Amplification of target sequences 
PCR was carried out using insert-containing PJET cloning vector, in these cases 
ordered from Eurofins genomics, Germany, as a template and Herculase II Fusion 
polymerase from Agilent Technologies Ireland. The DNA had been isolated form 
Top10F’ E. coli cells as per section 2.3.6. The primers used to amplify the target 
sequences and the PCR cycle parameters are listed in Table 3. 1 and Table 3. 2. The 
primers were designed to omit the native signal sequence and the native stop codon.  
Table 3. 1 PCR primers designed to amplify chit1, chit2 and chit3 from the MBIO gene 
library. Amplicons were sub-cloned into pICZα vectors. 
Enzyme Primers 
chit1 
AAA ACT CGA GAA AAG AGA GGC TGA AGC TGC TCC TTT GCG CTC TAA 
TAA TGC CAC CAC G 
  AAA ATC TAG AGT CGA GGC CAG CGC GCT GGC AAC 
chit2  
GGG GCT CGA GAA AAG AGA GGC TGA AGC TCT GAG ATA TGT TAT GTA 
CAT TGA TCA ATA TCA T 
  AAA ATC TAG AGT TGT CGA GGT CGT CAA ACT GTT GAC ACC ATC 
chit3 
GGG GCT CGA GAA AAG AGA GGC TGA AGC TGC TTT CAT TCC TTA CAC 
TAA TGA TCG GTT T 
  AAA ATC TAG AGT GTT CGA CGG GAA TCC GGC CCT 
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Table 3. 2 PCR conditions for amplifying DNA from PJET vectors. 
3.3.1.  Cloning of amplified DNA sequences 
The restriction enzymes PmeI, EcoRI, Xho1, and XbaI (Fast Digest from Thermo 
Scientific) were chosen for the digestion reactions as there were no recognition sites 
for these within the target genes.  The purified PCR product and purified plasmid 
were restricted as per section 0. Ligation of digested DNA, Preparation of electro-
competent E. coli cells, Preparation of electro-competent P. pastoris cells, 
Transformation of DNA into electro-competent E. coli, Preparation of DNA P. 
pastoris transformation, Transformation of DNA into electro-competent P. pastoris, 
Screening for Transformations in E. coli, Screening for Transformations in P. 
pastoris were carried out as per Materials and Methods section of Chapter 2. 
3.4. Expression Methods 
3.4.1. Expression Screening 
Expression screening was carried out as per sections 2.5.1 and 2.5.2 with minor 
modifications. The 2 mL screening expression protocol and the protein presence 
screening remain unchanged from section 2.5; the modifications pertain to the 
activity screening analysis, which are detailed in 3.4.2. 
3.4.2. Chitinase Activity screening 
Initially, a solution containing 0.2% azo-chitosan/0.2% chitin from shrimp, 2% agar 
and 50 mM citrate buffer pH 4 was made up and dispensed into a 24-well plate in 
500 µL aliquots. However, upon incubation of the expression samples within the 
wells, no clear zones of clearance could be observed. Thus, screening for chitinous 
degrading activities was carried out on Chit1, Chit2 and Chit3 protein expression 
Temperature (°C) Time Number of cycles 






45 - 60 s 
 
35 
72 5 min 1 
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samples using the SIGMA Chitinase Assay Kit (product code CS0980, manual 
provided in Appendix I) at 50 °C.  As the cost of the 4-NP-linked substrates is high, 
the activity screening was only carried out for the samples deemed to have the 
highest recombinant protein presence from the SDS gel, detailed in section 3.4.1. 
The tested samples displayed chitin-degrading abilities in all cases. 
Expression, expression curve and expression timeline, Bradford Assay, Protein 
quantification by absorbance at 280 nm, SDS-PAGE, Western blotting, De-
glycosylation reaction with PNGase F, Determination of molecular mass were 
carried out as per section 2.5, with minor modifications. The modifications pertain to 
the expression curve which was tested using the chitin activity assay as per section 
3.7.1 on the collected time points. 
3.5. Purification Materials 
Purification materials included the Hispur Colbalt resin, filters, lids and Slide-A-
Lizer cassettes from ThermoScientific, as per section 2.6. 
3.6. Purification Methods 
3.6.1. Purification of recombinant proteins 
Hispur Colbalt resin was employed for native purification of the extracellular 
recombinant proteins. The purification steps included sample preparation of crude 
enzymes, Immobilized Metal Affinity Chromatography, and diafiltration of purified 
enzymes, as detailed in section 2.7. 
3.7. Chitinase Characterisation Methods 
Characterisation studies were conducted on the purified chitinases and included 
analysis of pH versus activity, temperature versus activity profiles, stability studies, 
kinetic characterisation, substrate specificity, molecular mass determination, and de-
glycosylation.  Furthermore, the homogeneity of the purified protein was confirmed 
by SDS-PAGE and western blot as per sections 2.5.8 and 2.5.9 respectively.  
Page 151 
3.7.1. Chitinase Assay 
The assay used for estimation of chitin degrading activity was based methods in 
SIGMA Chitinase Assay Kit (product code CS0980, manual provided in Appendix I) 
with some modifications. 
The microtiter assay system contained 50 µl of substrate, typically 4-nitrophenyl 
N,N-diacetyl-b-D-chitobioside unless otherwise stated, in 200 mM citric acid or the 
appropriate buffer, at the appropriate pH, and 50 µl of suitably diluted enzyme in 
H2O. The substrate 4-nitrophenyl N,N-diacetyl-β-D-chitobioside tests for chitobiase 
activity, a type of exo-chitinase activity. This substrate was used in the chitinase 
assays as the 3 chitinases displayed activity against this substrate, and additionally 
for feasibility reasons. N-acetyl-b-D-glucosaminide and 4-Nitrophenyl b-D-N,N,N-
triacetylchitotriose were used to test for (exo) b-N-acetylglucosaminidase activity 
and endo-chitinase activity, respectively, during the substrate specificity testing, as 
discussed in section 3.7.6. 
The reaction was allowed to proceed for 15 min at the desired assay temperature and 
was stopped by the addition of 100 µL 1 M sodium carbonate.  Both substrate 
solution and enzyme were equilibrated to assay temperature prior to initiation of the 
reaction.  An assay blank contained enzyme and substrate solution, which were 
incubated separately for the duration of the reaction period and mixed in the required 
amounts directly with the stopping solution. All samples were measured at 400 nm 
with a UV-visible spectrophotometer, blanked with dH2O.  
Standard curves were constructed to quantify the amount of 4NP released during the 
assay. From the standard curve the amount of 4NP released during the assay could 
be determined and this was used to calculate chitin-degrading activity.  One unit of 
chitinase activity was defined as the amount of enzyme capable of releasing 1 µmol 
of 4NP/min under the defined assay conditions.  
Using the method above and the Bradford assay, the specific activity of the enzymes 
could be calculated. Specific activity of the enzymes was defined as the amount of 
enzyme capable of releasing 1 µmol of 4NP/min/mg under the defined assay 
conditions. 
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3.7.2. Determination of pH versus activity profiles 
Activity versus pH profiles were obtained for the purified enzymes according to the 
methods in literature with some modifications.  Each enzyme was assayed for 
activity in triplicate by the standard assay procedure as per section 3.7.1.  The pH 
values tested were pH 1.5, 2.0 2.5, 2.8, 3.0, 3.5, 4.0, 4.5, 5.0, 5.5 and 6.0 in 100 mM 
KCl-HCl (pH 1.5 - 2.5), phosphate-citrate (pH 2.6 – 5.0) or citrate buffer (pH 5.0 – 
6.0).  The results were plotted as a percentage activity relative to the highest activity 
value obtained. 
The relative chitinase activity at the various pH values was determined as a 
percentage of the pH where optimum activity was observed.  Percent relative activity 
verses pH was plotted to yield the pH profile for the enzymes. 
3.7.3. Determination of temperature versus activity profiles 
Temperature versus activity profiles were obtained according to the modified 
methods available in literature (Biggs, 1954). The profiles were obtained by carrying 
out the assay (section 3.7.1) in triplicate at different temperatures. Temperatures in 
the range of 30 - 70 ºC were used.  The relative activity at the different temperature 
values was calculated as a percentage of activity at the optimum temperature.  
Temperature values versus percentage relative activities were plotted to yield the 
temperature profile for the crude and purified chitinases.  
3.7.4. Determination of thermostability of the chitinases 
The stability profiles were obtained according to the modified methods found in 
literature (Biggs, 1954; Homthong et al., 2016; Khan et al., 2015).  An appropriate 
dilution of chitinase enzyme in 100 mM citrate buffer/glycine-HCL buffer at the 
optimum pH and temperature values of the respective chitinases over a time course 
of 48 hours.  Each extracted sample was assayed in triplicate for chitinase activity, as 
per section 3.7.1. The relative activity remaining was expressed as a percentage of 
the optimum activity observed. Incubation time versus percentage relative activity 
was plotted to yield the stability profile for the chitinase. Inactivation data was 
determined as per the methods of Anthon and Barrett, 2002. The rate constants k for 
first-order inactivation were determined from the slopes of the inactivation time 









where A0 is the initial enzyme activity and A is the activity after heating for time t.  
Following this, inactivation is given as a D value, the time required to reduce the 
enzyme activity to 10% of its original value. The D value is directly related to the 
inactivation rate constant k by eq. 2: 
𝐷 = 2.303/𝑘 
3.7.5. Determination of kinetic parameters Km and Vmax 
The kinetic parameters Km and Vmax were determined for the chitinases with 
respect to the substrate 4NP- N,N′-diacetyl-β-D-chitobioside using the modified 
methods available in literature (Biggs, 1954; Khan et al., 2015).  Determination of 
the kinetic constants for the chitinases was achieved by monitoring the rate of 
substrate hydrolysis as a function of substrate concentration at their optimum pH and 
temperature. Substrate concentrations ranged from 0.2 – 1.0 mg of substrate per mL.  
The rate of hydrolysis of the different concentrations of the substrate was monitored 
in triplicate. 
The rate of substrate hydrolysis was monitored as outlined in section.  Plots of 
substrate concentration versus enzyme velocity were fit using non-linear regression 
in GraphPad Prism, which then estimated the kinetics constants Km and Vmax from 
these graphs. 
3.7.6. Determination of substrate specificity 
The substrate specificity of the chitinases were determined with respect to the 
substrates 4-nitrophenyl N-acetyl-b-D-glucosaminide, 4-nitrophenyl N,N-diacetyl-b-
D-chitobioside and 4-Nitrophenyl b-D-N,N,N-triacetylchitotriose. The first two 
sequences tested exo-chitinase activity, specifically b-N-acetylglucosaminidase 
activity and chitobiosidase activity, respectively. The 4-Nitrophenyl b-D-N,N,N-
triacetylchitotriose substrate tested endo-chitinase activity. 
The assays were conducted in triplicate as per section 3.7.1. The relative activity 
against the different substrates was calculated as a percentage of activity relative to 
the optimum activity displayed.   
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3.7.7. Industrial applicability test of the Chitinases 
Hydrolysis reactions on complex industrial substrates were carried out in order to 
further investigate the potential industrial applicability of the three chitinases. 
Briefly, 10 mg of substrate was placed into 10 mL of 20 mM sodium acetate buffer 
pH 4, and samples were incubated at 50 °C and 150 rpm overnight. The test sample 
contained 0.1 mg of concentrated crude enzyme (approx. 10 µmol/min, 100 
µmol/min and 25 µmol/min of Chit1, Chit2 and Chit3 on 4-nitrophenyl N,N-
diacetyl-b-D-chitobioside in optimum conditions each sample, respectively), the 
positive control was Denazyme CBB-P1/R (approx. 175 µmol/min), a commercial 
chitinase from Streptomyces (Nagase ChemteX Corporation, Japan), and the 
negative control contained only buffer. The substrates used were chitin from shrimp 
(Megazyme), dried mushroom powder, fungal chitin-glucan polymer and fungal 
chitin. The fungal chitin substrates were generated in house by MBio staff using 
waste from the Monaghan Mushrooms farm. The samples were filtered through a 
Claristep® filter, into a Thermo polypropylene vial, placed into the Dionex 
Autosampler and subject to high performance anion exchange chromatography with 
pulsed amperometric detection (HPAEC-PAD) analysis. The Dionex ICS-5000 
system, in conjunction with a 4x250 mm ThermoFisher CarboPac-PA10 anion 
exchange column (ThermoFisher Part # 035391) and Carbo Pac-PA10G guard 
column, 4x50 mm (ThermoFisher Part # 043096), as well as an Electrochemical 
Detector were used to detect and quantify sugars and oligosaccharides released from 
the hydrolysis reaction. Samples were eluted with 1M Sodium Acetate in 100 mM 
Sodium Hydroxide eluent over a 24 min run time (including a column wash step to 
prevent sample carry-over and column re-equilibration). The eluent system for 
chitooligosaccharides analysis employed 100 mM Sodium hydroxide/1 M Sodium 
Acetate (A), MilliQ water (B), and 100 mM Sodium hydroxide (C). Elution was 
performed in a linear gradient from 0:0:100 (% A:B:C) to 0:30:70 (% A:B:C) from 0 
to 15 min, followed by isocratic elution at 0:100:0 (% A:B:C) for 3 min. The method 
was carried out at 25 °C and flow rate was 1 ml/min. Prior to detection, the column 
was washed with 100 mM NaOH at 1 ml/min for approximately 2 hours. The 
column was equilibrated with at least two blank injections. Blank injections were run 
regularly between samples.  
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The peaks of interest eluted between 4 and 12 min. Standards for this method were 
made up in water and included 50 µg/ml glucosamine, N-acetyl-glucosamine, N,N-
diacetyl-chitobiose, N,N,N-triacetyl-chitotriose, N,N,N,N-tetraacetyl-chitotetraose 
and N,N,N,N,N,-pentaacetyl-chitopentaose. Comparison of the peak-retention time 
of the standards to the peak-retention times resulting from the test samples allowed 
detection of the sugars and chitooligosaccharides release during hydrolysis. For 
quantification, samples were diluted to give a value of oligosaccharide concentration 
that fell within the centre of the standard curves for glucose, n-acetyl-glucosamine or 
glucosamine. The quantification of these sugars was used to determine the efficacy 
of the chitinases to break down chitinous substrates to release chitooligosaccharides. 
The concentration of standard curves of glucose, N-acetyl-glucosamine or 
glucosamine ranged from 1.62 – 103.88 µg/ml. From the standard curve the amount 
of total glucose, N-acetyl-glucosamine or glucosamine during the testing could be 
determined. The nC (i.e. height) of these peaks in relation to the nC of other peaks in 
the same hydrolysis sample allowed estimation of the amount of other 
chitooligosaccharides released during hydrolysis (i.e. N,N-diacetyl-chitobiose, 
N,N,N-triacetyl-chitotriose, N,N,N,N-tetraacetyl-chitotetraose and N,N,N,N,N,-
pentaacetyl-chitopentaose). 
3.8. In Silico Results 
The chit1, chit2 and chit3 sequences originate from the R. emersonii IMI116815 
genome. A BLASTN and BLASTP search of the nucleotide and protein sequences 
showed similarity with other chitinases from Glycoside Hydrolase (GH) family 18.  
Chit1 displayed 51% identity with 89% query cover to a conserved chitinase termed 
chi18-13 from Trichoderma species (T. lixii, T. parereesei, T. minutisporum, T. 
tomentosum) (Katarina Ihrmark et al., 2010) and 50% identity across 95% percent of 
the sequence cover with Chit30 from Metarhizium anisopliae (Staats et al., 2013). 
The full DNA sequence of chit1, including signal sequence and stop codons can be 
seen in Figure 3. 6. 
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Figure 3. 6 DNA sequence of chit1 including signal sequence, GH18 catalytic domain and 
stop codons. 
The Chit2 sequence shows similarity to GH18 (chitinases) from Aspergillus, 
Penicillum and Byssochlamys (“BLAST: Basic Local Alignment Search Tool,” 
2018). Chit2 shows 63 % identity across its full sequence to a characterised chitinase 
from the thermophilic fungus Thermomyces lanuginosus (Khan et al., 2015). The full 
DNA sequence of chit2, including signal sequence and stop codons can be seen in 
Figure 3. 7. 
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Figure 3. 7 DNA sequence of Chit2 including signal sequence, GH18 catalytic domain, 
linker region, Chitin Binding Domain and stop codons. 
Chit3 shows similarity to other GH18s (chitinases) from Aspergillus, Penicillium, 
Byssochlamys. The sequence displayed 65% identity with 92% query cover to a 
chitinase gene from Coccidioides immitis (Hollis et al., 1998; Pishko et al., 1995; 
Yang et al., 1996), and 62% identity across 92% percent of the sequence cover with 
a chitinase from the fungal pathogen Aspergillus fumigatus (Hu et al., 2004), and 
61% with 88% query cover to chitinase6 from Coccidioides posadasii. The full DNA 




Figure 3. 8 DNA sequence of Chit3 including signal sequence, GH18 catalytic domain, 
linker region, Chitinase Insertion Domain and stop codons. 
Chit1, Chit2 and Chit3 are recognised as glycoside hydrolase family 18 chitinases. 
Most fungal chitinases belong to glycoside hydrolase family 18. However, despite 
being assigned to GH18, the catalytic mechanism, molecular structures and specific 
activities of chitinases vary greatly, owing to the wide range of roles that chitinases 
preform, thus the substrate specificity of a chitinases cannot truly be predicted 
through in silico methods. 
Typically, GH family 18 chitinases will consist of a number of conserved repeats of 
amino acids. And general structure of fungal GH18 chitinases will include an N-
terminal signal sequence and catalytic domain. GH18 chitinases from other sources, 
e.g. bacterial, will include a serine/threonine rich region, chitin binding domain and 
C-terminal extension. However, these are usually not present in fungal GH18 
chitinases, which does not appear to affect chitinase activity. Chit1 was predicted to 
contain only the signal sequence and GH18 catalytic region which is typical of 
fungal chitinases. The GH18 catalytic domain contains 8 strands of parallel β-sheets, 
forming a barrel laid down α-helices, which in turn from a ring to the outside, see 
Figure 3. 9. Often the mechanism of GH18 chitinase activity can be predicted by the 
class of chitinase. Chit1, Chit2 and Chit3 are recognised as a Class II chitinases 
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making them likely to hydrolyse β-glycosidic linkages through an inverting 
mechanism. 
 
Figure 3. 9 3D modelling with predicted protein domains within Chit1 as generated by 
SWISS model and visualised using PyMol. GH18 family domain is detected as the only 
domain in the mature amino acid sequence and the inner β and outer α barrel rings are 
labelled. 
Chit2 was predicted to contain the signal sequence, GH18 catalytic region and an 
additional chitin binding domain at the C-terminus. A number of plant and fungal 
proteins that bind N-acetylglucosamine contain this domain. The domain may occur 
in one or more copies and is thought to be involved in recognition or binding of 
chitin subunits In chitinases, as well as in the potato wound-induced proteins, the 43-
residue domain directly follows the signal sequence and is therefore at the N 
terminus of the mature protein; in the killer toxin alpha subunit it is located in the 
central section of the protein. 
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Figure 3. 10 3D modelling with predicted protein domains within Chit2 as generated by 
SWISS model and visualised using PyMol. GH18 family domain is detected as well as a 
Chitin Binding Domain. 
Chit3 was predicted to contain the signal sequence, GH18 catalytic region and an 
additional insertion domain. This chitinase insertion domain (CID) is composed of 
five or six anti-parallel beta-strands and one alpha-helix and it inserts between the 
seventh alpha-helix and seventh beta-strand of the TIM barrel. The CID domain 
forms a wall alongside the TIM barrel substrate-binding cleft of chitinase which 
increases the depth of the cleft, which can correlate to exo-chitinase activity. Family 
18 chitinases (also known as glycoside hydrolase 18 family) can be classified into 
three subfamilies: A, B, and C. The chitinase insertion domain (CID) can be found in 
the subfamily A, but is absent in the subfamily B. Chit1, Chit2 and Chit3 likely 
belong to class A chitinases, as Chit1 contains the simple structure typical of class A 
chitinases, Chit3 contains the CID domain absent in class B chitinases, and 
furthermore, class C chitinases are a novel high-molecular weight class of chitinases. 
8 β-sheet barrel 
8 α-helix barrel 
Chitin Binding Domain 
Page 161 
 
Figure 3. 11 3D modelling and predicted protein domains within the mature Chit3 amino 
acid sequence as generated by SWISS model and visualised using PyMol. GH18 family 
domain is detected as well as a Chitin Insertion Domain. The CID is thought to deepen the 
substrate binding cleft. 
The three chitinases were aligned using the Custal Omega alignment tool (see 
section 2.2.5). From the alignment it can be observed that the chitinases do not share 
a large amount of sequence identity to each other. It is not unusual for chitinases of 
the same GH family to differ hugely in sequence as fungal chitinases carry out a vast 
array of functions including cell wall degradation and re-modelling, anti-microbial 
defence roles and exogenous chitin degradation. (Duo-Chuan, 2006; Hartl et al., 
2012)  However, the similarity between the sequences which does occur occurs 
within the predicted GH18 catalytic regions. Chit2 and Chit3 are approximately 90 
amino acids longer than Chit1, which is expected as they contain the additional 
chitin binding domain and insertion domain, respectively. 
8 β-sheet barrel 
8 α-helix barrel 
Chitin Insertion Domain 
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Figure 3. 12 Sequence alignment of the three chitinases generated by Custal Omega. 
The protein sequence of Chit1 was predicted by Signal P to contain a signal 
sequence from amino acids 1-20, Chit2 was predicted to contain a signal sequence of 
amino acids 1-16, and Chit3 was predicted to contain a signal sequence of amino 
acids 1-17. Signal sequences are desirable as they indicate that the protein is natively 
secreted through the cell membrane. 
The predicted isoelectric point of Chit1, Chit2 and Chit3 (without the signal 
sequences) is pH 4.64, pH 4.78 and pH 4.91, respectively.   The predicted molecular 
weights are 31.59 kDa, 45.48 kDa and 45.81 kDa. The ELM Resource (see section 
2.2.5) predicted that Chit1 contained 2 N-linked glycosylation sites; the amino acid 
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positions and matched sequences can be seen in Table 3. 3. It was predicted that 
Chit2 contained 2 N-linked glycosylation post-translational modification (PTM) 
sites, 1 Yeast kexin 2 cleavage site and 1 amphipathic motif that binds to yeast 
Cdc20 and acts as an APC/C degron enabling cyclin Clb5 degradation during 
mitosis. Chit3 was predicted to contain 6 N-linked glycosylation sites.  
Typically, proteins which are secreted through a cell membrane undergo post-
translational modifications; therefore, the presence of glycosyl sidechains and 
cleavage sites on these chitinase is expected (Lambertz et al., 2014). 
Table 3. 3 Shows predicted PTMs fir the translated chit1, chit2 and chit3 sequences. PTMs 




The resulting image of the phylogenic analysis is shown below in Figure 3. 14 (and 
Figure 3. 13 for clarity) that the 3 chitinases are somewhat unrelated, given that they 
all originate from the same genome. Throughout the tree, clades of related sequences 
from the same host organisms can be seen e.g. the Trichoderma chitinases tend to be 
located close together such so that there is fewer speciation event separating them, 
the same can be observed for chitinases originating from Cladosporium 
sphaerospermum, Rhizomucor pusillus, and Stereum hirsutum. Chit2 is most closely 






Generic motif for N-glycosylation NNATTK 26-31
QNVTLD 159 -164
Yeast kexin 2 cleavage site RRD 207-208 [KR]R
Generic motif for N-glycosylation DNTTRA 99-104
DNVTKH 209-214













others. However, chit1, chit2 and chit3 are spread across the phylogenic tree, with up 
to 21 speciation events separating one chitinase from the other. The closest related 
sequences are chit2 and chit3, and the furthest related of the three sequences is chit1 
and chit3. Notably, chit1 is closely related to chitinases originating from 
Trichoderma species, a known producer of chitinase enzymes.   
This would likely indicate that the chitinase are involved in different roles within the 
R. emersonii fungus, and their production is signalled through different pathways i.e. 
one sequence could be produced in response to competition in the native fungus’ 
environment, the other could be produced for cell wall re-modelling. 
Figure 3. 13 A pruned tree displaying the results of the phylogenic analysis of the chitinase 
sequences, for clarity. 
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3.9. Polymerase Chain Reaction 
The Polymerase Chain Reaction was carried out as per section 2.4.3 on the target 
chit1, chit2 and chit3 sequences. After the PCR reaction cycles described in Table 3. 
2 were complete; the DNA samples were loaded onto the agarose gel. The DNA 
ladder; Quick-Load 1kb DNA ladder form New England Biolabs, was loaded into 
Figure 3. 14 Resulting tree from the phylogenic analysis of the chitinases enzymes, compared to 
other fungal sequences isolated from mushroom farm compost samples. 
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lane “M” and was used to track the progression of the samples through the gel. The 
ladder is fully separated indicating that the electrophoresis has run effectively. Upon 
comparison to the DNA ladder under UV light, the bright band of amplified DNA 
can be seen to occur in the expected regions of 966 bp, 1293 bp and 1299 bp 
indicating that the amplification reactions were successful in all cases (Figure 3. 15). 
 
Figure 3. 15 Amplicons resulting from the Polymerase reaction, carried out as described 
previously. Lane M contains Quick Load 1 kb DNA ladder; lanes 1 and 2 contain amplified 
chit1 DNA, lanes 5 and 6 contain amplified chit2 DNA, lanes 9 and 10 contain amplified 
chit3 DNA, lanes 3, 7 and 11 show the respective negative controls for chit1, chit2 and chit3 
amplification reactions. Lanes 4 and 8 are blank. 
3.10. Digestion Results 
Digestion reactions were carried out on the PCR products and on their corresponding 
pICZα vectors as described in section 0. The sequences were subsequently purified 
to remove any restriction enzymes. The restriction enzymes used were EcoR1, Xho1, 
Xba1 and Pme1. As an experimental control, a single digest for each respective 
restriction enzyme was carried out on pICZα vector in conjunction with any 
digestion reaction. The DNA samples were visualised on an agarose gel post 
digestion. If the enzymes had effectively linearized the control vectors, it could be 
assumed that the restriction enzymes had also effectively digested the purified PCR 
products. A typical example of a gel resulting from a successful digestion procedure 
can be seen in Figure 2. 11 of the previous chapter.  
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3.11. Screening of clones in Top10F’ E. coli cells 
Ligation of the digested chit1, chit2 and chit3 amplicons and the pICZα expression 
vectors was carried out as per section 2.4.5, and subsequently transformed into 
electro-competent Top10 F’ E. coli cells as per 2.4.10. 
Once the ligation mixture was electroporated into the competent E. coli cells, the 
cells were allowed to recover before being spread on selective LB low-salt zeocin 
agar for selective growth of cells with zeocin resistance. The gene for zeocin 
resistance is contained within the sequence of the pICZα vector, thus only those 
colonies which have “picked up” the vector DNA will grow in the presence of the 
zeocin antibiotic. Screening is required to ensure that the insert DNA is contained 
within the vector as empty vector DNA alone would allow for the cell growth. 
Plasmid-insert analysis was carried out on randomly-selected colonies to confirm the 
presence of the insert as per section 2.4.11. The resulting samples were loaded 
directly onto an agarose gel and subjected to electrophoresis (Figure 3. 16). Where a 
clone is positive for its respective insert, a bright band of DNA can be visualised at 




Figure 3. 16 Resulting agarose gel after the screening of 8 colonies from the chit1, chit2 and 
chit3 transformation plates. The areas showing bright bands of DNA indicate these 
transformants positive for the respective insert DNA. 
3.12. Sequencing Analysis 
Purified pICZα vectors containing inserts were sent to Eurofins Genomics for 
sequencing analysis. The resulting sequence was aligned with the original chit1, 
chit2 and chit3 sequences (minus the signal sequence and stop codons) using ApE 
computer programme as per section 2.2.5. The alignment produced a homology 
score of 100 % in all cases, there was no deviation from the original sequence. 
3.13. Transformation into Pichia pastoris 
Linearized plasmids were electroporated into electrocompetent P. pastoris cells as 
per section 2.4.10. The cultures were spread onto YPD media substituted with zeocin 
of rising concentrations. The growth of single colonies indicted that the 
transformation had been successful. The rising concentration of zeocin encourages 
the separation of high-copy integrals. Often, during electroporation of P. pastoris, 
different amounts of the clone DNA can transform into the cells. A resistance to high 
amounts of zeocin indicates that the growing cells have “picked-up” many copies of 
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the clone DNA containing the zeocin-resistance gene. High copy integrals are often 
the highest expressers of the target protein, so the isolation of high-copy integrals is 
desired. The genetic make-up of each of the transformed P. pastoris cells will differ, 
therefore expression screening must be carried out to determine the highest target 
protein expresser (Invitrogen, 2010; Weidner et al., 2010). 
3.14. Expression Results 
Expression studies for each chitinase typically entailed 3 steps, as outlined in section 
3.4, those steps were: 
 Initial screen of P. pastoris transformants for protein. This involved 
growth and expression of up to 24 colonies in 2 mL culture for 48 h 
induction, and subsequent SDS PAGE analysis. 
 Screen of P. pastoris transformants for desired activity, carried out by 
chitinase assay as per section 3.7.1 on the crude supernatant of the sample 
which displayed the largest amount of hypothesised recombinant protein 
from the SDS PAGE analysis in the previous step.  
 Full expression time course of the highest expresser and SDS PAGE 
analysis. This involved growth and expression in a 100 mL culture for 
216 h of induction. 
 Full expression activity curve of the highest expresser. This involved 
chitinase activity analysis of the samples taken every 24 h over the 216 h 
expression time course. 
3.14.1. Initial Screen of P. pastoris for Protein 
After the transformation procedure outlined in section 2.4.12 was carried out for the 
chitinases, the transformant numbers were classed as “200 colonies or more” for 
each of the selective plates containing 100-1000 µg/mL zeocin concentration. The 
numbers of colonies on each plate was seen to decrease as the concentration of 
zeocin increased, indicating the inclusion of high-copy-integral P. pastoris cells.  
In all cases, there was no growth seen on the negative controls which contained 
water instead of DNA, indicating that there were no false-positive transformants. 
Samples from each of the plates were picked at random and underwent recombinant 
expression screening as per section 3.4.1. 
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Upon analysis of the Chit1 expression secretomes by SDS PAGE, banding and a 
smear spanning the regions of 29.3 kDa, 32.1 kDa, and 35.8 – 72.2 kDa can be 
visualised in the supernatant of most of the transformants (Figure 3. 17). These are 
not visible in the negative control sample which contained empty vector (lane 1), 
indicating that the smear is the recombinant Chit1, despite this being predicted by 
ExPASy Compute pI/MW in silico tool (expasy.org) as having a molecular weight of 
31.6 kDa. The lanes 9, 11 and 13 do not contain the hypothesised Chit1 smear in the 
same quantity as the other samples. Though the highest-expressing cell is usually a 
high-copy integral, it can occur that high-copy integrals yield little-to-no target 
protein, as previously described for a Rhizopus oryzae lipase gene (ROL) expressed 
in P. pastoris (Cámara et al., 2016). The reason for this is currently poorly 
understood, but could be due to the protein-synthesizing machinery of P. pastoris 
cell becoming over-whelmed in multi-copy strains. As the samples in lanes 9, 11 and 
13 originated from the higher antibiotic-concentration transformant plates, this 
would likely explain the lack of expressed protein.  The largest smear appears to 
occur in lane 8, suggesting that the corresponding P. pastoris cells were the highest 
expressing cells of the target Chit1 protein. This sample had been taken from the 
transformation plate containing 500 µg/mL concentration of zeocin, therefore 
making it a high copy integral, thus higher levels of recombinant protein expression 
would be expected (Invitrogen, 2010). The resulting activity plate from the initial 
activity screen on this sample can be seen below the gel in Figure 3. 17 where it 
tested positive for crude chitinase activity, seen as a colour change to yellow-green 
in comparison with the negative control. 
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Figure 3. 17 Supernatants from expression screening procedures for Chit1 displayed on a 
10% pre-cast SDS gel after electrophoresis. The highest expressers can be seen in lane 8, 
typical results of activity screening assay on this sample is shown in test wells 1,2 and 3, the 
negative control can be visualised in comparison. 
Upon analysis of the expression secretomes of the Chit2 transformants by SDS 
PAGE electrophoresis, a double-band with an apparent molecular weight of 55.4 and 
57.3 kDa was observed (see Figure 3. 18). The banding is not visible in the negative 
control sample containing empty vector (lane 1), indicating that the banding is the 
protein of interest, despite this being predicted by ExPASy Compute pI/MW in silico 
tool (expasy.org) as having a molecular weight of 45.5 kDa. The largest smear was 
observed in lane 12, indicating that it’s corresponding P. pastoris cells were the 
highest expressing cells of the recombinant chit2 sequence. This sample had been 
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Figure 3. 18 Supernatants from expression screening procedures for Chit2 displayed on a 10% 
pre-cast SDS gel after electrophoresis. The highest expressers can be seen in lane 12, typical 
results of activity screening assay on this sample is shown in test wells 1,2 and 3, the negative 
control can be visualised in comparison. 
taken from the transformation plate containing the highest concentration of zeocin, 
therefore making it a high copy integral (Invitrogen, 2010). The resulting activity 
plate from the initial activity screen on this sample can be seen below the gel in 
Figure 3. 18, where it tested positive for crude chitinase activity, seen as a colour 
change to yellow-green in comparison with the negative control. 
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Figure 3. 19 Supernatants from expression screening procedures for Chit3 displayed on a 
10% pre-cast SDS gel after electrophoresis. The highest expressers can be seen in lane 2, 
typical results of activity screening assay on this sample is shown in test wells 1,2 and 3, the 
negative control can be visualised in comparison. 
Upon analysis of the Chit3 expression secretomes by SDS PAGE, a smear spanning 
the regions of 56.3 – 125.1 kDa can be visualised in the supernatant of most of the 
transformants (Figure 3. 19). The smear is not visible in the negative control sample 
which contained empty vector (lane 1), indicating that the smear is the recombinant 
Chit3, despite this being predicted by ExPASy Compute pI/MW in silico tool 
(expasy.org) as having a molecular weight of 45.8 kDa. In lanes 6 and 10 the 
hypothesised-chitinase isn’t present; additionally, the secretome samples of 
transformants from the plates containing higher concentrations of zeocin, expression 
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levels are poor. It is likely that these are high-copy integrals that became over-
whelmed upon induction and therefore didn’t express the target protein. Expression 
of the Chit3 protein was low, relative to the expression of the other chitinases. The 
largest smear was observed in lane 2, indicating that it’s corresponding P. pastoris 
cells were the highest expressing cells of the recombinant chit3 sequence. The 
resulting activity plate from the initial activity screen on this sample can be seen as 
well in Figure 3. 19, where it tested positive for crude chitinase activity, seen as a 
colour change to yellow-green in comparison with the negative control. Qualitative 
activity screening results, as well as activity patterns i.e. exo/endo chitinase activity 
is discussed further in the characterisation section (3.15), and more specifically in the 
substrate specific activity section (3.15.5). 
3.14.2. Full-scale expression Results 
The highest expressing colony for each Chitinase was induced as per section 3.4. 
The presence of chitinase activity was measured via 4-NP chitinase assay method as 
per section 3.7.1 which detects the amount of 4-NP released by the enzyme in the 
presence of 4-nitrophenyl N,N-diacetyl-β-D-chitobioside. The substrate 4-
nitrophenyl N,N-diacetyl-β-D-chitobioside tests for chitobiase activity, a type of 
exo-chitinase activity. 
Expression samples were collected every 24 h up to 216 h after induction, and assays 
were carried out in triplicate for each time point. Chit1 activity levels reached up to 
658.09 µmol/min at 216 h of expression. Chit2 and Chit3 reached 3667.62 
µmol/min, and 239.71 µmol/min, respectively with respect to the substrate 4-
nitrophenyl N,N-diacetyl-b-D-chitobioside. Evaporation of the expression samples 
through the breathable membrane was observed. A water evaporation rate of 2.5 mL 
per 24 h was assumed. The rate of water loss was estimated by measuring the 
amount of liquid loss from a 100 mL sample of un-inoculated media remaining in a 
500 mL flask after 24 h and 48 h of incubation under the sample expression 
conditions.  
During the expression of Chit1, the smear with an apparent molecular weight of 33.6 
– 72.2 kDa increases over the time points of the samples, supporting the hypothesis 
that this is the recombinant Chit1 and that Ccit1 is a glyco-protein. The steady 
increase in protein amount is consistent with the results of the chitinase activity 
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Figure 3. 20 The rising chitinase activity of expression samples from the expression of 
Chit1, over 24 h time points as assayed via the 4-NP method. Expression samples from 0-
216 h of expression displayed on a 10% SDS gel after electrophoreses. The smear from 
35.8 – 72.2 kDa can be seen to increase in size with the time points. The dark regions at 
approximately 200 kDa were determined as media interference on pre-stained gels under 
the imagine system, as when the gel was stained with Coomassie blue and de-stained with 
H2O, the band were no long visible, indicating that they are not proteins. 
assay which shows that the chitinase activity of the expression samples is increasing 
up to/past h 216. Typically, at 48 h of expression 95 mL of crude supernatant is 




The highest chit2-expressing colony was induced as per 3.4. Total chitinase activity 
levels can be seen to reach up to 3667.62 µmol/min at 216 h. As seen in Figure 3. 21, 
results of the assay found that the chitinase activity of the expression culture is rising 
steadily until approximately 144 hours, at which point it somewhat levels off until 
216 h, when the experiment was terminated. The bands at 55.4 kDa and 57.3 kDa 
hypothesised to be the recombinant Chit2 enzyme, increase over the time points of 
the samples. The increase in protein production appears to level-off after 144 h our 
expression which is in-line with the activity results from the chitinase assay. The 
multiple banding is possibly an isoform of the enzyme which is proteolyticly cleaved 
or may undergo differential glycosylation, as is known to occur with P. pastoris 
expression (Sinha et al., 2005). 
Typically, at 48 h of expression 95 mL of crude supernatant is collected, samples 
have been seen to reach activity levels of up to 2323.97 µmol/min after 48 h. 
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Figure 3. 21 A typical expression time course of recombinant Chit2 expression. Samples 
were collected every 24 h up to 216 h, and assayed via chitinase assay (graph). The bands 
displayed on the SDS gel from 55.4 kDa and 57.3 kDa can be seen to increase in size with 
the time points. The dark regions at approximately 200 kDa were determined as media 
interference on pre-stained gels under the imagine system, as when the gel was stained with 
Coomassie blue and de-stained with H2O, the band were no longer visible, indicating that 
they are not proteins 
A smear with an apparent molecular weight of 56.3 – 125.1 kDa hypothesised to be 
the recombinant Chit3 enzyme can be seen in the gel in Figure 3. 22. A band of 58.2 
kDa can be seen to increase over the time points of the samples, despite the 
expression levels in general being low in comparison to the other chitinases. 
The steady increase in protein amount is consistent with the results of the expression 
time course which shows that the chitinase activity of the expression samples is 
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increasing up to/past hour 216 h. Typically, at 48 h of expression 95 mL of crude 
supernatant is collected, samples have been seen to reach activity levels of up to 
83.84 µmol/min after 48 h. 
 
Figure 3. 22 A typical expression time course of recombinant Chit3 in P. pastoris X-33. 
Samples were collected every 24 h up to 216 h, and assayed via the 4NP method for 
detection of chitinase activity (graph). The SDS gel shows expression samples from 0 -216 h 
of induction. The dark regions at approximately 200 kDa were determined as media 
interference on pre-stained gels under the imagine system, as when the gel was stained with 
Coomassie blue and de-stained with H2O, the band were no long visible, indicating that 
they are not proteins. 
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3.14.3. Discussion of expression 
Previous studies on the native Rasamsonia emersonii chitinolytic cocktail showed 
that the chitobiose activity of the sample increased up to 14 days of fermentation and 
decreased rapidly to base levels by day 18. In a separate study, flask cultures, in 
which pH was not controlled, displayed chitinase activity of  1.5  mg reducing 
equivalents per mL after 48 fermentation, and chitobiase activity of 0.27  gmol,min-
l.m1-1 after 2-4  days  of growth (Hendy et al., 1990; McCormack et al., 1991).  
Effective secretion of the recombinant chitinase enzymes into the expression media 
was expected due to the α-factor signal sequence included in the pPICZα vector. The 
α-factor is a signal sequence designed specifically for transport through the P. 
pastoris cell membrane. Additionally, there is much evidence to suggest that P. 
pastoris is a suitable expression host for fungal chitinase enzymes. Previously, the 
Bbchit1 gene from Beauvaria bassiana was expressed in both E. coli and P. 
pastoris. The resulting yields and specific activity of the chitinase enzyme was 
significantly higher expressed in the P. pastoris than the E.coli-expressed 
counterpart. Additionally, P. pastoris was capable of secreting high amounts of 
active protein. Whereas E.coli expressed the chitinase as an inclusion body which 
required re-folding (Fan et al., 2007). Other chitinases from thermophilic fungi have 
been seen to express well in P. pastoris (Li et al., 2010). Similarly, Pérez-Martínez et 
al., 2007 expressed ech42; an endochitinase originally from Trichoderma atroviride, 
in P. pastoris. The resulting expressed protein was a secreted glyco-protein. A 
recombinant plant class IV chitinase from Dioscorea opposita reached levels of 
66mg/mL after 8 days of induction in P. pastoris expression system (Akond et al., 
2014). Under the optimal fermentation conditions, ScCTS1 chitinases enzyme from 
Saccharomyces cerevisiae reached activity levels of up to 94.6 U/mL in the Pichia 
pastoris expression system. The optimal culture conditions for ScCTS1 expression 
by P. pastoris GS115 ScCTS1 in flask are as follows: 5% chitin concentration, 3% 
inoculum concentration, 2.5% methanol, pH 6.4 for induction, and 108 h induction 
duration (Zhao et al., 2015). A cowpea class I chitinase (VuChiI) was expressed in 
the methylotrophic yeast P. pastoris, and is described as reaching optimum levels of 
expression at 72 h of methanol induction (Landim et al., 2017).  
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As the putative chit1, chit2 and chit3 sequences were predicted to contain signal 
sequences, they are likely secreted in nature by the native organism R. emersonii. 
Though natively-produced proteins and recombinantly-produced expression are 
different for a number of reasons including protein processing PTMs such as 
glycopatterns and proteolytic cleavage, the properties that allow proteins to pass 
successfully through a cell membrane natively likely facilitate secretion of a 
recombinant form of the same protein.  These R. emersonii chitinases passed 
effectively through the cell membrane into the secretome during recombinant 
expression using the α-factor signal sequence (included in the pPICZα vector). The 
α-factor is a signal sequence designed specifically for transport of a target protein 
through the P. pastoris cell membrane. In all cases; Chit1, Chit2 and Chit3, the 
recombinant protein was detected in the expression secretome; furthermore, all 
chitinases were found to be expressed in active form(s). Chit1 and Chit2 expressed 
well. Chit3 expressed in lower amounts. Expression or secretion through the P. 
pastoris cell membrane may have been made difficult due to the presence of a 
substrate insertion domain which was only detected with in this sequence. 
Additionally, Chit3 is predicted by the ELM resource to undergo more N-
glycosylation than the other two sequences thus the additional PTM processing may 
have affected the secretion of this enzyme. 
As a methylotrophic yeast P. pastoris metabolises methanol as a sole carbon source. 
The promoter, an alcohol oxidase, is tightly regulated and induced by methanol and 
so expression can be induced with the addition of methanol to the culture’s media. 
As seen in the negative controls of expression screening, P. pastoris secretes low 
levels of endogenous proteins into the expression media. With no added proteins in 
the media, the recombinant protein makes up the majority of the total proteins in the 
expression media after the expression experiment, facilitating subsequent 
purification steps (Weidner et al., 2010). P. pastoris has the ability to carry out many 
necessary PTMs as recombinant proteins produced can undergo protein folding, 
proteolytic processing, disulphide bond formation and glycosylation, (Weidner et al. 
2010)  
However, although the chitinase activity levels are rising at 120 h or longer, this is 
not considered the optimum time for protein expression. This is due to the presence 
of proteases in the crude expression culture after 48 h of expression. This is 
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discussed previously in section 2.11.3 and for the reasons outlined, with the 
exception of the expression curves and timelines; the chitinases used in this study 
were harvested after 48 h of expression. 
At 48 h of expression, the chitinase activity levels of each sample differs on an 
enzyme-by-enzyme basis, this is not a representation of the enzyme’s true/specific 
activity, but an illustration of the differences in Pichia expression from transformant 
to transformant. A P. pastoris cell which contains many copies of the target plasmid 
is known as a “high-copy integral”. Due to the presence of many copies of the target 
plasmid, high-copy integrals will display increased zeocin resistance. Thus, these can 
be easily isolated after transformation by plating the transformation cultures onto 
plates of increasing zeocin resistance. In most cases, the highest protein expresser is 
a high-copy integral. However, it can occur that a high-copy P. pastoris cell can 
become over-whelmed upon induction. Thus, expression screening must be carried 
out after each transformation.  
3.15. Purification Results 
Immobilized metal ion affinity chromatography (IMAC) purification procedure was 
carried out as per the Cobalt resin technique in section 3.6. For each of the 
chitinases, a typical chromatogram generated from the analysis of absorbance at 280 
nm and chitinase assay of the fractions, and can be seen in Figure 3. 24. A 
purification table detailing the yield and purification fold for each step of the full 
purification procedures is detailed in Table 3. 4. 
In all cases, expression samples were harvested by centrifugation, and 100 mL of the 
crude protein sample was pre-equilibrated to the desired pH of pH 7.4. This 
generally reduced the specific activity (data not shown) of the samples as the 
addition of salts to the sample would have interfered with the protein-to-activity ratio 
by either reducing the activity of the sample and/or absorbing light at wavelength 
280 nm. The extract was applied to the column as outlined in section 3.6, and a 
chromatogram representing a typical run for each enzyme are presented in Figure 3. 
24. 
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For each enzyme, binding and elution conditions were optimised by varying the 
molarities and pH values of the equilibrium and elution buffers. The protein is 
typically applied to IMAC resin at pH 7.4, where no imidizole was present. 
The purification all of the chitinases was achieved in a one-step IMAC technique, 
which is apparent by the patterns in each of the chromatograms. The similarity 
observed in the chromatograms is not unexpected given that the enzymes are 
expressed in the same system, originate from the same fungus and are of the same 
GH family.  
Most, if not all, the contaminant proteins were lost in the first two wash steps. This is 
shown in the chromatograms as saturation or near saturation of the light at 280 nm 
occurs until 6 mL of wash buffer has passed through the column (up to fraction 2), 
yet only some of the chitinase enzyme is detected in this step. This is confirmed by 
the SDS PAGE analysis of the fractions in Figure 3. 23 where dark smearing 
spanning the length of the gel is seen in the early fractions, this is typical of media 
interference proteins such as tryptones, peptones, etc. There is some un-bound 
chitinase found in the initial wash steps, this is consistent with the chitinase activity 
detected in these fractions. 
After approximately 15 mL of wash buffer passed through the column, both the 
absorbance (protein measurement) and the activity units reach baseline levels, 
indicating that there is neither chitinase nor contaminant proteins present in these 
fractions. This is confirmed in the SDS PAGE gels where the final wash fractions are 
completely clear of protein, visualised as clear lanes. All contaminant proteins or 
proteins not bound to the resin have been eluted in previous washes. 
The resin-bound histagged chitinases were eluted once the elution buffer was applied 
to the column. Imidazole, which competes with the histag of the chitinase proteins 
for biding to the metal-charged resin, is applied to the column in a final 
concentration of 150 mM. The elution buffer was applied to the column for 25 mL. 
A single, sharp protein peak is evident over this time, and this peak overlaps with the 
only enzyme activity peak. The chitinases eluted over 3 fractions, which was no 
more than 9 mL. In the elution samples of the SDS PAGE gels large amounts of the 
bands/smears hypothesized to the recombinant chitinases are present in the samples 
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as the only apparent proteins. The eluted protein was pooled and diafiltrated as per 
section 3.6. 
In the Chit1 purification gel, the smear ranging from 33.8 – 72.2 kDa which is 
hypothesised to be the recombinant protein can be seen in the elution samples and 
appears as only protein present in the sample. In the case of Chit2 the two bands at 
55.4 kDa and 57.3 kDa, were present in these elution samples. The smeared band 
ranging from 56.3 kDa to 125.1 kDa, hypothesised to be Chit3 is present in the 
elution sample as the only apparent protein visible. The results of the chromatogram 





Figure 3. 23 Purification fractions tracking the purification of Chit1, Chit2 and Chit3 during a 
one-step IMAC purification protocol, detailed in section 2.7, displayed on 10% SDS gels. 
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Figure 3. 24 Chromatograms tracking the purification of Chit1, Chit2, and Chit3 during a 
one-step IMAC purification protocol, detailed in section 2.7. The grey trends track the 
protein content of the fractions and the coloured trends track the respective chitinase 
activity of the fractions. 
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In all cases there was a large loss of total protein during the purification protocol for 
each enzyme. Chit1 samples typically lost 27.64 mg total protein, Chit2 samples 
typically lost 22.32 mg total protein, Chit3 samples typically lost 31.34 mg total 
protein. Specific Activity for each enzyme rose. Chit1 samples initially had 11.76 
µmol/mg units of activity; this became 96.32 µmol/mg units of activity once the 
sample was purified. Chit2 went from 70.06 µmol/mg to 966.50 µmol/mg and Chit3 
from 2.50 µmol/mg to 266.68 µmol/mg. An increase in specific activity is expected 
when all contaminant proteins are removed from the sample. This resulted in final 
yields of 31.59 %, 42.76 %, and 64.17 %, and purification factors of 8.19, 13.80, and 
106.47, for Chit1, Chit2, and Chit3 respectively. Results from the chromatogram, in 
addition to a purification factors, suggest that the protein has been purified to 
homogeny during this step. 
The final yield of above 30 % for purified chitinases from the crude extract is 
comparable to other filamentous fungi-originating chitinases which have been 
recombinantly expressed in P. pastoris (Karthik et al., 2014). Typically, the 
purification fold and yields of purified fungal chitinases is low. This low value may 
be due to a synergistic action of the different isoforms for chitin degradation present 
in the crude supernatant and the loss of chitinase activity during purification progress 
(Duo-Chuan, 2006). The high protein yield after purification is assisted by the lack 
of background protein produced by the P. pastoris expression system, most of the 
contaminant proteins were peptones, tryptones, yeast extract which was introduced 
in the expression media itself. 
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Table 3. 4 Purification yield table resulting from the one-step IMAC purification of Chit1, 
Chit2 and Chit3 expression samples. 
















AC 393.17 33.44 35385.30 11.76 100.00 1.00 
Pooled 558.90 5.80 11178.00 96.32 31.59 8.19 
















AC 2323.97 33.17 220777.15 70.06 100.00 1.00 
Pooled 10489.60 10.85 94406.40 966.50 42.76 13.80 
















AC 83.84 33.47 7964.80 2.50 100.00 1.00 
Pooled 567.90 2.13 5111.10 266.68 64.17 106.47 
              
3.15. Characterisation Results 
3.15.1. Identification of purified Chitinases 
As the chitinases were visualised as either smears or multiple banding patterns, it led 
to the hypothesis that these enzymes were glycoproteins; this was investigated by a 
de-glycosylation protocol as per section 3.7. Additionally, in order to truly identify 
the recombinant chitinases post-purification, and to ensure that there were no 
contaminant proteins “hiding” behind the smear patterns, the samples of purified 
deglycosylated and untreated chitinase proteins were analysed by SDS-PAGE for the 
presence of protein and western blot for the presence of the histag, as per sections 
2.5.8, 2.5.9 and 2.5.10.  
SDS has a negative charge across a wide pH range. It binds to peptides in an amount 
relative to their size (Laemmli, 1970). However, glycoproteins migrate unpredictably 
in SDS-PAGE (Bonifacino, 2004; Hames, 1998). The hydrophilic glycan moieties 
interfere with the binding of SDS, and the decreased hydrophobic interaction 
between the peptides and SDS results in an inconsistent charge-to-mass ratio.  The 
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apparent shift in molecular weight of the protein from that which was predicted by 
the in silico tool Compute pI/MW (ExPASy.org, 2019), e.g. in the case of Chit1 the 
putative protein was predicted to be 31.58 kDa but the expressed protein was 
determined to be 35.8 – 72.2 kDa, supports this hypothesis. It is also well known that 
enzymes which are natively secreted from eukaryotic organisms are likely to 
undergo PTMs. It has even been seen that the majority of chitinases characterised 
from filamentous fungi undergo glycosylation (Karthik et al., 2014; Katarina 
Ihrmark et al., 2010; Li et al., 2010; Pérez-Martínez et al., 2007). Furthermore, in 
silico analysis using the ELM resource (section 3.2.3) of the chitinases suggests that 
the proteins are glycosylated (N-linked). 
The images resulting for Chit1 can be seen in Figure 3. 25. The colour change in the 
Western blot are comparable in shape and placement to the smear observed in the 
SDS page gel, thereby concluding that the smear with apparent molecular mass of 
35.8 – 72.2 kDa is the 6xhis-tagged protein of interest. Two, clean bands visualised 
at 30.8 kDa and 29.0 kDa occur in the gel in the de-glycosylated Chit1 sample. The 
PNGase F enzyme occurs in that same region, however owing to the intensity of the 
bands in comparison to the PNGase F control it’s likely that the de-glycosylated 
Chit1 enzyme occurs as two isoforms, likely due to proteolytic cleavage. The 
corresponding western blot yields positive results for the presence of a histag in the 
regions of 30.8 kDa and 29.0 kDa, gel (b) thereby allowing identification of these 
bands as the recombinant chitinase protein, confirming that Chit1 is a glyco-protein 
and has been purified to homogeny.  
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Figure 3. 25 Resulting SDS-PAGE (a), and western blot (b) of purified Chit1 and purified 
de-glycosylated Chit1, as per in-figure labels. 
Chit2 can be seen in Figure 3. 26, where in gel (a), the 10% SDS gel resulting from 
purified samples of enzyme extract for both the untreated and de-glycosylated 
samples (lanes 1 and 2, respectively). The untreated Chit2 can be seen as a band at 
50.4 kDa. All areas of protein presence correspond to areas of histag-presence 
confirming that this band is the recombinant Chit2. To confirm that Chit2 is a glyco-
protein, as predicted by ELM resource previously (see section 3.2.3) a de-
glycosylation procedure using PNGase F enzyme from New England Biolabs was 
carried out as per section 2.5.10. Upon comparison of the band resulting from the de-
glycosylation procedure, Chit2 can be seen at 48.2 kDa along with corresponding 
western blot zones. The purified sample contains only this band (and PNGase F), 




Figure 3. 26 Results of 10% SDS-PAGE (a), and western blot (b) of purified Chit2 and 
purified de-glycosylated Chit2, as per in-figure labels. 
In the case of Chit3, seen in Figure 3. 27, the smear which spanned the gel in the 
regions of 56.3 kDa to 125.1 kDa, yield a positive result for histag presence across 
the full smear. The de-glycosylated sample sharpens into two bands at 46.0 kDa and 
48.4 kDa, and a smear above 60 kDa. The smear above 60 kDa is likely Chit3 which 
has not been fully de-glycosylated as it shows a positive result for histag presence. 
Despite efforts to deglycosylate Chit3, the smear remained, possibly due to the large 
number of N-glycosylation sites within the sequence, plus the predicted deepness of 
cleft caused by the predicted chitin insertion domain may limit the accessibility of 
the chitinase backbone to the PNGase F enzyme. Nevertheless, the bands at 46.0 
kDa, 48.4 kDa (and the smear about 60 kDa) can be confirmed as the purified Chit3.  
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Figure 3. 27 Results of 10% SDS-PAGE (a) and western blot (b) of Chit3 and de-
glycosylated Chit3, as per in-figure labels. 
All of the chitinases can be confirmed as glyco-proteins, as displayed by the shift in 
molecular weights of the respective de-glycosylated proteins. The predicted 
molecular weights for each enzyme were 31.59 kDa, 45.48 kDa and 45.81 kDa for 
Chit1, Chit2 and Chit3 respectively. The ELM Resource (see section 3.2.3) predicted 
that Chit1 contained 2 N-linked glycosylation sites, Chit2 contained 2 N-linked 
glycosylation sites, and that Chit3 was predicted to contain 6 N-linked glycosylation 
sites. Chit1 displayed sequence similarity to a conserved chitinase termed chi18-13 
from Trichoderma species and to a chitinase from Metarhizium anisopliae (Katarina 
Ihrmark et al., 2010; Pishko et al., 1995). Each of these was determined to be 
glycoproteins. The Chit2 sequence showed chitinases from Aspergillus, Penicillum 
and Byssochlamys and Thermomyces lanuginosus, all are well-known for producers 
of glyco-proteins. Interestingly, Chit3 displays the largest apparent molecular 
weight. It is also the only chitinase which displays N-acetyl-glucosaminidase activity 
of the three chitinases. In the many studies describing the chitinases produced by 
Trichoderma harzianum, the N-acetyl-glucosaminidases displayed a higher 
molecular weight (102 kDa and 73 kDa) than the chitobiosidase (40 kDa) and the 
endo chitinases (52 kDa, 42 kDa, 33 kDa and 31 kDa) (Duo-Chuan, 2006).  
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The difference in the apparent molecular weight of the proteins is almost definitely 
due to the glycosylation patterns of the chitinases. Once the proteins are de-
glycosylated, all three chitinases display a molecular weight within the range of 29 
kDa to 49 kDa. Glycosylation of proteins can substantially influence and modulate 
protein structure and function and appears to be involved in the fine tuning of cell–
cell recognition and signalling (Stein and Briken, 2010). Chitinases are known to 
carry out an array of functions in fungi; this can include roles in competition and 
defence, hydrolysis of exogenous chitin to allow absorption of chitogliosaccharide 
by the fungal cells to be used as nutrients, roles in cell wall remodelling as well as 
hyphal growth and extension, branching, fusion and autolysis during the fungal life 
cycle. Given the dissimilarity between the aligned chitinases in Figure 3. 12 and the 
phylogenic distance between the 3 chitinases in Figure 3. 14, it is likely that these 
chitinases are carrying out different roles natively, thus have differential glyco-
patterns.  
In the cases where multiple banding is observed, these are likely differential protein 
forms of the same respective chitinase gene. Isozymes are defined as highly similar 
but different enzymes which originate from the same gene. Previously, it was 
described that Moniliophthora perniciosa produced four chitinase isozymes. These 
multiple chitinases were seen to have a complementary effect between them by 
acting in a synergistic way (Galante et al., 2012). It is possible that the chitinase 
isozymes produced within this study would act similarly. Isozymes can be created 
through a number of processes, including are the result of genetic differences i.e. 
splicing or proteolytic cleavage (Tomaiuolo et al., 2008). 
3.15.2. pH profiles of the chitinases 
After the enzymes had been purified, their pH and temperature profiles were 
determined (via 4NP method chitinase assay). Figure 3. 28 shows the pH profile of 
the three purified chitinases.  
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Figure 3. 28 pH profiles of the purified chitinases over-laid with each other for comparison. 
Values for 100% relative activity on this substrate (4-nitrophenyl N,N-diacetyl-b-D-
chitobioside) were 95.17 µmol/mg for Chit1, 966.25 µmol/mg for Chit2 and 268.07 µmol/mg 
for Chit3 (mean values +_ DS, n = 3). 
The optimum pH of pH 3.5 and pH 4.5 for Chit1 and Chit2, respectively, is not 
unexpected. The pH optimum of Chit3, however, was surprising. The buffers used to 
characterise this enzyme were 100 mM KCl-HCl (pH 1.5 - 2.5), phosphate citrate 
(pH 2.2 – 5.0) and citrate buffer (pH 5.0 – 6.0).  The pH trend of Chit3 enzyme 
shows optimum activity occurs at pH 2.8. As far as we are aware, a fungal chitinase 
displaying such acidic activity optima as pH 2.8, as well as high relative activity 
displayed at pH 2, has not been described in literature previously. Chit1 is also 
considered a particularly acid active enzyme with over 60% relative activity 
remaining at pH 2.Of the characterised fungal chitinases to date, most display 
optimal pH ranges and pH stability within the ranges of pH 4 to pH 8 (Karthik et al., 
2014). However there are some exceptions; a chitinase isolated from Aspergillus 
fumigatus displayed a broad range of pH stability in range of pH 2 to pH 10, and a 
chitinase isolated from Penicillium janthinellum showed pH stability in the acidic 
ranges of pH 2 to pH 4.5 (Di Giambattista et al., 2001). Notably, a chitinase from 
Trichoderma viride displayed low pH optima of 3.5, but quickly lost activity below 
pH 3, and a chitinase from Anaeromyces mucronatus displayed a pH activity range 
as low as pH 2.5 but optimum pH activity occurred at pH 6.5 (Karthik et al., 2014; 
Ihrmark et al., 2010). None, however, show such acidic pH range and optima as 































Chit1 and Chit3. Acid-activity is a desirable quality in chitinases intended for several 
industrial uses. Industrial hydrolysis reactions typically involve an initial acid pre-
treatment to loosen the intricate structure of the substrate. Acid activity therefore 
allows the enzymes to be added immediately after the pre-treatment without the pH 
needing to be adjusted. Theoretically, acidic pH activity would allow the enzymes to 
be immediately into the pre-treatment step. Either would reduce the costs of 
industrial hydrolysis thereby adding to the feasibility of the overall process. 
The range of pH optima makes these enzymes potentially suitable for a range of 
applications. The pH optima of pH 4.5 displayed by Chit2 indicates suitability for 
traditional hydrolysis of chitin to N-glucosamine. The three enzymes could 
potentially work in synergy with a chitin de-acetylase in producing glucosamine 
from chitin. Typically, hydrolysis reactions occur at pH 4 – 4.5, where Chit 2 would 
be most active. As the chitin deacetylase converts the chitin to chitosan, an acetyl 
group would be released as a by-product of the reaction. This would lower the pH 




3.15.3. Temperature profiles of the chitinases 
The temperature profiles of the chitinases were determined as per section 3.7.3. 
Figure 3. 29 shows the temperature profile of the three purified chitinases. 
  
Figure 3. 29 Temperature profile of purified chitinases overlaid with each other. Values for 
100% relative activity on this substrate (4-nitrophenyl N,N-diacetyl-b-D-chitobioside) were 
95.17 µmol/mg for Chit1, 966.25 µmol/mg for Chit2 and 268.07 µmol/mg for Chit3 (mean 
values +_ DS, n = 3). 
The temperature optima for the enzymes are 55, 55, and 50 °C for Chit1, Chit2 and 
Chit3 respectively. Chit1 is the most thermoactive enzyme with over 90% relative 
activity at 60 °C. All three chitinases display over 50% relative activity occurring 
within the ranges of 30 – 60 °C. Chit3 retains more relative activity at lower 
temperatures than the other chitinases. In this instance it may be that the simplicity 
of the structure of Chit1 i.e. a GH18 region, as opposed to a GH18 region plus a 
CBM (Chit2) or a GH18 region plus a substrate insertion domain (Chit3) may 
provide an increase in the thermoactivity and thermostability of the chitinase enzyme 
(see Figure 3. 30 for stability results).  
Previous research has shown that most fungal chitinases display temperature 
optimum within 40 – 50 °C, with activity range display across the temperatures of 30 





































lanuginosus, Gliocladium catenulatum, Rhizopus oryzae have been shown to 
produce chitinase enzymes that exhibit high temperature optima at 55 – 60 °C (Chen 
et al., 2013; Gui-Zhen Ma, 2012; Guo et al., 2008; Prasad and Palanivelu, 2012). 
Thus, the temperature profiles of Chit1, Chit2 and Chit3 is in line with temperature 
optima displayed by thermophilic filamental fungal sourced chitinases.   
3.15.4. Stability profiles of the chitinases 
Stability profiles of the chitinases at 50 ºC and their respective optimum pH can be 
seen in Figure 3. 30. Chit1 is the most thermos-stable enzyme 78.6 % relative 
activity remaining after 48 h incubation at 50 °C. Chit3 is less thermostable with 
28.9 % relative activity remaining after 48 h incubation at 50°C. Chit2 was the least 
thermostable enzyme of the three chitinases, with 14 % relative activity remaining 
after 48 h incubation, and visible protein precipitation in the sample at this time. 
However, given the extended incubation, and that the three chitinases had over 50 % 
relative activity remaining after 24 h incubation, these enzymes can be classed as 
thermostable. This would be expected given these enzymes originate from a 
thermophilic fungus and the results are in-line with previous research describing 
chitinases from thermophilic fungi such as Gliocladium catenulatum, Rhizopus 
oryzae, Thermomyces lanuginosus and strains of Trichoderma exhibit 
thermostability up to 50 °C (Chen et al., 2013; Gui-Zhen Ma, 2012; Guo et al., 2008; 
Prasad and Palanivelu, 2012). The inactivation data calculated according to eq. 1 and 
eq. 2 in section 3.7.4, revealed that the D value, the time required to reduce the 
enzyme activity to 10% of its original value at 50 °C, of the enzymes was 19.2, 2.3 
and 3.7 days for Chit1, Chit2 and Chit3, respectively. Thus, Chit1 can be classed as 
hyperthermostable chitinase.  There are only a few hyper thermostable chitinases 
described in literature. Two of which are TaCHIT1 and CtCHIT1 from Thermoascus 
aurantiacus var.levisporus and Chaetomium thermophilum, respectively, which 
displayed remarkable thermostability at 50 °C, though the inactivation data was not 



























































Figure 3. 30 Stability profiles of Chit1, Chit2 and Chit3 at their respective optimum pH and 
temperature values over a 48 h time course were recorded and can be seen laid side-by-side. 
Values for 100% relative activity on this substrate (4-nitrophenyl N,N-diacetyl-b-D-
chitobioside) were 95.17 µmol/mg for Chit1, 966.25 µmol/mg for Chit2 and 268.07 µmol/mg 
for Chit3 (mean values +_ DS, n = 3). Thermal inactivation data was generated using 
ln(specific activity) vs time to obtain an estimate of the kD, the time required to reduce 
enzyme activity to 10 % of its original value. 
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3.15.5. Substrate Specificity 
Chitinases have two types of activity, endo- and exo-. Endo activity involves random 
hydrolysis of N-acetyl-β-D-glucosaminide (1→4)-β-linkages within chitin and 
chitodextrins. Exo-acting activity involves two types of activity; N-glucosaminidase, 
which catalyses the hydrolytic cleavage one N-acetyl-glucosamine unit in and 
chitobiase, which catalyses the hydrolytic cleavage two N-acetyl-glucosamine units 
in. Chitinases can be endo or exo acting or both; they display different activity rates 
against different chain lengths of N-acetyl-β-D-glucosaminide. Thus, the substrate 
specificity chitinases required investigation, the results of which are visible below; 
the specific activity of the chitinases against the various substrates can be seen in 
Figure 3. 31, and the percent relative activity seen in Figure 3. 32.  
 
Figure 3. 31 The specific activity (µmol/mg) of Chit1, Chit2 and Chit3 displayed 
towards various substrates (mean values +_ DS, n = 3). 
N-acetylglucosaminidase Chitobiosidase Endo-chitinase
Chit 1 0.00 95.17 403.14
Chit2 0.00 966.24 3455.53































Figure 3. 32 The percent relative activity of Chit1, Chit2 and Chit3 displayed towards 
various substrates (mean values +_ DS, n = 3). 
All of the chitinases display endo and exo activity. Chit1 and Chit2 are 
predominantly endo-chitinases. They display 100% relative activity against 4-
Nitrophenyl b-D-N,N,N-triacetylchitotriose, Chit1 displays 24% relative activity as a 
chitobiosidase, Chit2 displays 28% relative activity as a chitobiosidase. Neither 
Chit1 nor Chit2 displays any N-acetyl-glucosaminidase activity. Chit2 is the most 
active of the chitinases; this is possibly due to the presence of a CBM in this enzyme 
which has been shown to allow chitinase enzymes to bind to chitinase substrates 
with high binding affinity (Seidl, 2008). Chit3 is predominately an exo-chitinase, 
with preference shown to 4-nitrophenyl N,N-diacetyl-b-D-chitobioside. It has 25% 
relative activity as an endo-chitinase. Of the three chitinases it is the only chitinase to 
display N-acetyl-glucosaminidase activity, but this is minimal with 1% relative 
activity shown. The exo-chitinase activity of this enzyme is likely due to the 
presence of the chitin insertion domain, which plays a role in deepening the substrate 
binding cleft of the enzyme. This has been seen to result in increased exo-chitinase 
activity.  
Most chitinolytic fungi have been shown to produce different types of chitinases. 
Trichoderma species have been well characterised in terms of chitinase production 
and have been seen to produce several types of individual chitinase with activities 
including N-acetyl-glucosamidases, chitobiosidases and endo-chitinases. This is true 
N-acetylglucosaminidase Chitobiosidase Endo-chitinase
Chit 1 0.00 23.57 100.00
Chit2 0.00 27.95 100.00


































of the entomopathogenic fungus Metarhizium anisoplae which produces at least six 
different chitinases. Two exo-chitinases and two endo-chitinases were described in 
in the secretome of Stachybotrys elegans. Multiple chitinases from the same fungal 
source are thought to play a synergistic role in chitin degradation and so the 
demonstrated differences in the activity profile of Chit1, Chit2 and Chit3 is likely 
highlighting the synergistic role of individual chitinases the secretome of the R. 
emersonii, which has already been shown to be capable of complete chitin hydrolysis 
(Hendy et al., 1990). 
3.15.6. Kinetic Properties of the Chitinases 
Kinetic properties Km and Vmax were determined for the purified chitinases 
utilising 4NP-N,N-acetyl-chitobiose as the substrate, due to the unfeasibility of 
utilising 4-Nitrophenyl b-D-N,N,N-triacetylchitotriose due to the commercial cost of 
this substrate. Plots of substrate molarity versus enzyme velocity were fit using 
GraphPrisim Pad as seen in Figure 3. 33. 
 
Figure 3. 33 Enzyme velocity (µmol/ml/min) versus substrate concentration (mg/mL) for Chit1, 
Chit2 and Chit3 with respect to 4-NP chitobiose (mean values +_ DS, n = 3). 
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The Vmax of Chit2 and Chit3 were calculated by GraphPrisim Pad to be 7351 and 
5034 µmol/mg/min respectively, thus making the Km estimate for each of the 
chitinases 0.69 and 1.15 mg/mL respectively. Of the three enzymes, Chit2 had the 
highest enzyme velocity, possibly due to the presence of the chitin binding domain 
which may allow faster location of the substrate backbone in solution. Its velocity 
was nearly twice that of Chit3 which contained the substrate insertion domain.  
The Vmax of Chit1, which contained only the GH18 domain, wasn’t calculated as its 
velocity had remained linear at 0.8 mg of 4-NP chitobiose, which made completing 
the experiment unfeasible. With the data points gathered from 0.2 – 0.8 mg 4-NP 
chitobiose, GraphPrisim Pad estimated a Vmax of 6064 and a Km 9.23 for this 
enzyme, though there is likely a high degree of error in the calculations. At 0.8 mg of 
4-NP chitobiose, the velocity of the enzyme was 477 µmol/ml/min, thus, for the 
purposes of this study, this was considered the Vmax for this enzyme. Despite this, 
Chit1 is estimated to have the highest Km value which would indicate that it would 
not become as quickly saturated by substrate as the other chitinases in a hydrolysis 
reaction.  
3.15.7. Preliminary industrial testing of the Chitinases 
The chitinases were tested for activity on industrial chitinous substrates as per 3.7.7. 
Chitin from shrimp was used as one of the substrates to reflect that majority of 
current industrial chitin bioprocessing occurs with chitin from shellfish and 
crustacean sources. Additionally, chitinous substrate from the Monaghan 
Mushrooms waste streams from commercial mushroom production were used, 
namely fungal chitin, glucan-chitin polymer (de-proteinated mushroom powder) and 
dried mushroom powder.  
In all cases, the commercial chitinase was the most effective in degrading the 
chitinous substrates under assay conditions, releasing the highest levels of N-acetyl-
glucosaminide from the chitinous substrates, yielding 1.27 mg/mL, 1.39 mg/mL, 
0.92 mg/mL and 1.29 mg/mL from shrimp chitin, fungal chitin, fungal chitin-glucan 
polymer and dried mushroom powder, respectively, as reported in Table 3. 5. The 
commercial chitinase apparently shows preference to chitobiase (exo-chitinase) 
activity, yielding the highest relative peak height of all the tested standards for 
chitobiose across all substrates, with 41.6 %, 27.3 %, 0.9 %, 8.8 %, displayed for 
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shrimp chitin, fungal chitin, fungal chitin-glucan polymer and dried mushroom 
powder, respectively. The chromatograms in Figure 3.37 show more peaks for the 
commercial enzyme over longer retention times, particularly in the shrimp chitin and 
fungal chitin hydrolysis samples. These are likely to be chitooligosaccharides of 
various chain lengths as a result of random cleavage of the chitin back bone. This 
indicates that the commercial chitinase was better able to locate and act within the 
chitin polymer, apparently displaying higher endo-chitinase activity than the other 
chitinases in order to yield these peaks. The commercial chitinase was produced by 
submerged fermentation of either classical or self-cloned Streptomyces, and is likely 
either not purified or only partly purified. Indeed, SDS-PAGE analysis revealed the 
presence of at least 7 protein bands (data not shown), thus it’s possible this sample 
contains more than one chitin-degrading enzyme. The synergy of multiple chitin-
degrading enzymes would explain the increased ability of the commercial chitinase 
in accessing the backbone of the complex substrates. 
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Table 3. 5 N-acetyl-glucosaminide and Glucosaminide in mg/ml produced by approximately 
0.1 mg of each enzyme over 24 hr hydrolysis reactions at 150 rpm, 50 °C on various 
chitinous substrates during the preliminary industrial applicability testing, as per 3.7.7. 
Sample name NAG (mg/ml) GA (mg/ml) 
Shrimp Chitin 
Commercial enzyme 1.27 0.21 
Chit1 1.10 0.14 
Chit2 0.12 0.09 
Chit3 0.55 0.14 
Fungal Chitin 
Commercial enzyme 1.39 0.00 
Chit1 1.25 0.22 
Chit2 0.61 0.00 
Chit3 1.06 0.06 
Fungal Chitin-Glucan polymer 
Commercial enzyme 0.92 0.72 
Chit1 0.80 0.64 
Chit2 0.60 0.00 
Chit3 0.00 0.22 
Dried Mushroom Powder 
Commercial enzyme 1.29 0.13 
Chit1 1.00 0.16 
Chit2 0.63 0.00 
Chit3 0.00 0.07 
 
Chit1 displayed efficacy in degrading the chitinous substrates under assay 
conditions. Of the R. emersonii-derived enzymes, it released the highest levels of N-
acetyl-glucosaminidase from the chitinous substrates, yielding 1.10 mg/mL, 1.25 
mg/mL, 0.80 mg/mL and 1.00 mg/mL from shrimp chitin, fungal chitin, fungal 
chitin-glucan polymer and dried mushroom powder, respectively, as demonstrated in 
Table 3.1. Chit1 apparently shows preference to N-acetyl-glucosaminidase (exo-
chitinase) activity, yielding the highest relative peak height of all the tested standards 
for N-acetyl-glucosamine across the substrates shrimp chitin, fungal chitin and dried 
mushroom powder with 36.4 %, 25.4 % and 19.5 % displayed, respectively. High 
relative peak height is shown for diacetyl-chitobiose and triacetyl-chitotriose, 
indicating high levels of chitobiase (exo-chitinase) and endo-chitinase activity 
displayed by Chit1. Given the results in Figure 3. 31 showed that Chit1 showed 
preference for endo-activity and little to no acetyl-glucosaminidase activity on 
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simple chitooligosaccharides; it’s likely that the release of N-acetyl-glucosamine in 
this instance is a by-product of endo-chitinase activity. Alternatively, due to the 
insoluble, large and complex nature of the industrial substrates the chitin backbone 
may not have been accessible to the enzyme, thus shorter chitooligosaccharides may 
have been fully degraded to monomeric N-acetyl-glucosamine over the course of the 
24 hr hydrolysis. Chitinases which display both endo- and exo- chitin degrading 
activities are common in nature (da Silva et al., 2005; Horn et al., 2006; Oyeleye and 
Normi, 2018). The exception is fungal chitin-glucan polymer where the highest 
relative peak height was displayed for triacetyl-chitotriose, an indicator of endo-
chitinase activity. 
Of the three R. emersonii-derived chitinases, Chit2 yielded the lowest levels of N-
acetyl-glucosaminide from the chitinous substrates, yielding 0.12 mg/mL, 0.31 
mg/mL, 0.60 mg/mL and 0.63 mg/mL from shrimp chitin, fungal chitin, fungal 
chitin-glucan polymer and dried mushroom powder, respectively, as demonstrated in 
Table 3. 5, despite Chit2 previously displaying the highest specific activity of all the 
chitinases in Figure 3. 31. However, it has been demonstrated that Chit2 displays a 
shorter half-life than the other chitinases, see Figure 3. 30, and it’s possible that this 
accounts for the lower activity displayed. Notably, Chit2 is the only chitinase with a 
ChitBM thus this could cause the enzyme to become sterically hindered when acting 
on complex chitinous substrates. Alternatively, the ChitBM may remain bound to the 
complex polymer for some time after the catalytic cleavage of the chitin backbone 
has occurred, thus slowing the rate of reaction (Vaaje-Kolstad et al., 2005).  
Chit3 displayed efficacy in degrading the pure chitinous substrates, i.e. shrimp chitin 
and fungal chitin under assay conditions, yielding 0.55 mg/mL and 1.06 mg/mL N-
acetyl-glucosaminide from shrimp chitin and fungal chitin, respectively (see table 
3.1). The enzyme displayed no activity on the more complex substrates of fungal 
chitin-glucan polymer and dried mushroom powder. Chit3 gave highest relative peak 
activity for diacetyl-chitobiose, with 47.46 % and 30.50% for shrimp chitin and 
fungal chitin, respectively (with second highest peaks for N-acetyl-glucosaminide) 
indicating preference for exo-chitinase activity, which is expected given the 
enzyme’s preference towards exo-chitinase activity, determined in Figure 3. 31, as 
well as the presence of the insertion domain which would indicate a processive mode 







Figure 3. 34 Chromatograms produced by each enzyme during the preliminary industrial 
applicability testing, as per 3.7.7. GA, NAG, NAG₂,NAG₃, NAG₄ refer to glucosamine, N-
acetyl-glucosamine, N,N-diacetyl-chitobiose, N,N,N-triacetyl-chitotriose and N,N,N,N-
tetraacetyl-chitotetraose, respectively. 
Chit1, Chit2 and Chit3 predominately produced peaks of N-acetyl-glucosaminide, 
N,N-diacetyl-chitobiose, and N,N,N-triacetyl-chitotriose,   whereas the commercial 
chitinase yielded peaks which were likely larger chitooligosaccharides, suggesting 
that the former three enzymes can act processively on complex substrates. Of the 
three chitinases, Chit1 is apparently the most industrially promising enzyme with 
potential application in shrimp chitin bioprocessing and valorisation of waste 
mushroom stalk streams. This is demonstrated by its activity against shrimp chitin 
and fungal chitin, where it released 0.11 mg and 0.13 mg of N-acetyl-glucosaminide 
per unit of enzyme activity, from each substrate, respectively. The next most active 
enzyme was Chit3 with 0.02 mg and 0.04 mg N-acetyl-glucosaminide released.  
In all cases, the enzymes released the highest amounts of N-acetyl-glucosaminide 
from the fungal chitin substrate, followed by chitin from shrimp. Increased activity 
against these substrates is not unexpected. The glucan, which is intrinsically linked 
to the chitin in the fungal chitin-glucan polymer, will restrict the accessibility of the 
chitin backbone to the chitinases thereby reducing their efficacy in releasing N-
acetyl-glucosaminide. Similarly, the dried mushroom powder contains both glucan 
and protein which will have the same restricting effect.  
The increased activity towards fungal chitin over shrimp chitin is also not 
unexpected. Shrimp chitin is composed of α-chitin. The α-chitin crystal is the most 
stable of the three allomorphs of chitin. It is comprised of alternating antiparallel 
polysaccharide strands, stabilized by a high number of distinct hydrogen bonds 
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formed within and between the molecules. Hence it is also the most resistant to 
enzymatic degradation.  Fungal chitin is comprised of γ-chitin, which is formed by 
two parallel chains alternating with an antiparallel strand. Although γ-chitin is also 
highly stable and non-reactive, the packing tightness and numbers of inter-chain 
hydrogen bonds are reduced in comparison to α-chitin, resulting in an increased 
number of hydrogen bonds with water (Merzendorfer and Zimoch, 2003). The high 
degree of hydration and reduced packaging tightness result in more flexible and soft 
chitinous structures. In addition, non-crystalline, transient states of chitin exist in 
fungi (Martínez et al., 2014). All of which make γ-chitin more susceptible to 
enzymatic degradation. 
Further-to-this, the R. emersonii fungus, the genomic source of the chitinases 
studied, was originally isolated from compost samples. In that native environment, 
the most abundant natural substrate of the chitinases expressed is, presumably, 
fungal chitin (followed by insect chitin which is comprised of the three chitin 
allomorphs). Thus, regardless if the role of the chitinase is in defence against 
competition, breakdown of chitin for nutritional uptake or cell wall remodelling etc., 
it’s not unexpected that the R. emersonii chitinases display higher efficacy in 
degrading fungal chitin over shrimp chitin. The increased activity on this substrate 
indicates suitability of the enzymes in valorisation of the mushroom stalk waste 
stream of industrial mushroom production, however, further testing could be 
beneficial, for example, using chitinases in combination or added to commercial 
enzyme preparations to determine if this improves the hydrolysis and yields of N-
acetyl-glucosaminide and chitooligosaccharides.  
3.16. Chapter Summary 
Three GH18 chitinases originating from R. emersonii were isolated and expressed in 
P. pastoris. The enzymes were effectively secreted into the expression media with 
activity crude activity levels of 393.17, 2323.97 and 83.84 µmol/mL on chitobiose 
substrates after 48 hours of methanol induction. The chitinases were purified to 
apparently homogeny employing a one-step IMAC purification protocol. The 
expressed proteins were glyco-proteins as confirmed by SDS PAGE, western blot 
and zymogram analysis of glycosylated and de-glycosylated (via PNGase F) samples 
of purified protein. The apparent molecular weight of Chit1 was 35.8-72.2 kDa. This 
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became two bands of 30.8 and 29.0 kDa once the sample was de-glycosylated. The 
apparent molecular weight of Chit2 was 50.4. Once the sample underwent the de-
glycosylation protocol, the molecular weight was found to be 48.2 kDa. The 
apparent molecular weight of Chit3 was 56.3 – 125.1 kDa. This became bands of 
46.0 and 48.4 kDa once the sample was de-glycosylated. The chitinases can be 
considered thermostable as they display temp optima of 55 °C, 55 °C and 50 °C. All 
chitinases displayed acidic pH optima, with Chit1, Chit2 and Chit3 displaying 
optima of pH 3.5, pH 4.5 and pH 2.8, respectively. 
Chit3, in particular has a pH optima more acidic than any fungal chitinase which has 
previously been described in literature to date. This feature of the enzyme would be 
desirable in a chitin-to-chitosan conversation reaction. Obtaining chitosan from 
chitin is desirable as chitosan is more lucrative than chitin. Chitin de-acetylates are 
responsible for this reaction, but would require assistance from other enzymes in 
other to access the backbone, such as chitin-active LPMOs and chitinases. As chitin-
deacetylates convert chitin to chitosan, they release acetyl group into the buffer 
media, thereby creating a more acidic environment. Therefore, chitinases which are 
active at acidic pH values maybe important for low-cost industrial conversion of 
chitin to chitooligosaccharides. These enzymes are considered thermostable 
chitinases as they show activity stability at extended incubation at 50 °C, a feature 
which makes these chitinases desirable in industrial processes. The three enzymes 
show different specific activities, all three are endo/exo chitinases with Chit1 and 
Chit2 showing preference for endo-chitinase activity, with 24% and 28% relative 
activity on chitobiose substrate but no N-glucosamidase activity, whereas Chit3 is 
primarily an exo-chitinase with preference for chitobiose substrates, followed by 
endo-chitinase activity and some N-glucosamidase activity. The increase exo-
activity of Chit3 is thought to be due to the presence of the insertion domain, which 
would cause a depending of the catalytic cleft which is thought to be correlated with 
exo-activity. The different substrate specifies displayed by the chitinases highlights 
the different roles they play in hydrolysing chitin in nature. Additionally, during 
phylogenic analysis, these chitinase were spread across the cladogram. During the 
preliminary industrial testing of the chitinases on industrial substrate, they showed 
activity on both chitin from shrimp and chitin from fungal sources, indicating 
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suitability of these enzymes in the shrimp chitin bioprocessing and valorisation of 
the waste stream of industrial mushroom-production.  
Accordingly, a paper intended for publication in a suitable academic journal is 
currently being prepared on this chapter (see List of Publications). 
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Chapter 4: Conclusion 
4.1. R. emersonii GH10 Xylanases 
Two GH10 xylanases originating from R. emersonii were isolated and expressed in 
P. pastoris. The enzymes were effectively secreted into the expression media with 
crude activity levels of 250 µmol/ml/min and 750 µmol/ml/min after 48 hours of 
methanol induction. Both xylanases were purified to apparently homogeny 
employing a one-step IMAC purification protocol. The expressed proteins were 
glyco-proteins as confirmed by SDS PAGE, western blot and zymogram analysis of 
glycosylated and de-glycosylated (via PNGase F) samples of purified protein. The 
apparent molecular weight of Xyn1 was 55.1 – 85.9 kDa. These become 48.1 kDa 
once the sample was de-glycosylated. The apparent molecular weight of Xyn12 was 
47.2, 43.9, 52.8 – 71.4 with high molecular weight isoforms at 118 and above 200 
kDa. Once the sample underwent the de-glycosylation protocol, the molecular 
weight was found to be 49.3 – 54.5 kDa, confirming the higher molecular weight 
bandings to occur due to the protein’s glyco side-chains. 
4.1.1. Physiochemical characterisation of the R. emersonii 
GH10 Xylanases  
Both xylanases displayed pH optima of pH 4. Xyn12 showed broad pH optima with 
65+% relative activity occurring across the pH ranges of pH 2.6 – 7.4. The pH 
optima values themselves are not unexpected; a xylanase from Bispora sp. MEY-1 
which displays 56% identity with Xyn1 was optimally active at pH 4.5 - 5. The pH 
curve for this enzyme is comparable with Xyn12, particularly at the pH optima area 
of the curve, whereby close-to-optimum levels of enzyme activity are observed 
between 2 or more pH values.  However, Xyn1 displays a more acid pH optimum 
value than xylanases from Bispora sp. MEY-1, Malbranchea pulchella, and 
Talaromyces leyceltanus (67 % sequence identity to Xyn1) which have pH optima of 
pH 4.5 – 5, pH 5.8 and pH 4.5, respectively. Xyn12 is more acid-active than many 
published sequences which it displays homology too. MpXyn10A from 
Malbranchea pulchella which displays 69% identity with Xyn12 was optimally 
active at pH 5.8; reAoXyn10 from Aspergillus oryzae which displays 66% homology 
with Xyn12 is optimally active at pH 5.5. XynA which was originally from P. 
chrysosporium expressed in P. pastoris displayed optimal activity at pH 5.0, and 
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quickly lost activity outside of the pH values of pH 4.0 – 6.0.  Other xylanases 
isolated from thermophilic filamentous fungi have been seen to have acidic pH 
values comparable to these xylanases. A GH10 from T. aurianticus displayed optima 
of pH 4-4.5, though other GH10 xylanases from H. insolens, T. langinosus, C. 
thermophile, M. albomyces, Myceliophthora sp., M. flava, C, lucknowenese, 
Sporotrichum thermophile and Remersonia thermphilia have shown pH optima of 
pH 5.0 or above (Biswas et al., 2010; Chadha et al., 2004; Du et al., 2013; Kalogeris 
et al., 2001; Katapodis et al., 2007; McPhillips et al., 2014; Sharma et al., 2010; 
Ustinov et al., 2008; Vafiadi et al., 2010; Wang et al., 2016; Xiong et al., 2004). In 
1994 Tuohy et al., characterised the native xylanase degrading system from the 
thermophilic filamentous fungus Talaromyces emersonii (now R. emersonii). 
Fourteen acidic xylanases were characterised from the culture filtrates of the fungus 
with pH optima in the ranges of 2.7 – 4.7. Ten of these xylanases have pH optima 
between pH 4-4.5. 
The xylanases were thermoactive with displayed temperature optima of 70 °C and 80 
°C for Xyn1 and Xyn12, respectively, indicating potential advantage of the xylanases 
over current commercial enzymes, in the context of application in biofuels, baking, 
brewing, paper and pulp, and animal feed industries. In comparison to published 
sequences, Xyn1 is less thermo-active then xylanases from Bispora sp. MEY-1, 
Malbranchea pulchella, and Talaromyces leyceltanus which display temperature 
optima of 85 °C, 80 °C and 80 °C, respectively (Luo et al., 2009; Ribeiro et al., 2014; 
Wang et al., 2016). High temperature optima are expected of enzymes isolated from 
thermophilic organisms. Other GH10 xylanases from thermophilic and 
thermotolerant fungi have been seen to have optima in the region of 60 - 85 °C 
(Biswas et al., 2010; Chadha et al., 2004; Du et al., 2013; Kalogeris et al., 2001; 
Katapodis et al., 2007; McPhillips et al., 2014; Sharma et al., 2010; Ustinov et al., 
2008; Vafiadi et al., 2010; Wang et al., 2016; Xiong et al., 2004). The ten acidic 
xylanases isolated from T. emersonii displayed temperature optima in region of 73 
°C – 80 °C (Tuohy et al., 1994). Xyn12 is more thermoactive than XynA from P. 
chrysosporium which displayed maximum activity at 70 °C, reAoXyn10 which 
displayed the maximum activity at 60 °C, and Penicillium funiculosum xylanases 
XYNA and XYNB which are active at 30 ºC, and approximately the same 
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thermoactivity as MpXyn10A was overexpressed in Aspergillus nidulans (Furniss et 
al., 2005; Landim et al., 2017; Ribeiro et al., 2014). 
The xylanases were markedly thermostable each displaying 84+% relative activity 
after 48 hours incubation at 65 °C. These enzymes show more thermo-stability than 
other xylanases from filamentous fungi described in literature. Sudan and Bajaj, 
2006, characterised a xylanase from Aspergillus niveus RS2, which displayed 52.9% 
residual activity after 20 min of exposure at 60 °C, but no activity after 60 min at this 
temperature. At 70 °C, the xylanase lost all activity within 30 min. A xylanase from 
Aspergillus foetidus, had a reported residual activity of 71% and 20% after 30 min of 
incubation at 50 °C and 60 °C, respectively, while at 70 °C the enzyme was 
inactivated within 30 min (Shah and Madamwar, 2005). Fialho and Carmona, 2004 
who characterised two xylanases from Aspergillus giganteus and reported that 
xylanase I was more stable with a half-life of 22.5 min as compared to xylanase II, 
which had half-life of 17.5 min at 50 °C. However, both xylanases showed poor 
stability at 60 °C with half-lives of 1.5 min. Similarly, the reported half-lives of two 
xylanases from A. versicolor were 17 min and 1.7 min, at 60 °C (Carmona et al., 
2005). In terms of thermophilic fungal GH10 xylanases, the performance of Xyn1 
and Xyn12 is comparable to the thermostability described in literature. The 
recombinant MpXyn10A from Malbranchea retained 85% activity after 24 h at 65 °C 
(Ribeiro et al., 2014). A GH10 xylanase from T. leycellanus was stable up to 90 °C, 
as well as a xylanase from T. auranticus which maintained stability at 80 °C (Chadha 
et al., 2004; Kalogeris et al., 2001; Wang et al., 2016), and a hyperstable GH10 from 
T. terrestris displayed a half-life of 23.1 days at 65 °C (García-Huante et al., 2017). 
The xylanases displayed highest activity on xylan from beechwood, followed by 
xylan from birchwood then wheat arabinoxylan. No true activity was detected on 
cellulosic substrates thus these enzymes are true xylanases, as opposed to 
bifunctional xylanases/cellulases. This was an important IP feature as many R. 
emersonii xylanases have been patented previously, however none with such low pH 
activity range that display no activity on cellulosic substrates.  
The km and Vmax for Xyn1 and Xyn12 were 0.45 mg/mL and 0.3 mg/mL, and 6173 
µmol/min and 11527 µmol/mg/min, respectively. Low Km and high Vmax is 
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comparable to other GH10 xylanases isolated from thermophilic and thermotolerant 
fungi, such as Xyn A from H. insolens which displayed a Km of 1.6 mg/mL and a 
Vmax of 974.4 U/mg/min, and MFX I from Malbranchea flava which displayed a 
Km of 3.7  mg/mL and a Vmax of 1923 U/mg/min (Du et al., 2013; Sharma et al., 
2010). Other xylanases from thermophilic and thermotolerant fungi display Km in 
the values of 0.1 mg/mL and Vmax values in the range of 5.26 – 1666 U/mg/min 
(Chadha et al., 2004; Kalogeris et al., 2001; McPhillips et al., 2014; Ustinov et al., 
2008; Vafiadi et al., 2010; Xiong et al., 2004). 
4.1.2. CBM Engineering of two R. emersonii GH10 Xylanases  
The role of the CBM on the C’terminus of Xyn12 was investigated whereby the 
Xyn12 was truncated yielding only the GH10 catalytic domain, termed Xyn12ncbm. 
The linker and CBM domains were appended to the C’terminus of Xyn1, termed 
Xyn1cbm. This was achieved through multiple rounds of PCR. The CBM was found 
to have no true role on the pH and temperature optima of the xylanases; however, the 
pH activity range of Xyn12ncbm was narrower than that of Xyn12 indicating that the 
CBM plays a role in pH robustness. The xylanases with a CBM were more 
thermostable than their counterparts without a CBM. Hence the CBM is thought to 
play a role in thermostability. Enhanced thermostability of GH10 enzymes due to 
CBM addition has been hypothesised to be due to the interacting nature of the CBMs 
(Meng et al., 2015). The linker regions of GH10 xylanases are typically flexible, this 
allows the hydrophobic CBM to interact with the α/β barrel fold of the GH10 region, 
increasing its hydrophobicity and thereby stabilising it. Many xylanases encode non-
catalytic domains at their N- and C-termini. Most of them participate in binding to 
the enzyme’s substrate to accelerate catalytic efficiency. Many CBMs are reported to 
result in higher heat stability for their associated enzyme and, thus, can be called 
thermo-stabilising domains (TSDs). Examples of this include that the heat-active 
TmX10B is a modular enzyme comprising two CBM22 and two CBM9. These were 
found at the N- and C-terminus, respectively (Zverlov et al., 1996). Similarly, the 
CBM22 at the N-terminus of a highly heat-active xylanase from T. neapolitana was 
thought to contribute to its displayed thermostability (Leskinen et al., 2005). The 
heat-active xylanase from Caldibacillus cellulovorans contains a xylan-binding 
domain that plays a role in thermostability (Sunna et al., 2000), and the xylanase C 
of Clostridium thermocellum has an CBM22 that was found to be involved in protein 
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thermostability. The CBM22 at the N-terminal end of the Clostridium stercorarium 
xylanase B was found to protect the enzyme from heat-induced unfolding (Pell et al., 
2004). From modelled protein structures, the flexible linker region of GH10 is 
thought to allow the CBM to interact with, and re-enforce, the hydrophobic region of 
the catalytic GH10 domain. Thus, it may be the flexible linker associated with GH10 
xylanases (and presumably, similarly shaped GH domains, such as GH30), rather 
than the type of CBM that allows the increased thermostability (Meng et al., 2015). 
Miao et al., 2018, found that the removal of CBM1 domain without removing the 
linker region from a GH10 xylanase from A. fumigatus has a slight negative effect on 
its thermostability. However, the further cleavage of linker region significantly 
decreased its stability at high temperature. In addition, they observed that the 
hydrolase domains between two Xyn10A proteins naturally formed a dimer 
structure, which became more thermostable after removing the CBM1 or/and linker 
region. 
Thus, this research invites further study to understand enzymatic robustness and 
thermostability of fungal GH10 enzymes at the molecular level, potentially including 
engineering of the linker region or substitute of CBM types, as well as studies on the 
performance of engineered GH10 xylanases in conjunction with each other. 
4.1.3. Potential role of the R. emersonii GH10 Xylanases in 
Nature 
The exact reason the R. emersonii genome encodes two similar GH10 xylanases, one 
with a CBM and one without, remains unknown. It’s generally accepted that 
enzymes displaying multigenecity play a synergistic role in the breakdown of 
complex substrates. It’s possible that the true role of the CBM will become evident 
by observing the performance of the xylanases on complex substrates such as 
lignocellulose. The CBM plays a role in locating the substrate, thus, in the case of a 
complicated substrate; Xyn12 may be better able to locate the insoluble xylan 
backbone. Xyn1 then, may play a role in hydrolysing the soluble 
xylooligosaccharides. Further-to-this, the CBM1 domain has been reported capable 
of disrupting the crystalline cellulosic backbone thus facilitates its enzymatic 
hydrolysis by cellulases. Indeed, in 2015 Hiroyuki Inoue et al., concluded that the 
presence of a CBM1 on their GH10 from T. cellulolyticus resulted in an 
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enhancement of lignocellulosic xylan hydrolysis by binding to cellulose, and the 
efficient removal of insoluble xylan from the lignocellulose substrate. 
Mounds of compost/lignocellulose are known to heat, for example, spontaneous 
combustion in hay bales. In phase 1 of mushroom compost production, the substrate 
reaches temperatures of up to 80 °C. This rise in temperature occurs slowly, across a 
periods of 11-13 days. Xyn1 has been observed to become heat-denatured at this 
temperature, losing 20 % relative activity in comparison with its optima of 70 °C 
during an assay of 15 mins; however 80 °C is the optima of Xyn12. The CBM was 
correlated with thermostability in both Xyn12 and Xyn1cbm at temperatures of 65 
°C. It’s possible that the CBM protects the Xyn12 enzyme, at least while it’s not 
substrate-bound, from heat denaturation as the substrate heats over time. Thus, this 
study invites further research to investigate the performance of these xylanases on 
complex substrates, such as lignocellulose. 
4.1.4. Preliminary Industrial Testing of R. emersonii GH10 
Xylanase; Xyn1 
All four enzymes had desirable traits for potential industrial application; in particular 
the extended activity at high temperature optima is suited to a number of industrial 
processes. Xyn1 was considered to be the most commercially relevant enzyme as it 
was the only enzyme which had Freedom to Operate (FTO), i.e. No existing patent 
for this enzyme. An investigation into the market opportunities for GH10 xylanase 
identified the best application of the GH10 xylanase is food for human consumption, 
specifically wheat starch processing, brewing, distilling and baking, and animal 
nutrition. Thus, wheat bran and wheat whole meal flour were used as substrates. 
Additionally, given the results of the characterisation and particularly the substrate 
specificity where Xyn displayed activity against xylan from beechwood and xylan 
from birchwood, it was determined that Xyn1 was suited to hydrolysis of hardwood 
lignocellulose substrates. Thus, sawdust was included as substrate for industrial 
application testing of the xylanase. 
The Xyn1 appeared to be most active on wheat bran, releasing 16 µmol of reducing 
sugars after 48 h of incubation at 50 ºC, but it also showed notable activity on 
Sawdust, releasing 4 µmol of reducing sugars from this substrate. Typically, in a 
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lignocellulose hydrolysis reaction, owing to the complexity of the lignocellulose 
substrate, the xylanases would be included with a cocktail of lignocellulose-
degrading enzymes. Given that this was a single-enzyme reaction, this result is quite 
commercially promising; however, an industrial hydrolysis reaction on complex 
substrates such as sawdust would require a cocktail of enzymes to achieve full 
hydrolysis. Xyn1 reduced the viscosity of WE-SAX by 79.3 % on average in 
comparison to the control samples. This result is comparable to results obtained by 
(Christophersen et al., 1997) who tested commercial mono-component xylanase 
from A. aculeatus (i.e. Novozyme 867), mono-component xylanase from T 
lanuginosus (Enzyme B), and commercial hemicellulase cocktail for wheat 
separation (Enzyme D) for reduced viscosity of the same substrate. In wheat-starch 
processing, the xylanase is used as the sole enzyme(s) in dough mixing. The 
reduction in viscosity of the mixture is hugely desired for this application. Thus, the 
reduction in viscosity of 79.3 % after 15 mins in non-optimised conditions is a 
promising preliminary result. 
Xyn1 was able to produce short-chain xylooligosaccharides from whole meal wheat-
flour. Xyn1 produced 0.95 mg/mL xylobiose, 2.73 mg/mL xylotriose and 3.01 
mg/mL xylotetraose after 30 mins at 45 °C, which was comparable to the quantities 
of short-chain xylooligosaccharides produced by the commercial enzyme, which 
produced 0.98 mg/mL xylobiose, 2.91 mg/mL xylotriose and 3.05 mg/mL 
xylotetraose. Both Xyn1 and the commercial enzyme are endo-xylanases, which 
would account for the low levels of xylose produced in comparison to the quantities 
of short-chain xylooligosaccharides produced by the enzymes. Previously, the 
production of xylotriose was shown to give the fastest rate of Bifidobacterium 
growth, (friendly gut bacteria) followed by xylobiose and then larger 
xylooligosaccharides. Xylose had little or no effect. Of all short-chain 
xylooligosaccharides Zhu et al., 2015 found that the most active components were 
xylotriose and xylobiose and the best bifidogenic factor was xylobiose. Thus the 
high production of xylobiose, xylotriose and xylotetraose in comparison to the levels 
of xylose produced indicates suitability of Xyn1 in the commercial production of 
these short-chain xylooligosaccharides in animal nutrition. Additionally, Xyn1 has 
displayed high thermostability and high temperature optima. In the production of 
animal feed, there is a step termed “pelleting”, where the feed reaches 80°C or above 
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for a period of time. Traditionally, enzymes such as xylanases have been sprayed 
onto the feed after the pelleting process. This increases overall production costs by 
increasing the amount of production water used and increasing the risk of 
contamination of the feed. The addition of a thermostable xylanase, capable of 
retaining some activity after pelleting, prior to the pelleting process would therefore 
reduce animal feed production costs. Overall, the displayed thermostability of Xyn1, 
its high temperature optima, along with its ability to produce short-chain 
xylooligosaccharides from cheap substrates such as wheat-flour, indicate suitability 
of this enzyme to the animal feed nutrition industry. 
4.2. R. emersonii GH18 Chitinases  
Three GH18 chitinases originating from R. emersonii were isolated and expressed in 
P. pastoris. The enzymes were effectively secreted into the expression media with 
activity crude activity levels of 393.17, 2323.97 and 83.84 µmol/mL on chitobiose 
substrates after 48 hours of methanol induction. The chitinases were purified to 
apparently homogeny employing a one-step IMAC purification protocol. The 
expressed proteins were glyco-proteins as confirmed by SDS PAGE, western blot 
and zymogram analysis of glycosylated and de-glycosylated (via PNGase F) samples 
of purified protein. The apparent molecular weight of Chit1 was 35.8-72.2 kDa. This 
became two bands of 30.8 and 29.0 kDa once the sample was de-glycosylated. The 
apparent molecular weight of Chit2 was 50.4. Once the sample underwent the de-
glycosylation protocol, the molecular weight was found to be 48.2 kDa. The 
apparent molecular weight of Chit3 was 56.3 – 125.1 kDa. This became bands of 
46.0 and 48.4 kDa once the sample was de-glycosylated.  
4.2.1. Physiochemical characterisation of three R. emersonii 
GH18 Chitinases 
The chitinases can be considered thermoactive as they display temp optima of 55 °C, 
55 °C and 50 °C. Previous research has shown that most fungal chitinases display 
temperature optimum within 40 – 50 °C, with activity range display across the 
temperatures of 30 – 70 °C (Karthik et al., 2014). Thermophilic fungi such as 
Thermomyces languginosus, Gliocladium catenulatum, Rhzopus oryzae have been 
shown to produce chitinase enzymes that exhibit high temperature optima at 55 – 60 
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°C (Chen et al., 2013; Gui-Zhen Ma, 2012; Guo et al., 2008; Prasad and Palanivelu, 
2012). Thus, the temperature profiles of Chit1, Chit2 and Chit3 is in line with 
temperature optima displayed by thermophilic filamental fungal sourced chitinases.   
All chitinases displayed acidic pH optima, with Chit1, Chit2 and Chit3 displaying 
optima of pH 3.5, pH 4.5 and pH 2.5, respectively. Chit3, in particular has a pH 
optima more acidic than any fungal chitinase which has previously been described in 
literature to date. Any molecular-structural explanation of the displayed acidic pH 
optima would be purely speculative at this stage. However, this feature of the 
enzyme would be desirable in a chitin-to-chitosan conversation reaction.  Of the 
characterised fungal chitinases to date, most display optimal pH ranges and pH 
stability within the ranges of pH 4 to pH 8 (Karthik et al., 2014). However there are 
some exceptions; a chitinase isolated from Aspergillus fumigatus displayed a broad 
range of pH stability in range of pH 2 to pH 10, and a chitinase isolated from 
Penicillium janthinellum showed pH stability in the acidic ranges of pH 2 to pH 4.5 
(Di Giambattista et al., 2001). Notably, a chitinase from Trichoderma viride 
displayed low pH optima of 3.5, but quickly lost activity below pH 3, and a chitinase 
from Anaeromyces mucronatus displayed a pH activity range as low as pH 2.5 but 
optimum pH activity occurred at pH 6.5 (Karthik et al., 2014; Ihrmark et al., 2010). 
None, however, show such acidic pH range and optima as Chit1 and Chit3. Acid-
activity is a desirable quality in chitinases intended for several industrial uses. 
Industrial hydrolysis reactions typically involve an initial acid pre-treatment to 
loosen the intricate structure of the substrate. Acid activity therefore allows the 
enzymes to be added immediately after the pre-treatment without the pH needing to 
be adjusted. Theoretically, acidic pH activity would allow the enzymes to be 
immediately into the pre-treatment step. Either would reduce the costs of industrial 
hydrolysis thereby adding to the feasibility of the overall process. 
Chit1 is the most thermos-stable enzyme 78.6 % relative activity remaining after 48 
h incubation at 50 °C. Chit3 is less thermostable with 28.9 % relative activity 
remaining after 48 h incubation at 50°C. Chit2 was the least thermostable enzyme of 
the three chitinases, with 14 % relative activity remaining after 48 h incubation, and 
visible protein precipitation in the sample at this time. However, given the extended 
incubation, and that the three chitinases had over 50 % relative activity remaining 
after 24 h incubation, these enzymes can be classed as thermostable. This would be 
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expected given these enzymes originate from a thermophilic fungus and the results 
are in-line with previous research describing chitinases from thermophilic fungi such 
as Gliocladium catenulatum, Rhzopus oryzae, Thermomyces lanuginosus and strains 
of Trichoderma exhibit thermostability up to 50 °C (Chen et al., 2013; Gui-Zhen Ma, 
2012; Guo et al., 2008; Prasad and Palanivelu, 2012) 
All of the chitinases display endo and exo activity. Chit1 and Chit2 are 
predominantly endo-chitinases. They display 100% relative activity against 4-
Nitrophenyl b-D-N,N,N-triacetylchitotriose, Chit1 displays 24% relative activity as a 
chitobiosidase, and Chit2 displays 28% relative activity as a chitobiosidase. Neither 
Chit1 nor Chit2 displays any N-acetyl-glucosaminidase activity. Chit2 is the most 
active of the chitinases; this is possibly due to the presence of a CBM in this enzyme 
which has been shown to allow chitinase enzymes to bind to chitinase substrates 
with high binding affinity (Seidl, 2008). Chit3 is predominately an exo-chitinase, 
with preference shown to 4-nitrophenyl N,N-diacetyl-b-D-chitobioside. It has 25% 
relative activity as an endo-chitinase. Of the three chitinases it is the only chitinase to 
display N-acetyl-glucosaminidase activity, but this is minimal with 1% relative 
activity shown. The exo-chitinase activity of this enzyme is likely due to the 
presence of the chitin insertion domain, which it correlated with exo-chitinase 
activity. It plays a role in deepening the substrate binding cleft of the enzyme by 
forming a wall alongside the TIM barrel. As a result, chitinases with both TIM 
domain and CID can bind long-chain substrates (Li and Greene, 2010). It is thought 
that exo-chitinases hydrolyse oligosaccharide dimers or chitobiose from the chitin 
backbone by “sliding” the substrate through the substrate-binding cleft (Horn et al., 
2006). Chitinases possessing the deep substrate binding cleft, such as Serratia 
marcescens ChiA and ChiB, are classified as exochitinases (Horn et al. 2006), while 
subfamily B chitinases, such as S. marcescens ChiC, have a shallow substrate 
binding cleft as they lack the CID, and have endochitinase activity (Li and Greene, 
2010; Suzuki et al., 2002).  
4.2.2. Potential Role in Nature of the individual R. emersonii 
GH18 chitinases 
Most chitinolytic fungi have been shown to produce different types of chitinases. 
Trichoderma species have been well characterised in terms of chitinase production 
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and have been seen to produce several types of individual chitinase with activities 
including N-acetyl-glucosamidases, chitobiosidases and endo-chitinases. This is true 
of the entomopathogenic fungus Metarhizium anisoplae which produces at least six 
different chitinases. Two exo-chitinases and two endo-chitinases were described in 
in the secretome of Stachybotrys elegans. Multiple chitinases from the same fungal 
source are thought to play a synergistic role in chitin degradation and so the 
demonstrated differences in the activity profile of Chit1, Chit2 and Chit3 is likely 
highlighting the synergistic role of individual chitinases the secretome of the R. 
emersonii, which has already been shown to be capable of complete chitin hydrolysis 
(Hendy et al., 1990). Though, the phylogenic analysis of the chitinase genes found 
that the chitinases were spread across the cladogram, rather than in clusters together, 
which may indicate that the chitinase are involved in different roles within the R. 
emersonii fungus, and their production is signalled through different pathways i.e. 
one sequence could be produced in response to competition in the native fungus’ 
environment, the other could be produced for cell wall re-modelling. Additionally, 
chitinases play a role in chitin hydrolysis for nutritional up-take. Chitin is a large 
molecule and cannot be absorbed through the cell was of the R. emersonii fungus. 
Thus, to allow uptake, chitin must be broken down into monomers and 
chitooligosaccharides.  
When speculating to the native role of the chitinases in the R. emersonii enzymatic 
system, it’s unlikely that the enzyme play a role in cell wall remodelling, as the 
presence of the native signal sequence will destine the enzymes to an extracellular 
application (and the fungal chitin layer faces the intracellular area of the cell). Given 
the pH and temperature optima of Chit1 and Chit2, as well as the presence of the 
signal sequence, Chit1 and Chit2 likely play roles either in defence against 
competitive fungi in the environment of the R. emersonii cells, or in chitin 
breakdown for nutritional uptake.  In hypothesizing the native role of the acidic 
chitinase, Chit3, it’s possible this enzyme plays a role in chitin degradation for cell 
uptake. The R. emersonii genome encodes at least one chitin deacetylase, which is 
also a secretory enzyme. As the chitin deacetylase carries out the deacetylation 
reaction, this would release the acetyl groups into the surrounding environment, 
causing the environment surrounding the chitin to become acidic. With a pH optima 
of pH 2.8, Chit3 would likely remain active in the acidic environment immediately 
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surrounding the chitin/chitosan, catalysing the hydrolytic cleavage of the 
chitin/chitosan backbone, likely yielding chitobiose, an oligosaccharide small 
enough to be absorbed by the R. emersonii cell. 
4.2.3. Preliminary Industrial testing of three R. emersonii 
GH18 Chitinases 
Preliminary industrial testing of the chitinases was carried out on shrimp chitin, to 
reflect current commercial chitin processing, as well as substrates from the waste 
streams of mushroom processing, namely fungal chitin, fungal-glucan polymer and 
dried mushroom powder. In all cases, the enzymes released the highest amounts of 
N-acetyl-glucosaminide from the fungal chitin substrate, followed by chitin from 
shrimp. Increased activity against these substrates is not unexpected. The glucan, 
which is intrinsically linked to the chitin in the fungal chitin-glucan polymer, will 
restrict the accessibility of the chitin backbone to the chitinases thereby reducing 
their efficacy in releasing N-acetyl-glucosaminide. Similarly, the dried mushroom 
powder contains both glucan and protein which will have the same restricting effect.  
The increased activity towards fungal chitin over shrimp chitin is also not 
unexpected. Shrimp chitin is composed of α-chitin. The α-chitin crystal is the most 
stable of the three allomorphs of chitin. Fungal chitin is comprised of γ-chitin. 
Although γ-chitin is also highly stable and non-reactive, the packing tightness and 
numbers of inter-chain hydrogen bonds are reduced in comparison to α-chitin, 
resulting in an increased number of hydrogen bonds with water (Merzendorfer and 
Zimoch, 2003). In addition, non-crystalline, transient states of chitin exist in fungi 
(Martínez et al., 2014). All of which make fungal chitin more susceptible to 
enzymatic degradation. 
In all cases, the commercial chitinase was the most effective in degrading the 
chitinous substrates under assay conditions, releasing the highest levels of N-acetyl-
glucosaminide from the chitinous substrates, yielding 1.27 mg/mL, 1.39 mg/mL, 
0.92 mg/mL and 1.29 mg/mL from shrimp chitin, fungal chitin, fungal chitin-glucan 
polymer and dried mushroom powder, respectively. Chit1 displayed efficacy in 
degrading the chitinous substrates under assay conditions. Of the R. emersonii-
derived enzymes, it released the highest levels of N-acetyl-glucosaminidase from the 
chitinous substrates, yielding 1.10 mg/mL, 1.25 mg/mL, 0.80 mg/mL and 1.00 
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mg/mL from shrimp chitin, fungal chitin, fungal chitin-glucan polymer and dried 
mushroom powder, respectively. Chit3 displayed efficacy in degrading the pure 
chitinous substrates, i.e. shrimp chitin and fungal chitin under assay conditions, 
yielding 0.55 mg/mL and 1.06 mg/mL N-acetyl-glucosaminide from shrimp chitin 
and fungal chitin, respectively. The enzyme displayed no activity on the more 
complex substrates of fungal chitin-glucan polymer and dried mushroom powder. Of 
the three R. emersonii-derived chitinases, Chit2 yielded the lowest levels of N-
acetyl-glucosaminide from the chitinous substrates, yielding 0.12 mg/mL, 0.31 
mg/mL, 0.60 mg/mL and 0.63 mg/mL from shrimp chitin, fungal chitin, fungal 
chitin-glucan polymer and dried mushroom powder, respectively, despite Chit2 
previously displaying the highest specific activity of the chitinases. However, it has 
been demonstrated that Chit2 displays a shorter half-life than the other chitinases, 
and it’s possible that this accounts for the lower activity displayed. Notably, Chit2 is 
the only chitinase with a ChitBM thus this could cause the enzyme to become 
sterically hindered when acting on complex chitinous substrates. Alternatively, the 
ChitBM may remain bound to the complex polymer for some time after the catalytic 
cleavage of the chitin backbone has occurred, thus slowing the rate of reaction 
(Vaaje-Kolstad et al., 2005).  
The chromatograms yielding from the preliminary industrial testing of the chitinases 
show that Chit1, Chit2 and Chit3 predominately produced peaks of N-acetyl-
glucosaminide, N,N-diacetyl-chitobiose, and N,N,N-triacetyl-chitotriose,   whereas 
the commercial chitinase yielded more peaks over longer retention times peaks 
which were likely larger chitooligosaccharides. This suggests that either the former 
three enzymes can act processively on complex substrates, or that the chitin 
backbones were inaccessible to the individual chitinases. As the substrate specificity 
testing revealed a preference for endo-chitinase activity in both the Chit1 and Chit2 
enzymes, it’s likely that the second hypothesis is true. Indeed, SDS-PAGE analysis 
of the commercial sample revealed the presence of at least 7 protein bands, thus it’s 
possible this sample contains more than one chitin-degrading enzyme. The synergy 
of multiple chitin-degrading enzymes would explain the increased ability of the 
commercial chitinase in accessing the backbone of the complex substrates.  
Of the three chitinases, Chit1 is apparently the most industrially promising enzyme 
with potential application in shrimp chitin bioprocessing and valorisation of waste 
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mushroom stalk streams. This is demonstrated by its activity against shrimp chitin 
and fungal chitin, where it released 0.11 mg and 0.13 mg of N-acetyl-glucosaminide 
per unit of enzyme activity, from each substrate, respectively. The next most active 
enzyme was Chit3 with 0.02 mg and 0.04 mg N-acetyl-glucosaminide released. 
The increased activity on the fungal chitin substrate indicates suitability of the 
enzymes in valorisation of the mushroom stalk waste stream of industrial mushroom 
production. In terms of industrial application, obtaining chitosan from chitin is 
generally more desirable as chitosan is more lucrative than chitin. Chitin de-
acetylates are responsible for this reaction, but would require assistance from other 
enzymes in other to access the backbone, such as chitin-active LPMOs and 
chitinases. As chitin-deacetylates convert chitin to chitosan, they release acetyl group 
into the buffer media, thereby creating a more acidic environment. Thus, chitinases 
which are active at acidic pH values are important for the low-cost industrial 
conversion of chitin to chitooligosaccharides. The range of pH optima indicates that 
these enzymes are potentially suitable for a range of applications, including 
industrial enzymatic chitin-to-chitosan conversion. Typically, hydrolysis reactions 
occur at pH 4 – 4.5, where Chit 2 would be most active. As the chitin deacetylase 
converts the chitin to chitosan, an acetyl group would be released as a by-product of 
the reaction. This would lower the pH value of the reaction where Chit 1 and then 
Chit3 would reach their optimum activities. 
This research invites further investigation into pre-treatment of the chitin substrates. 
The fungal chitin itself will likely still contain some protein and glucan which is 
intrinsically linked to the chitin in the fungal cell wall. This will reduce the 
accessibility of the chitin backbone to the chitinase enzymes causing some 
hindrance. Thus, further work in this area invites investigations into fungal chitin 
extraction, as well as pre-treatment investigations of both the fungal chitin and 
shrimp chitin substrates, in order to improve the accessibility of the chitin backbone 
to the chitinase enzymes, as well as studies on the performance of the chitinases in 
hydrolysing complex substrates in conjunction with each other or added to 
commercial enzyme preparations.  
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